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ABSTRACT 
 
In order to transition to a renewable carbon society, economically and environmentally 
sustainable technologies are needed to displace our dependence on petroleum. Carboxylic acids 
are a diverse class of biological metabolites that can be converted to renewable fuels and 
chemicals to offset our consumption of petroleum. However, significant challenges occur when 
integrating catalysis with biological processes, which include: (1) biological conversion produces 
carboxylic acids at relatively dilute levels (<20 wt%) in broth that can contain residual 
impurities, creating separation and downstream process challenges, (2) microbial acids can 
contain unique chemical moieties (e.g., polyunsaturated bonds, hydroxyl groups, ester linkages) 
compared to aliphatic petroleum, requiring tailored catalytic upgrading strategies to produce 
fuels and chemicals, and (3) carboxylic acid valorization can occur through a multitude of unit 
process schemes, necessitating early-stage techno-economic analysis to identify key bottlenecks 
for further development. To address these challenges, this thesis investigates integrated catalysis 
for upgrading microbial derived acids to renewable fuels and value-added chemicals.  
To target both renewable fuels and value-added chemicals from microbial acids, the 
following research objectives were pursued: (1) hydrothermal catalysis was investigated for 
deoxygenating monocarboxylic acids to diesel-grade hydrocarbons with in situ hydrogen 
production from renewable organic donors, (2) separation and catalysis was examined for 
recovering and cis,cis-muconic acid from culture broth and converting it to adipic acid, the latter 
compound being a high-value polymer precursor for nylon-6,6 production, and (3) key economic 
drivers and technical targets were identified for the downstream processing of muconic acid to 
adipic acid using preliminary techno-economic analysis.  
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Initially, hydrothermal catalysis was investigated for converting long chain saturated and 
unsaturated carboxylic acids to hydrocarbon fuels using a Pt-Re catalyst supported on activated 
carbon (AC). The addition of Re as a secondary metal was shown to enhance the rate of 
carboxylic acid deoxygenation and modify the chemisorption behavior of Pt, suggesting alloy 
formation. Decarboxylation/decarbonylation of the carboxylate group was observed as the 
primary reaction pathway, and characterization of the Pt-Re/AC catalyst by x-ray photoelectron 
spectroscopy determined that hydrogen in the headspace resulted in a reduced oxidation state of 
the metals after exposure to hydrothermal conditions. Lastly, the addition of glycerol as an in situ 
hydrogen donor proved effective at meeting process hydrogen demands through aqueous phase 
reforming reactions. 
The application of the Pt-Re/AC catalyst system was then evaluated using a complex 
monocarboxylic acid feedstock derived biologically from lignin. The microorganism 
Pseudomonas putida KT2440 was initially used to biologically “funnel” lignin derived 
monomers to intracellular medium chain length polyhydroxyalkanoates (mcl-PHAs). Shake flask 
studies demonstrated that P. putida produces mcl-PHAs from both mixed model compounds and 
complex lignin derived monomers derived from corn stover. Extraction and characterization of 
lignin derived mcl-PHAs showed similar physicochemical properties compared to mcl-PHAs 
produced from clean glucose, and thermal depolymerization readily converted mcl-PHAs to 
alkenoic acid monomers. Subsequent catalytic processing of alkenoic acids in hydrothermal 
media with Pt-Re/AC produced linear hydrocarbons, similar to the model compound fatty acid 
study, demonstrating the integrated biological and catalytic conversion of lignin to hydrocarbon 
fuel.  
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In order to target value-added chemicals from microbial acids, the downstream separation 
and catalytic upgrading of cis,cis-muconic was evaluated for the production of adipic acid, the 
latter molecule being a high-value polymer precursor for nylon-6,6 production. Expanding on 
previous work, a metabolically engineered strain of P. putida KT2440 was used to produce 
muconic acid extracellularly from both model and lignin derived monomers. Following fed-batch 
biological conversion of p-coumaric acid, activated carbon purification was shown to effectively 
remove broth non-target upstream metabolites, color compounds, and unconverted substrate. 
Muconic acid was then recovered from culture broth by pH/temperature shift crystallization in 
high purity (>97%) and yield. Catalyst batch screening studies of commercial Pd, Pt, Ru 
identified Pd as a highly active metal for muconic acid hydrogenation, although leaching was 
observed.  
As a follow-up, the downstream separation and catalysis of muconic acid was further 
examined to improve the separation purity, evaluate catalyst stability, and demonstrate bio-adipic 
acid polymerization to nylon-6,6. Following crystallization, dissolution of muconic acid crystals 
in ethanol with membrane filtration removed insoluble inorganic salts, producing muconic acid 
at 99.8% purity. In house catalysts were synthesized on both carbon and silica supports and 
tested in batch hydrogenation screening reactions. Pd and Rh were identified as highly active on 
both carbon and silica supports when compared to Ru and Pt, although Pd leached significantly, 
with a greater extent on silica. To further evaluate the stability of Rh/AC, continuous trickle bed 
hydrogenation demonstrated steady state partial conversion for 48 h, followed by complete 
conversion until 96 h, with a return to partial steady state conversion for 120 h of time on stream. 
Characterization of the post reaction Rh/AC catalyst showed a modest increase in support 
surface area and pore volume, moderate loss in active metal surface area, and minor increase in 
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metal crystallite size. Bio-adipic acid derived catalytically from muconic acid was then 
polymerized to nylon-6,6, and  characterization of the polymer confirmed properties comparable 
to nylon produced from adipic acid of petrochemical origin.  
Lastly, preliminary techno-economic analysis was conducted to evaluate key economic 
drivers and technical targets for the downstream processing of muconic acid to adipic acid. An 
nth-generation downstream plant was modeled to produce 75 million kg of adipic acid per year. 
For the base-case process model, the following technical parameters were employed: cell free 
culture broth containing 50 g/L muconate and 2 g/L of non-target aromatic compounds was 
purified continuously with activated carbon. Muconic acid was then recovered by 
pH/temperature shift crystallization, dissolved in ethanol, and filtered to provide a condensed 
phase for catalytic processing. Muconic acid in ethanol was catalytically converted to adipic acid 
over a packed bed reactor containing 2%Rh/AC, and a second train of evaporative crystallization 
with rotary filtration and drying recovered adipic acid as the final product. The largest capital 
costs for the base case model were activated carbon regeneration kilns and the packed bed 
hydrogenation reactor. Variable operating costs were comparable throughout, excluding the cost 
of incoming muconate broth which was the largest variable expense by far. Economic analysis of 
the base case model determined a minimum selling price of bio-based adipic acid of $1.90/kg, 
within the 5-year historical range ($1.75-2.50/kg) for petroleum derived adipic acid. Lastly, 
single point sensitivity analysis determined that the broth ratio of muconate to non-target 
aromatic compounds was a major non-linear cost driver, as well as the required reactor 
throughput for the 2%Rh/AC catalyst.  
Overall, this thesis demonstrated that integrated catalysis can convert both model and 
complex microbial acids derived from lignocellulosic feedstocks to renewable fuels and value-
   vi 
 
 
added chemicals. Upstream biological funneling is uniquely suited to address the heterogeneity 
of complex biomass monomer streams, while tailored separation schemes have potential to 
produce carboxylate feedstocks of suitable purity for value-added chemical production. The 
unique functional moieties of microbial acids will require tuned reaction conditions and catalytic 
formulations depending when targeting renewable fuels and chemicals, while the challenges of 
substrate acidity, residual impurities, and potentially harsh reactions conditions will require 
robust catalyst development.   
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CHAPTER 1 
INTRODUCTION 
1.1 Motivation 
The need for sustainable carbon-based fuels and chemicals is increasingly evident with 
the growing population, energy demand, and associated environmental impact. Over 90 million 
barrels of petroleum are consumed daily, resulting in 57% of global greenhouse gas (GHG) 
emissions from fossil fuel use.1 Likewise, catalytic processing of petroleum to chemicals and 
materials results in ~10% of the global energy demand and ~7% of global GHG emissions.2 The 
conversion of lignocellulosic feedstocks offers a potential source of renewable carbon for 
offsetting our current petrochemical consumption, without competing for agricultural resources 
used for food production.3–5 Significant technological strides have been made within recent 
decades to advance a lignocellulose biorefinery scheme, where incoming biomass is “refined” to 
produce renewable fuels, and more recently renewable chemicals.6 Recent analysis has shown 
that as light-duty vehicles transition to electric and hybrid drivetrains, heavy-duty vehicle fuel 
consumption (e.g., diesel- and aviation-grade hydrocarbon fuels) is expected to grow.7,8 As such, 
renewable hydrocarbon fuels are being targeted within a biorefinery.9 Furthermore, the co-
production of value-added chemicals can potentially offset the economic costs associated with 
renewable hydrocarbon production, providing a two-fold path for biomass valorization.9 
Therefore, this research examines the integrated catalytic upgrading of microbial derived 
carboxylic acids to target both hydrocarbon fuels and chemicals within the context of a 
biorefinery. 
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1.2 Background  
Conventional technology pathways for valorizing biomass typically apply an “either-or” 
approach via biological or chemo-catalytic routes. For example, biological fermentation of 
cellulosic sugars to ethanol has been developed at the pilot scale, and more recently commercial 
scale.10,11 In accord, academic research is pursuing novel engineered metabolic pathways to 
biologically produce fuels, such as bisobolene12 and farnesol,13 from sugars. Biological 
processing provides unique advantages since microorganisms have evolved highly efficient 
enzymatic pathways to convert heterogeneous lignocellulosic monomers to metabolites.14,15 
However, in many scenarios the high oxygen content and unique functionality of these 
biologically derived molecules limits their direct replacement of conventional petroleum derived 
products.12,16,17 Conversely, chemo-catalytic processing can directly convert biomass to fuels 
through routes such as catalytic fast pyrolysis and bio-syngas reforming.11 In parallel, academic 
researchers are pursing the direct catalytic conversion of sugars to hydrocarbon fuels and 
platform chemicals, such as γ-valerolactone.18 Chemo-catalytic processing is advantageous due 
to the high throughput and targeted selectivity when starting with simple substrate molecules. 
However, the heterogeneity of biomass, high water content, and numerous poisons present 
significant challenges to catalysis. To overcome the limitations of single approach, we propose a 
hybrid biological and chemo-catalytic strategy that uses microorganisms to funnel diverse 
biomass monomers to target metabolites, and subsequently upgrade these metabolites 
catalytically to renewable fuels and chemicals with high throughput and selectivity.  
Microorganisms produce and utilize carboxylic acids throughout central metabolism to 
generate and store energy, as shown in Figure 1.1. This includes (1) multiple intermediates 
along the citric acid cycle for energy production, such as succinic acid, (2) triglycerides and 
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polyhydroxyalkanoates for energy storage,19,20 and (3) more novel acids, such as muconic acid, 
that are generated through the β-ketoadipate pathway when metabolizing aromatic molecules.21,22 
These acids can be produced with native and engineered microorganisms, generating a wide 
array of potential products for downstream catalytic upgrading. Energy storage acids, such as 
medium and long chain monocarboxylic acids, contain highly reduced aliphatic chains that can 
serve as precursors to renewable hydrocarbon fuels. In addition, highly oxygenated dicarboxylic 
acids are promising precursors for renewable polymers, since their dual terminal functionality 
allows for facile polymerization reactions.23 Despite the potential of microbial acids, the aqueous 
environment of microbial conversion presents unique downstream processing challenges due to 
cost associated with separation, incompatibility of water with conventional petrochemical 
catalytic processes, and the elevated-boiling point of highly oxygenated bio-molecules.24,25 
Subcritical hydrothermal media (250-374°C, 5-20 MPa) is a promising solvent for bio-based 
chemical reactions since it is compatible with high-moisture feedstocks. Heating water under 
saturation conditions avoids the significant latent heat of vaporization associated with drying, 
resulting in potential energy savings.26,27 In hydrothermal media, polymerized lipids rapidly 
hydrolyze to form free fatty acids,28,29 and in the case of acylglycerides, glycerol is liberated for 
further use as a potential renewable in situ hydrogen donor. Deoxygenation of the carboxylic 
group converts monocarboxylic acids to linear hydrocarbon, providing an ideal fuel replacement. 
Once fatty acids are deoxygenated, a self-separating hydrocarbon organic phase forms at ambient 
conditions, facilitating downstream separations. Despite the potential of hydrothermal catalysis, 
work on lipid deoxygenation has been limited to the conversion of saturated fatty acids with 
monometallic catalysts under inert atmospheres. Although saturated fatty acids rapidly 
deoxygenate under an inert atmosphere, unsaturated fatty acids are only hydrogenated to their 
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saturated counterpart, with no significant deoxygenation.30,31 Significant work remains to 
determine the use of hydrogen to facilitate unsaturated fatty acid reduction and influence the 
reaction pathway and kinetics, as well as the potential for utilizing renewable hydrogen donors, 
such as glycerol, to support process hydrogen demand. 
Bimetallic catalysts enhance multiple classes of reactions, but to our knowledge the impact 
on fatty acid deoxygenation with in situ hydrogen production has not been explored. Previous 
efforts to convert glycerol to hydrogen by aqueous phase reforming have demonstrated that 
enhanced production can be achieved by adding Re to Pt.32,33 It has been proposed that the 
secondary metal addition produces an alloy with reduced affinity for CO, as supported by CO 
chemisorption.34,35 CO is known to adsorb strongly to bare Pt surfaces, and its reduced affinity 
facilitates rapid turnover during the water gas shift (WGS) reaction to produce carbon dioxide 
and hydrogen. In a similar vain, past efforts by our group utilized the oxophilic character of Re 
to enhance the catalytic performance of Pd for perchlorate reduction for water treatment 
applications.36 Re’s preferential coordination with oxygenated moieties was proposed to be the 
key step,37 although its ability to coordinate carboxylic acid functional groups for deoxygenation 
is unknown. In addition, the effect of hydrothermal water on the stability of bimetallic catalyst 
materials has been poorly studied. Previous reports using alumina and silica supports in 
hydrothermal media have shown dramatic reductions in surface area, lending preference to 
carbon-based supports.38 Hydrothermal media can also greatly influence the oxidation state of 
metal catalysts,39 which dramatically alters their performance. Control over the oxidation state of 
catalytic materials is key to promoting optimum turn over frequencies (TOFs),36 since the 
interaction of active sites and chemical reactants can be dictated by the electronics of the upper 
few nanometers of metal crystallites.  
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 In contrast to targeting hydrocarbon fuels from monocarboxylic acids, dicarboxylic acids 
possess dual terminal functionality for producing renewable polymers, with muconic acid being 
an ideal candidate. Dicarboxylic acids have received significant attention in recent years as 
renewable platform chemicals, since they are readily derived from glucose via the citric acid 
cycle (Figure 1.1). Our group has recently identified muconic acid as a promising dicarboxylic 
acid that can be produced biologically from lignin monomers, as shown in Figure 1.2. Within a 
biorefinery scheme, lignin is typically relegated to direct heat and on site power generation.40,41 
Recent techno-economic and life cycle analysis at NREL has determined that significant 
economic and GHG savings can result if lignin is diverted to value-added chemicals.9 In 
particular, muconic acid can be readily hydrogenated to adipic acid, with the latter being the 
most commercially abundant dicarboxylic acid.42 Adipic acid has a global market size of over 3 
million tons per year and a value of $1700 USD per ton,9 significantly greater than diesel fuel 
($1080 USD per ton)1 and ethanol ($610 USD per ton).1 Conventional adipic acid production 
relies on the nitric acid oxidation of petroleum-derived cyclohexane, resulting in 5-8% of global 
N2O emissions, a potent GHG.43 By producing adipic acid renewably from lignin via muconic 
acid, significant environmental benefits result due to petrochemical product displacement. In 
addition, adipic acid can serve as a platform molecule for other renewable chemicals, including 
caprolactone, cylcopentanone, and hexanediol (Figure 1.3), with applications as polymer 
building blocks, solvents, and fuel precursors.44–47  
Previous efforts to produce muconic acid have been limited to model glucose feedstocks, 
with cursory emphasis on downstream separations and catalysis. The use of glucose as a carbon 
source allows for facile downstream separation strategies, such as crystallization, that assume a 
high solubility of the initial carbon substrate (e.g., glucose) and non-target metabolites (e.g., 
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acetic acid, formic acid) compared to the target product.48 In the case of utilizing lignin-derived 
monomers as a carbon substrate (e.g., coumaric acid, caffeic acid, vanillic acid) for muconic acid 
production, the aromatic ring and carboxylic side chains results in solubilities highly sensitive to 
pH,48 similar to the target product. As such, adsorptive separation using activated carbon is a 
promising approach for removing non-target aromatic metabolites unique to lignin valorization. 
Activated carbon is commonly used to remove color and protein compounds from fermentation 
broth,49 and has a long history in environmental remediation applications for removing aromatic 
acids from aqueous streams.50,51 However, to our knowledge the purification and crystallization 
of muconic acid derived from lignin has yet to be examined in the peer-reviewed literature.  
Following recovery of muconic acid from the culture media, catalytic hydrogenation is 
required to produce renewable adipic acid. Downstream catalytic processing is greatly influenced 
by the presence of non-target constituents and catalyst poisons,52 necessitating detailed 
characterization of the incoming feed stream; to date, catalytic hydrogenation of muconic acid 
has been limited to glucose derived feedstocks and demonstration reactions to complete 
conversion.53,54 The impact of fermentation impurities on the final product quality was not 
addressed, and catalytic activity parameters were not evaluated. Further development is required 
advance downstream muconic acid processing, including catalyst activity screening, analysis of 
surface reaction controlled kinetics, influence of reaction conditions, and stability with time on 
stream.  
In order for biomass valorization technologies to have a significant positive impact on 
society, the pathways must be environmentally sustainable and economically competitive with 
conventional processes. Techno-economic analysis has been used extensively for understanding 
the influence of key cost drivers within an integrated biorefinery scheme and estimating the final 
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product price.55,56 For hybrid bio-catalytic processing, major cost drivers include feedstock 
utilization, biological conversion yields and titers, separations, catalytic upgrading, and capital 
equipment costs.7,9 Biorefinery unit processes can be modeled using engineering plant design 
software, such as Aspen Plus, to account for the behavior and interaction of unit process 
“blocks” (e.g., biological conversion, separation, catalytic upgrading), including their mass and 
energy flows. Process flow balances are then used to determine the necessary equipment sizing, 
capital and operating costs, as well as the product minimum selling price (MSP).57 The behavior 
of each unit process can be varied within anticipated performance bands to determine the 
sensitivity response of the MSP to a given parameter. This approach provides a powerful tool for 
identifying research areas for further cost reduction. With regards to muconic acid downstream 
processing, technical targets can be set for broth composition, feed stream purity requirements, 
continuous catalytic hydrogenation conditions, and catalysis stability requirements to improve 
the economic prospects for renewable adipic acid production.  
 
1.3 Research Objectives 
Our research goal is to advance the integrated catalytic upgrading of biologically derived 
carboxylic acids to renewable fuels and value-added chemicals. A research plan is designed to 
(1) evaluate aqueous phase deoxygenation of monocarboxylic acids to diesel-grade 
hydrocarbons, (2) assess the downstream separation and catalytic upgrading of muconic acid to 
adipic acid over noble metal hydrogenation catalysts, and (3) determine the economic viability of 
muconic acid production through techno-economic modeling with coupled catalytic 
experimentation. With this goal in mind, we propose the following research objectives and 
hypotheses: 
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Objective 1: Evaluate aqueous-phase catalysis for deoxygenating monocarboxylic acids 
to diesel-grade hydrocarbons, with in situ hydrogen production from renewable donors. 
Aqueous phase catalytic processing can potentially eliminate costly separation steps associated 
with recovering carboxylic acids from fermentation broth. Previous work has highlighted the 
challenge of unsaturated fatty acid decarboxylation,30,31 while parallel efforts have highlighted 
the potential for aqueous phase reforming of renewable hydrogen donors in situ.33 We 
hypothesize that hydrogen addition, either with conventional or renewable donors, can facilitate 
tandem fatty acid hydrogenation and deoxygenation in hydrothermal media. Further, we propose 
that the addition of Re as a secondary promoter can facilitate increased reactivity and reduced 
affinity for CO, a key water-gas-shift (WGS) intermediate.32 To highlight the potential 
application with multiple classes of biologically-derived acids, this approach will be tested with 
both model and complex lipid feedstocks. We anticipate that highly active bimetallic catalysts 
can be identified for aqueous phase deoxygenation of monocarboxylic acids that simultaneously 
promote in situ hydrogen production. 
 
Objective 2: Assess the integrated downstream processing of muconic acid to adipic acid 
via separation of non-target metabolites, hydrogenation catalyst screening, and continuous time 
on stream testing. Muconic acid is a polyunsaturated dicarboxylic acid that can be produced 
biologically from sugars53,54  and potentially lignin monomers.15 Subsequently, muconic acid can 
be catalytically hydrogenated to adipic acid,53,54 a nylon precursor. However, little is information 
is known regarding the separation challenges when utilizing carbon substrates derived from 
lignin for muconic acid bioconversion, and their influence on downstream catalysis, product 
yield, and final purity. We hypothesize that facile adsorption with activated carbon can remove 
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non-target aromatic metabolites present in culture broth. We expect to identify separation 
strategies to recover muconic acid in high purity and yield, while gaining insight into the 
catalytic materials that are active and stable for continuous muconic acid hydrogenation. 
 
Objective 3: Determine the economic viability for the downstream processing of 
muconic acid using preliminary techno-economic analysis.  In order to be successful, renewable 
fuels and chemicals must be economically competitive with conventional petroleum-derived 
products.55 Due to the multitude of unit process operations (e.g., biomass pretreatment, 
separations, biological conversion, catalytic processing) and their potential configurations within 
a biorefinery, preliminary techno-economic analysis can provide key insight regarding how plant 
design impacts the final unit price of fuel and chemical products, as well as process performance 
parameters (e.g., recovery yield, utility demand, product selectivity). We hypothesize that the 
downstream separation and catalysis of muconic acid derived from lignocellulosic biomass can 
economically compete with adipic acid produced from petroleum. To test this hypothesis, 
preliminary techno-economic analysis will be performed based on separation and unit process 
operations examined at the bench-scale. Major capital and operating expense will be identified, 
and single-point sensitivity analysis will assess the impact of unit process design parameters on 
the minimum selling price of adipic acid. We anticipate that key cost drivers will be identified to 
shape the future research objectives and accelerate commercial viability. 
 
1.4 Thesis Outline 
The research objectives were addressed in the following chapters described, with 
personal and joint contributions detailed:  
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• Chapter 2 contains a manuscript published in Green Chemistry, entitled “Hydrothermal 
catalytic processing of saturated and unsaturated fatty acids to hydrocarbon with glycerol 
for in production” with co-authors B.K. Sharma, J. Haramillo, D. Kim, J.K. Choe, P.N. 
Cisielski, and T.J. Strathmann. This work addresses research objective 1, evaluating 
hydrothermal media for renewable hydrocarbon production and the influence of 
hydrogen, bimetallic catalysts and their stability, and the use of glycerol as a renewable 
hydrogen donor.  
 
• Chapter 3 contains a manuscript published in Proceedings of the National Academy of 
Sciences with co-lead authors J.G. Linger, M.T. Guarnieri, and E.M Karp, as well as co-
authors G.B. Hunsinger, M.A. Franden, C.W. Johnson, G. Chupka, T.J. Strathmann, P.T. 
Pienkos, and G.T. Beckham. This work addresses the overall goal of examining 
integrated biological and catalytic processes with complex lignocellulosic feedstocks, as 
well as research objective 1 for catalytic hydrothermal processing. This chapter was a 
collaborative effort with the National Renewable Energy Laboratory (NREL), with an 
individual contribution that included (a) joint authoring of the manuscript, (b) integrated 
figure development, (c) extraction and characterization of intracellular polymer 
composition, molecular weight distribution, and thermal and physicochemical 
characteristics, (d) experimental design to verify uptake of 13C-labled substrates by GC-
IRMS, (e) polymer thermal depolymerization and product characterization, and (f) 
hydrothermal catalytic deoxygenation of alkenoic acids to hydrocarbons.  
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• Chapter 4 contains a manuscript published in Energy & Environmental Science with co-
lead authors M.A. Franden, C.W. Johnson, and E.M Karp, as well as co-authors M.T. 
Guarnieri, J.G. Linger, M.J. Salm, T.J. Strathmann, and G.T. Beckham. This work 
addresses research objective 2 by evaluating the downstream separation and catalysis of 
muconic acid for polymer precursor production. This chapter was also a collaborative 
effort with NREL, with an individual contribution that included (a) joint authoring of the 
manuscript, (b) integrated figure development, (c) purification and separation of muconic 
acid from biological culture media, (d) catalyst synthesis and characterization, and (e) 
catalyst activity screening and rate evaluation.  
 
• Chapter 5 contains a manuscript in preparation entitled “cis,cis-Muconic acid: 
Downstream separation and catalysis to bio-adipic acid for nylon-6,6 polymerization”, 
with co-authors N. Rorrer, M.J. Menart, D. Salvachua, P.N. Ciesielski, J.R. Dorgan, G.T. 
G.T. Beckham, and T.J. Strathmann. This work further expands on research objective 2 
by evaluating additional purification steps to meet polymer precursor specifications, 
examining the activity and stability of catalysts on multiple supports, testing promising 
catalysts continuously in a flow reactor, and demonstrating the polymerization of bio-
adipic acid to nylon-6,6.  
 
• Chapter 6 contains a manuscript in preparation entitled “Preliminary techno-economic 
analysis for the downstream processing of bio-based muconic acid to adipic acid”, with 
co-authors T.J. Strathmann, G.T. Beckham, and M.J. Biddy. This work addresses 
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research objective 3 by evaluating key unit process cost drivers and technical targets for 
the downstream processing of muconic acid to adipic acid.  
 
• Chapter 7 contains a final summary of the work conducted in this thesis, as well as 
implications for future research directions.  
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1.6 Figures  
 
 
 
Figure 1.1 Biological production of carboxylic acids via native and engineered metabolic 
pathways. Key target acids are shown for renewable fuels and chemicals. 
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Figure 1.2 Renewable fuels and chemicals from lignocellulosic biomass through integrated 
biological-catalytic processing. Example scheme for valorizing biomass to fuel and polymer 
precursors. 
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Figure 1.3 Downstream catalytic processing routes for upgrading muconic acid to renewable 
fuels and chemicals. 
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CHAPTER 2 
HYDROTHERMAL CATALYTIC PROCESSING OF SATURATED AND 
UNSATURATED FATTY ACIDS TO HYDROCARBONS WITH GLYCEROL FOR IN 
SITU HYDROGEN PRODUCTION1 
 
2.1 Abstract  
Lipids are a promising feedstock to produce renewable hydrocarbon fuels and H2 via 
catalytic hydrothermal processing. Upon exposure to hydrothermal media (e.g., 300°C, 8-11 
MPa), lipids rapidly hydrolyze to produce saturated and unsaturated free fatty acids in varying 
ratios, depending on the feedstock, as well as glycerol. This report demonstrates the potential of 
Pt-Re/C for the hydrothermal conversion of saturated and unsaturated fatty acids to 
hydrocarbons, using glycerol reforming for in situ H2 production to meet process demands. 
Experiments showed that deoxygenation of stearic acid, a model saturated fatty acid, was 
significantly enhanced with Pt-Re/C under a reducing atmosphere compared to Pt/C. The 
coupled hydrogenation and deoxygenation (HYD-DOX) of oleic aid, a model unsaturated fatty 
acid, was also moderately enhanced under an inert atmosphere using glycerol for in situ H2 
production, with DOX as the rate-limiting step. Characterization of Pt-Re/C showed that Re had 
a significant effect on CO:H uptake ratio (2.2) compared to commercial Pt/C (1.3), with the 
metals dispersed as small crystallites (~3-4 nm) throughout carbon support. Experiments 
revealed that the initial system H2 headspace loading <3.45 MPa greatly enhances fatty acid 
DOX kinetics via decarboxylation/decarbonylation without net H2 consumption. At higher initial 
H2 loadings (≥3.45 MPa), fatty acid reduction was also observed as a minor DOX pathway. 
                                                
1 A modified version of Chapter 2 was published in Green Chemistry, 2014, 16, 1507-1520. (D.R. Vardon lead 
author with co-authors B.K. Sharma, J. Haramillo, D. Kim, J.K. Choe, P.N. Ciesielski, and T.J. Strathmann). 
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Experiments also showed that oleic acid HYD-DOX and glycerol reforming are affected by 
initial glycerol concentration and catalyst loading. Under optimized process conditions, complete 
HYD-DOX of oleic acid to heptadecane was achieved within 2 h with a net-zero H2 consumption 
using a 1:3 glycerol-to-fatty acid ratio (i.e., the native ratio in triacylglycerides). X-ray 
photoelectron spectroscopy showed that H2 in the reactor headspace results in lower oxidation 
states of Pt and Re, suggesting a possible mechanism for enhanced DOX kinetics. This approach 
holds promise for overcoming the high external H2 demands of conventional lipid 
hydrotreatment processes. 
 
2.2 Introduction 
With the effect of global climate change increasingly evident, there is a pressing need to 
transition to renewable fuels and petrochemical substitutes. Green diesel (e.g., renewable diesel-
grade hydrocarbons) produced from lipid feedstocks is a potential alternative for partially 
displacing the 46 billion gallons per year of petroleum diesel consumed in the United States.1 
Green diesel has several advantages over conventional fatty acid methyl esters (i.e., biodiesel), 
including their direct compatibility with existing refinery operations, full integration into the 
transportation infrastructure, and improved fuel performance properties.2 Commercialization of 
green diesel by catalytic hydrodeoxygenation (HDO) has been pursued by Neste Oil’s NExBTL 
and UOP/Eni’s Ecofining processes. However, the high moisture content of many lipid-rich 
feedstocks (e.g., microalgae, waste grease) can be problematic for downstream processing 
operations, requiring energetic and costly pretreatment and separation steps. In addition, the 
HDO process has high H2 process demands because oxygenated lipid functional groups are 
primarily removed by catalytic reduction.3,4 For example, the Ecofining process requires 1.5-3.8 
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wt.% H2 of the incoming feed stream for vegetable oil upgrading.2 The large H2 demand 
necessitates colocation with hydrogen production facilities and negatively impacts the process 
sustainability since H2 is primarily derived from fossil fuels.3,4 As a result, alternative lipid 
processing routes are being explored for green diesel production. 
Catalytic hydrothermal processing is a promising method for producing renewable 
hydrocarbons from lipids by utilizing water as the reaction medium.5–8 Under subcritical 
conditions (200-374°C, 5-20 MPa), water becomes a unique reaction medium with a reduced 
dielectric constant, providing lipid solubility similar to non-polar solvents.9 The interphase mass 
transfer and water self-disassociation constant increase, creating a highly reactive processing 
environment.9 Additionally, water as a solvent is well suited for high-moisture waste lipid 
feedstocks such as fish and animal fat processing residues,10  sewage sludge,11 and algal 
biomass.12 Algae are a particularly promising feedstock due to their high lipid productivity rates 
compared to terrestrial biomass, potential integration with wastewater treatment, and ability to 
use non-arable land for cultivation.12–14 
Triacylglycerides (TAGs), the predominant component of neutral lipids, rapidly hydrolyze 
in hydrothermal media to produce saturated and unsaturated free fatty acids (FFAs) (e.g., lauric, 
palmitic, palmitoleic, stearic, oleic, linoleic) in varying ratios, depending on the feedstock, as 
well as glycerol. Recent work has shown that saturated fatty acids (e.g., lauric, palmitic, stearic) 
rapidly undergo catalytic deoxygenation (DOX) to produce linear hydrocarbons and CO2 via 
decarboxylation/decarbonylation without external H2 addition over Pt/C and Pd/C catalysts, with 
Pt/C displaying significantly greater DOX activity.5,6 In contrast, oleic acid (mono-unsaturated 
C18 fatty acid) does not readily undergo DOX under the same conditions. Instead, only partial 
hydrogenation (HYD) is observed, with stearic acid (saturated C18 fatty acid) being the primary 
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reaction product.5,6 Complete conversion of unsaturated fatty acids to renewable hydrocarbons is 
not achieved, suggesting that olefin HYD (a H2-consuming reaction) is necessary prior to DOX 
with noble metals on activated carbon. 
In addition, other studies have examined hydrothermal catalytic reforming of glycerol, a by-
product of TAG hydrolysis, to generate H2, commonly referred to as aqueous phase reforming 
(APR).15–20 Typically, glycerol is assumed to be derived as a by-product from biodiesel 
production. However, utilization of glycerol APR for in situ H2 production may facilitate 
unsaturated fatty acid HYD, allowing for subsequent fatty acid DOX (HYD-DOX). Furthermore, 
the addition of Re to Pt/C has been shown to enhance glycerol APR by reducing the affinity for 
CO, 18,21 which may allow for improved turnover frequency. Increased CO turnover frequency 
may also potentially enhance fatty acid DOX via decarbonylation, since CO is a reaction by-
product; 22,23 however, to our knowledge the use of Pt-Re/C for the conversion of saturated and 
unsaturated fatty acids to hydrocarbons with integrated glycerol APR for in situ H2 production 
has not been investigated.  
This study examines the use of Pt-Re/C for the hydrothermal deoxygenation of stearic acid, 
a model saturated fatty acid, as well as the coupled hydrogenation and deoxygenation (HYD-
DOX) of oleic acid, a model unsaturated fatty acid, with in situ H2 production from glycerol.  
Experiments were conducted to (i) evaluate the material properties of Pt-Re/C and its stability in 
hydrothermal media, (ii) determine the use of Re as a promoter metal to enhance saturated fatty 
acid DOX and generate H2 in situ from glycerol to facilitate complete HYD-DOX of unsaturated 
fatty acids, (iii) investigate the influence of initial H2 gas addition on fatty acid HYD-DOX 
kinetics, reaction pathways, catalyst oxidation state, and net H2 consumption, and (iv) explore 
the impact of glycerol and catalyst loading on product yields. Results support a proposed 
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reaction scheme for one-pot hydrothermal catalytic conversion of TAGs to liquid hydrocarbon 
fuels, involving hydrolysis and catalytic reforming, hydrogenation, and deoxygenation reactions. 
 
2.3 Results and Discussion 
2.3.1 Catalyst characterization 
Commercial Pt/C and as prepared Pt-Re/C catalysts were initially characterized to 
determine their material properties. The metal loading of commercial Pt/C as received was 5 
wt.% nominal. Pt-Re/C was prepared by aqueous deposition of Re onto commercial Pt/C, 
followed by in situ reduction. This method produced a catalyst with a Pt loading of 5.2 wt.% 
and a Re loading of 4.2 wt.% (Pt-Re molar ratio of 1.2), as measured by ICP.  
Multipoint N2-physisoprtion provided additional information regarding the catalyst 
support properties, as shown in Table 2.1. BET analysis determined that commercial Pt/C 
had a support surface area of 1075 m2/g, while BJH desorption analysis determined that the 
pore volume was 0.715 cm3/g, with an average pore diameter of 10.23 Å. The addition of Re 
to commercial Pt/C reduced the support surface area to 750 m2/g and the pore volume to 
0.607 cm3/g, while the average pore diameter remained fairly constant 10.06 Å. The 
reduction in surface area and pore volume is not atypical for high secondary metal loadings, 
which may result in pore blockage.24  Recent work by our group to prepare Ru-Sn/C from 
commercial Ru/C by incipient wetness with SnCl2 also resulted in a decrease in surface area 
by 268 m2/g, without in situ reduction; however, for Pt-Re/C, the influence of hydrothermal 
in situ reduction may also be a factor.  
CO and H2 pulse chemisorption was then performed to evaluate catalyst metal site 
properties, as shown in Table 2.1. The measured value of irreversible CO uptake for 
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commercial Pt/C was 130 µmol/g, slightly greater than the value for H uptake (112 µmol/g). 
This resulted in a calculated metal dispersion of 51% for Pt/C, based on CO uptake and an 
assumed CO:M ratio of unity. The addition of Re moderately lowered the measured CO 
uptake by 13% (112 µmol/g), with a calculated metal dispersion of 42% based on Pt 
loading. This suggests an increase in particle size, similar to findings from XRD and SEM-
EDS described below, or Re coverage of Pt sites during secondary metal loading. In contrast 
to CO uptake, the H uptake with Pt-Re/C was markedly reduced by 49% (52 µmol/g) 
compared to commercial Pt/C. The reduction of H uptake by nearly two-fold (CO:H uptake 
ratio of 2.2) is similar to previous findings by Simonetti et al. (CO:H uptake ratio of 2.3),25 
which confirms the significant influence of Re addition and suggests Pt-Re alloy 
formation.26  
XRD analysis of unloaded activated carbon, commercial Pt/C, and Pt-Re/C as 
prepared was provided additional information regarding long-range order and average metal 
crystallite size, as shown in Figure 2.1. Distinct peaks were observed on the bare carbon 
support, while the lack of sharp, pronounced peaks with Pt/C and Pt-Re/C suggests that the 
metals were highly dispersed as small crystallites. In comparison to Pt/C, Pt-Re/C displayed 
a broad XRD peak near 40° (2θ value), with a bulk metal crystallite size of ~3.4 nm 
estimated by the Scherer equation.  
Transmission electron microscopy (TEM) of Pt-Re/C revealed disperse metal 
crystallites <5 nm in diameter (Figure 2.3A), consistent with crystallite size estimates from 
XRD. The distribution of Pt and Re within individual metal crystallites was also evaluated 
using scanning transmission electron microscopy coupled to energy dispersive X-ray 
spectroscopy (STEM-EDS), as shown in Figure 2.3B and 2.3C. EDS analysis confirmed 
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that Pt and Re were present throughout the crystallites, but a fixed metallic ratio was not 
observed. Based on these results, it was evident that Pt and Re were well dispersed and 
largely co-localized throughout the support; however, a definitive assessment of the atomic 
scale, bimetallic crystallite composition (e.g., collocated mono-metallics, intermetallic 
alloys, core-shell bimetallics, etc.) could not be concluded from this data.  
 
2.3.2 Catalyst activity  
2.3.2.1 Stearic acid DOX with Pt/C and Pt-Re/C  
The influence of Re on the activity of Pt/C for stearic acid DOX was initially 
investigated, as shown in Rxn. 1, since saturated fatty acids can comprise a significant 
component of lipids.  
 
Experiments were performed with Pt/C and Pt-Re/C using a reducing H2 headspace (<3.447 
MPa /557 mmol H2), as shown in Figure 2.4. The conversion of stearic acid to heptadecane 
at 300°C occurred with high selectively (>90% molar yield) to heptadecane for both Pt and 
Pt-Re/C, with octadecane observed in trace amounts (3-8% molar yield). The high 
selectivity to heptadecane suggests decarboxylation/decarbonylation as the primary DOX 
pathway,3,4  similar to past findings by Fu et al. using Pt/C with an inert N2 headspace.5 The 
main reaction products from fatty acid decarbonylation (Rxn. 2),22,23 terminal alkenes and 
CO, were not detected in significant amounts. However, CO can be rapidly converted to 
CO2 by the WGS reaction, and terminal alkenes can be readily hydrogenated with a H2 
headspace, as shown in Rxn. 3 and Rxn. 4, respectively.  
O
OH +   CO2
Stearic Acid Heptadecane
(1)
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In contrast to hydrothermal media, organic solvents (e.g., dodecane) produce CO as 
the primary C-gas product during fatty acid DOX with a H2 headspace, since the DOX 
pathway sharply shifts from decarboxylation to decarbonylation.22,23 This may be 
problematic due to competitive adsorption of CO on active catalyst sites and the lack of H2 
regeneration by the WGS reaction in organic media.27  
The addition of Re to Pt/C had a significant effect on the apparent stearic acid DOX 
kinetics at 300°C, as shown in Figure 2.4A. The Pt-Re/C pseudo-first order apparent rate 
constant for stearic acid DOX, normalized to catalyst loading (kapp Pt-Re/C DOX = 2.72 ± 0.24 
×10-4 s-1g-1), was nearly 3-fold greater compared to Pt/C (kapp Pt/C DOX = 0.94 ± 0.05 ×10-4 s-
1g-1). Although multi-phase reaction kinetics are significantly more complex than a pseudo-
first order assumption, this simplification allowed for generalized activity comparisons. In 
addition, Pt-Re/C also displayed improved DOX performance at low temperatures (i.e., 
<340°C), as indicated by the heptadecane 3-h molar yields shown in Figure 2.4B.  
Due to the limitations of collecting accurate hydrothermal kinetic data in a large 
batch reactor, detailed kinetic analysis was not addressed. Multiple factors can potentially 
mask intrinsic catalytic activity in batch, including partial deactivation with time on stream, 
inhibition from reaction by-products, and artifacts introduced during the time delay for 
O
OH +   CO
Heptadecene
(2)
CO  +  H2O (3)H2  +  CO2
+   H2
Heptadecene
(4)
Heptadecane
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batch reactor heat-up.28 However, the effect of Re addition on catalyst activity was 
pronounced and in-depth kinetic analysis will be addressed in follow-up work. 
The increased activity with Re addition may be due to a number of factors, including 
enhanced CO turnover for decarbonylation as a DOX pathway, alteration to active site 
morphology, or changes to active site electronic properties. Previous work has shown that 
addition of Re to Pt/C can significantly reduce CO adsorption affinity,18,21 which may allow 
for greater active site turnover and availability for fatty acid DOX and glycerol reforming 
reactions. As a control, the activity of the Re precursor alone was tested for stearic acid 
DOX, with no conversion to heptadecane observed. This suggests that Re may only function 
as promoter metal with Pt, although further investigation into mechanism for stearic acid 
DOX in hydrothermal media is needed.  
 
2.3.2.2 Glycerol for facilitating oleic acid HYD-DOX  
The utilization of glycerol APR for in situ H2 production (Rxn. 5) was then 
examined to facilitate HYD of oleic acid to stearic acid (Rxn. 6), and subsequent fatty acid 
DOX (Rxn. 1). Ideally, in situ H2 production from glycerol would alleviate the need for 
external H2 consumption, which is problematic for conventional lipid hydrotreatment 
processes.3,4   
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Pt/C and Pt-Re/C catalysts were tested with a reactor headspace initially pressurized 
with N2 gas (345 kPa/56 mmol) at a reaction temperature of 300°C, as shown in Table 2.2. 
With Pt/C and no glycerol addition, oleic acid was only partially hydrogenated (31% molar 
yield) to stearic acid, similar to findings by Fu et al.5 Based on the oleic acid loading (71 
mmol), 22 mmol of H2 was required to account for hydrogenation of the single olefin bond 
in oleic acid. It has been suggested that water, the carbon support, or organic reactants may 
serve as potential H2 sources in hydrothermal media.5,6,29 Hydrocarbon products resulting 
from fatty acid DOX were not observed (e.g., heptadecane, octadecane, or lower 
hydrocarbons). Likewise, analysis of the reactor headspace gas following the reaction 
revealed no significant quantities (<1 mmol) of H2 remaining. Therefore, it is presumed that 
the small amount of H2 generated in situ was consumed by HYD of oleic acid.  
In contrast, when glycerol (5 g/54 mmol) was added to the reactor with Pt/C, 
complete HYD of oleic acid was observed and partial DOX of the resulting stearic acid 
occurred (24% molar yield), producing heptadecane with high selectivity (>98%). However, 
heptadecane yields were significantly lower compared to initial experiments with stearic 
acid in a reducing headspace (Figure 2.4), suggesting that the system H2 level greatly 
affects catalyst DOX performance. Residual H2 was also detected in the headspace 
following the conversion (48 mmol), indicating significant in situ H2 production with 
glycerol addition. It is estimated that 119 mmol of H2 was produced in situ if the 
stoichiometric H2 requirement for oleic acid HYD is added to the measured headspace 
residual. 
Similar to findings with a reducing headspace, the use of Pt-Re/C enhanced the 
stearic acid DOX (38% heptadecane molar yield), although the extent of oleic acid HYD 
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was lower (92% molar yield). As with Pt/C, no significant levels of glycerol remained in the 
aqueous phase after 9 h for Pt-Re/C. The residual H2 measured in the headspace (50 mmol) 
and estimated total in situ production (115 mmol; 30% of theoretical maximum APR yield) 
were also to Pt/C. As a control, glycerol APR with Pt-Re/C was tested without oleic acid, 
which produced a comparable level of H2 (142 mmol; 37 % of theoretical), indicating no 
significant inhibition at the time scale investigated. Past work examining Pt-Re/C solely for 
glycerol APR found enhanced H2 productivity (88.7% glycerol conversion, 24.5% H2 
selectivity) compared to Pt/C (5.3% conversion, 56.5% H2 selectivity);18 however, 
significantly lower temperatures were investigated (225°C).  
Analysis of the aqueous phase following the conversion revealed that little residual 
glycerol remained (<1 wt.% of initial loading), suggesting complete decomposition at the 
elevated temperature (300°C) and extended reaction time (9 h). The estimated in situ 
production of H2 represented 31% of the theoretical maximum H2 yield for glycerol APR (7 
H2 per glycerol). Direct comparisons with previous results for glycerol APR are complicated 
due to differing temperature regimes, reactor configurations (batch vs. continuous), active 
metals, and catalyst supports. For example, initial investigations with Pt/Al2O3 for glycerol 
APR at 255°C demonstrated 100% C-conversion to the gas phase with 51% selectivity to 
H2. The lower H2 yield from glycerol observed in this study may be due to undesirable C-O 
bond cleavage pathways that generate H2 consuming side-products and prevent CO 
formation.18 High temperatures have also been shown to decrease H2 selectivity during 
glycerol APR, despite increased conversion.19 Likewise, higher temperatures can impair the 
water gas shift (WGS) reaction,30 lowering H2 yields. However, fatty acid DOX kinetics 
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increase with temperature, following Arrhenius parameters,5 suggesting a tradeoff between 
optimum conditions for glycerol APR and fatty acid DOX.  
Based on these results, Pt-Re/C was then chosen for further study due to enhanced 
acid DOX kinetics compared to Pt/C (Figure 2.4 and Table 2.2), together with past reports 
of enhanced glycerol APR18,20 and reduced affinity for binding CO (Table 2.1).18 As noted, 
CO is produced during fatty acid decarbonylation and APR of glycerol, and is a known 
inhibitor of noble metal catalyst activity.31 
 
2.3.2.3 Pt-Re/C activity with an inert and reducing headspace 
 The reactivity of Pt-Re/C for oleic acid HYD-DOX with in situ H2 production from 
glycerol was further explored using a reactor headspace initially pressurized with either an 
inert gas (345 kPa/56 mmol N2) or reducing gas (2.586 MPa/417 mmol H2) (Figure 5). With 
an initial headspace of N2 (Figure 2.5A), oleic acid HYD occurred to a significant extent 
(91%) after 1.5 h at temperature, followed by a slow progression until completion at 12 h. 
The H2 level in the headspace remained fairly constant throughout the reaction (44 ± 4 
mmol), and no significant quantities of glycerol were detected in the aqueous phase, 
indicating that decomposition was complete during reactor heatup to the setpoint 
temperature. The estimated total in situ production of H2 (measured headspace + estimated 
stoichiometric demand for oleic acid HYD) was 115 mmol, consistent with findings from 
catalyst screening experiments. As the reaction progressed, DOX molar yields increased 
significantly from 7% after 3 h to 38% after 9 h, before leveling off at 41% after 12 h with 
heptadecane as the primary DOX product (>98% selectivity). The addition of glycerol at 
high levels (5 g) appeared to have an inhibitory effect on the rate of stearic acid DOX, 
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therefore pseudo-first order rate constants were not determined. The DOX process 
progressed much slower compared to HYD of oleic acid and the APR process for glycerol, 
suggesting that additional work should target increasing catalytic activity for the former.  
With the initial headspace gas switched to H2 (2.586 MPa/417 mmol), a dramatic 
enhancement was observed in the apparent rate of oleic acid HYD-DOX with glycerol, as 
shown in Figure 2.5B. Analysis of the reaction products after 1 h at temperature revealed 
complete HYD, as well as a small amount of DOX (13%). As the reaction progressed, the 
elevated initial H2 level greatly enhanced fatty acid DOX kinetics, resulting in complete 
conversion within 7 h and high selectivity for heptadecane (>98%).  
Enhancement of oleic acid HYD-DOX with the addition of H2 to the headspace was 
not surprising since oleic acid HYD appears to be a necessary step prior to DOX in 
hydrothermal media with noble metal catalysts on activated carbon.5,6,29 However, it was 
surprising that headspace analysis revealed a surplus of H2 (479 ± 9 mmol) in the reactor 
compared to the initial external loading (417 mmol H2). After accounting for the extent of 
oleic acid HYD and final headspace composition, it was estimated that 133 mmol of H2 was 
produced in situ. Thus, while increased H2 pressure provides a significant kinetic 
enhancement, in situ H2 production from glycerol APR exceeded the H2 consumption 
requirement for oleic acid HYD and yielded a net positive H2 balance for the overall 
catalytic process. It follows that after initial pressurization with H2, no additional external 
inputs of H2 would be required for the catalytic hydrothermal conversion of lipids if H2 can 
be captured and recycled in the process.  
 
2.3.2.4 Influence of initial hydrogen loading  
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 Due to the dramatic influence of H2, the effect of varying initial H2 loading (0-5.171 
MPa/0-833 mmol) was investigated further by examining the 3-h DOX yields and resulting 
headspace gas composition. As the initial H2 reactor loading increased, the 3-h yield of 
DOX products increased from 7% (0 Pa initial H2) to 94% (5.171 MPa initial H2) (Figure 
2.6A). Heptadecane was observed as the only major DOX product at initial H2 loadings 
<3.447 MPa. At higher initial H2 loadings, fatty acid reduction products (e.g., octadecane, 
stearic alcohol) were observed (11.3%), indicating a minor shift towards reduction of the 
carboxylate group as a secondary DOX pathway (Rxn. 7).  
 
The high selectivity for heptadecane observed in hydrothermal media is in contrast to 
observations reported for organic solvent media (e.g., dodecane), where selectivity is highly 
sensitive to H2 loading. In organic solvents, reaction products are observed from all three 
fatty acid DOX pathways (e.g., decarboxylation, decarbonylation, reduction) depending on 
the H2 loading, with a sharp shift towards decarbonylation as the H2 partial pressure is 
increased.23,32,33 
 Headspace analysis also revealed that the net process H2 balance was affected by the 
initial external H2 loading, as shown in Figure 2.6B. At lower initial H2 loadings (<3.447 
MPa/557 mmol), in situ H2 production from glycerol provided a net surplus of system H2 
(net increase of 45 ± 12 mmol) despite the consumption of H2 by oleic acid HYD (estimated 
requirement of 71 mmol H2). However, at high initial loadings of H2 (≥3.447 MPa/557 
mmol), a net reduction in system H2 was observed after 3 h. The net reduction was attributed 
to additional H2 consumption by fatty acid reduction, which consumes 3 moles of H2 to fully 
O
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reduce the carboxylate group. In addition, high H2 pressures can suppress the WGS 
reaction,34 lowering H2 production.  
Based on these results, the system H2 pressure, either provided from external sources 
or produced by in situ APR of glycerol, was determined to be a key parameter influencing 
both fatty acid DOX kinetics and conversion product selectivity. It is also worth noting that 
the shift in DOX pathways at elevated H2 pressure suggests that process H2 levels will be 
self-limiting, since accumulation of H2 pressure will shift conversion towards the H2-
consuming reduction processes, preventing further accumulation.  
 
2.3.2.5 Effect of glycerol and catalyst loading  
 Additional experiments were then performed to determine the effect of varying 
glycerol concentrations (Figure 2.7A) and catalyst loadings (Figure 2.7B) on the 3-h oleic 
acid HYD-DOX molar yields with in situ H2 production using an initial reducing headspace 
(2.586 MPa/417 mmol H2). When no glycerol was added to the reactor, fatty acid HYD was 
complete and the DOX heptadecane molar yield was still significant (45%) due to the initial 
loading of H2 in the system; however, the final measured H2 level (345 mmol) decreased 
proportionally due to oleic acid HYD. With a glycerol loading (2.2 g) native to the TAG 
triolein (1 mol of glycerol for every 3 mol of oleic acid), the DOX molar yield increased 
modestly, resulting in a 3-h molar conversion to heptadecane of 55%. The final headspace 
H2 level (394 mmol) dropped below the initial loading (417 mmol); however, to a lesser 
extent compared to the reaction with no added glycerol (345 mmol). After accounting for H2 
consumption estimated for oleic acid HYD, a total of 48 mmol of H2 was produced in situ. 
Lastly, a glycerol loading of 5 g (54 mmol) resulted in surplus H2 in the system (479 ± 9 
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mmol) compared to the initial loading, with a DOX heptadecane molar yield (55%) 
comparable to the native triolein loading (2.2 g/24 mmol). The estimated in situ H2 yield 
was ~30% of the theoretical maximum yield for glycerol APR. After accounting for oleic 
acid HYD, 133 mmol of H2 was produced in situ.  Further enhancements in glycerol APR 
activity may be needed to facilitate net zero or net positive system H2 levels for lipid 
feedstocks with greater degrees of unsaturation compared to triolein. 
 Figure 2.7B shows the effect of catalyst loading on the 3-h oleic acid HYD-DOX 
molar yields and in situ H2 production from glycerol. As discussed earlier, the standard 
catalyst loading used throughout this study (0.5 g) resulted in complete HYD and partial 
DOX (55%) of oleic acid after 3 h, with a net surplus of H2 in the headspace (478 mmol ± 
51 mmol). At higher catalyst loadings, the increased number of active sites resulted in a 
greater degree of fatty acid conversion, as expected. With 1 g of catalyst, complete HYD-
DOX of oleic acid to heptadecane occurred with high selectivity (>98%). The yield of in 
situ H2 remained the same as that observed with 0.5 g catalyst loading, consistent with the 
observation that glycerol APR has gone to completion for the current sampling time scale. 
When the catalyst loading was increased further to 2 g (1:10 fatty acid to catalyst ratio by 
weight), however, a modest increase was also observed for in situ H2 production (556 
mmol), which resulted in an observed H2 yield of 47% of the theoretical maximum. This 
suggest that the glycerol-to-fatty acid ratio for a given catalyst loading may influence in situ 
H2 yields, although further study is needed.  
 
2.3.2.6 Native triolein loading 
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 As a demonstration, Figure 8 shows a final time series experiment conducted for 
oleic acid using a glycerol loading representative of triolein, a TAG with oleic acid side 
chains (1:3 glycerol-to-oleic acid molar ratio), and an increased catalyst loading (2 g Pt-
Re/C) due to enhanced in situ H2 production from glycerol APR (Figure 7B). Analysis of 
the reaction products revealed that oleic acid HYD to stearic acid was complete within 15 
min at 300°C (time at which first sample was collected), with a significant extent likely 
occurring during heat-up from ambient temperature. Despite H2 consumption from oleic acid 
HYD, the headspace H2 level remained fairly constant near the initial loading (417 mmol), 
suggesting rapid APR of glycerol and improved H2 yields compared to earlier results with 
0.5 g of catalyst. No significant quantities of glycerol were detected in the aqueous phase 
after 15 min at temperature. After 2 h at temperature, fatty acid DOX reached completion, 
significantly faster than the 7 h required with 0.5 g of catalyst despite a higher glycerol 
loading (5 g glycerol; Figure 5B). Analysis of the headspace at 2 h confirmed that the 
overall process was net zero in H2 consumption (421 ± 25 mmol). The stearic acid pseudo-
first order DOX rate constant, normalized to catalyst loading (kapp Pt-Re/C DOX = 2.83 ± 0.38 
×10-4 s-1 g-1) was comparable to previous results obtained with 0.5 g of catalyst under a 
reducing headspace without glycerol (kapp Pt-Re/C DOX = 2.72 ± 0.24 ×10-4 s-1 g-1; Figure 4). 
The rapid apparent DOX kinetics and lower glycerol loading may the mask inhibitory 
effects of glycerol and its degradation products noted previously. These results demonstrate 
an initial proof of concept for the catalytic hydrothermal processing of unsaturated TAGs 
with H2 consumption requirements being met through APR of glycerol, a byproduct of TAG 
hydrolysis. 
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2.3.2.7 Influence of headspace composition on Pt-Re oxidation state 
The influence headspace gas composition on the Pt-Re oxidation state during 
exposure to hydrothermal media was then examined due to the pronounced effect on fatty 
acid DOX kinetics (Figures 5 and 6). X-ray photoelectron spectroscopy (XPS) was used to 
characterize the oxidation states of Pt and Re after exposure to hydrothermal media (300°C, 
3 h) with either an inert headspace (345 kPa/56 mmol N2) or a reducing headspace (2.586 
MPa/417 mmol H2). Individual oxidation states of Pt and Re exhibit characteristic doublet 
pairs due to spin-orbit coupling effects. Metal oxidation states were assessed by comparing 
binding energy (BE) of the 4f7/2 peak against reference standards collected previsouly,35 as 
shown in Figure 9. Following exposure to hydrothermal media with an inert N2 headspace, 
Pt-Re/C was characterized by metals with a high BE and corresponding oxidation state, as 
shown in Figure 9A and 9B, respectively. The Pt-Re surface atomic ratio (1.0) determined 
by XPS was comparable to the bulk ratio measured by ICP (1.2), suggesting a relatively 
uniform surface and bulk metal ratio throughout the metal crystallites, as opposed to a core-
shell orientation. The BE of the 4f7/2 peak for Pt was fit with two peaks (71.7 eV, 73.9 eV), 
indicating a mixed oxidation state based on the range of values previously reported in 
literature for the NIST XPS database (Pt0 = 70.7-71.3 eV; Pt-Re alloy = 71.6-71.8 eV; PtII = 
72.4-74.6 eV;).36 The BE of the 4f7/2 peak for Re was fit with a single peak (45.6 eV), 
consistent with a ReVI-VII oxidation state based on ReVI NIST database values (44.3-46.8 eV) 
and ReVII reference standards previously collected by our group (45.4-46.7 eV),35 despite in 
situ pre-reduction with H2 at 1.379 MPa for 2 h prior switching the headspace gas over to 
N2. This finding agrees with previous work analyzing the oxidation state of Pt-Re/C 
exposed to hydrothermal media at lower temperature (225°C) using in situ XPS.20 
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In contrast to the above, XPS indicated that Pt and Re were in more reduced states 
for following exposure to hydrothermal media with H2 headspace (2.586 MPa/417 mmol), as 
shown in Figure 2.9c and 2.9d. The BE of the 4f7/2 peak for Pt (71.9 eV) was consistent 
with a highly reduced state, whereas the measured BE for Re (41.4 eV) was closest to +I 
reference standard previously collected by our group (41.9 eV).35 Analysis of the Pt-Re 
surface atomic ratio under a reducing atmosphere (1.0) was identical to the inert headspace 
above, suggesting no significant changes in crystallite elemental distribution. To our 
knowledge, this is the first study to examine the effect of H2 on the oxidation state of Pt-
Re/C in hydrothermal media. The lower oxidation states observed with a H2 headspace may 
account for the increased activity of the catalyst for DOX processes that are H2 neutral. 
However, other factors such as coke minimization, saturation of reaction by-products,32 
alteration of carbon support functional groups,29,37 or promotion of decarbonylation as a 
DOX pathway 22,38,39 may also contribute to the enhanced fatty acid DOX kinetics observed 
with H2 reactor headspace. 
It is also worth noting that the standard catalyst pre-reduction step used for all 
reactions in this study (catalyst exposed to 1.379 MPa H2 for 2 h at 200°C prior to flushing 
the headspace and introducing reactants) had a significant effect on the Pt-Re/C fatty acid 
DOX activity, even when the headspace was initially pressurized with H2 (2.586 MPa). 
With catalyst pre-reduction, the 3-h DOX molar yield of heptadecane from oleic acid was 
34 ± 3%, compared to 7% without pre-reduction. This contrasts with past studies that 
reported no enhancement for DOX of saturated fatty acids when Pt/C was pre-reduced (Fu 
et al., 2010). The difference in DOX performance with Pt-Re/C may be due to rapid re-
oxidation of the catalyst after exposure to hydrothermal media with an inert headspace20 or 
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changes in the metal crystallite composition distribution (i.e., alloy formation), as indicated 
by H2 chemisorption results.  
 
2.3.2.8 Pt-Re/C hydrothermal stability 
The stability of Pt-Re/C in hydrothermal media (300°C, 3 h) with a reducing 
headspace (2.586 MPa/417 mmol H2) was then evaluated to determine changes in catalyst 
composition or morphology. ICP analysis of a representative Pt-Re/C catalyst sample after 
hydrothermal exposure showed no significant changes in metal loading. Subsequent analysis 
of the aqueous phase also confirmed that metal leaching was not prominent, although trace 
levels (< 1% of the total metal loading) of Pt and Re initially loaded were observed (Pt = 
0.18 ppm; Re = 4.16 ppm).  
Analysis of the carbon support by multipoint N2 physisorption revealed pronounced 
changes in the surface area, as shown in Table 2.1. Following hydrothermal exposure, the 
support surface area of Pt-Re/C decreased by 11% (675 m2/g), similar to past reports for 
activated carbon noble metal catalysts in hydrothermal media.5,24 Although this decrease is 
not insignificant, the degree of degradation is much lesser compared to oxide supports 
which can degrade by over 90% hydrothermal media.40 The support pore volume also 
decreased by 16% (0.507 cm3/g), while the average pore diameter remained fairly constant 
(10.04 Å). 
CO and H2 chemisorption following hydrothermal exposure also revealed significant 
changes to the exposed metal area, as shown in Table 2.1. Irreversible CO uptake decreased 
by 25% (CO uptake 84 mol/g), resulting in a calculated dispersion of 31.5%. This indicates 
that high temperature hydrothermal exposure likely results in some sintering of the 
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immobilized metal crystallites, consistent with findings by XRD and SEM-EDS as described 
below. In addition, irreversible H uptake decreased by 42% (H uptake 30 mol/g), resulting 
in a CO:H uptake ratio of 2.8. The high CO:H uptake ratio indicates that Re continues to 
influence the chemisorption behavior of Pt, although significant morphological changes 
have occurred compared to as prepared Pt-Re/C.  
XRD analysis of Pt-Re/C after hydrothermal media exposure showed support and 
crystallite peaks similar to the as prepared catalyst (Figure 2.1). Estimation of the metal 
crystallite size by XRD after hydrothermal exposure (3.8 nm compared with 3.4 nm for 
fresh catalyst) also suggested that a small degree of sintering had occurred. SEM-EDS 
elemental mapping of Pt and Re revealed that the majority metallic sites remained co-
dispersed, but single-element crystallites were present to a greater degree, as shown in 
Figure 2.2G-H. These results indicate the need for additional investigation into the 
hydrothermal stability and activity of Pt-Re/C for fatty acid deoxygenation with time on 
stream. Although time on stream testing was beyond the scope of this initial study, 
evaluation of Pt-Re supported on activated carbon pellets for the hydrodeoxygenation of 
phenol in hydrothermal media demonstrated high stability and activity for over 140 h on 
stream in a packed bed flow reactor,24 highlighting the potential of Pt-Re/C for facilitating 
hydrothermal chemistry.  
 
2.3.2.9 Integrated reaction scheme 
Experimental results support an integrated catalytic hydrothermal reaction scheme 
for the conversion of lipids to hydrocarbons, with in situ H2 production from glycerol 
(Figure 2.10). As mentioned, in hydrothermal media triacylglycerides rapidly hydrolyze to 
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produce free fatty acids and glycerol. This process is utilized at commercial scale, 
commonly referred to as fat-splitting.41–43 The utilization of hydrolyzed lipids facilitates the 
use of low-quality lipid feedstocks which are typically high in free fatty acids and 
problematic for conventional biodiesel processing.44 Polar lipids (e.g., phosphatidylcholine) 
are also known to rapidly hydrolyze to produce free fatty acids, glycerol, and P and N 
containing moieties,45 potentially expanding the range of viable lipid feedstocks for 
hydrothermal conversion to hydrocarbons.  
Following hydrolysis, liberated glycerol can undergo catalytic decomposition 
reactions to generate H2 and CO, with CO undergoing the WGS reaction to produce 
additional H2 over the appropriate catalyst (Rxn. 5).30 Collectively, aqueous phase 
reforming can theoretically produce 7 moles of H2 from 1 mole of glycerol.  
As noted, free fatty acids generated from lipid hydrolysis can contain varying ratios 
of saturated, unsaturated, and polyunsaturated fatty acids, depending on the feedstock 
origin. For example, waste grease feedstocks (e.g., yellow grease, brown grease, tallow) 
may contain saturated fatty acids ranging from 39-52% of the total fatty acid profile. Algal 
lipid feedstocks, in contrast, may contain as low as 10% saturated fatty acids,3 and over 30% 
polyunsaturated fatty acids depending on the strain.46 Fatty acid unsaturation can impart a 
H2 consumption demand since HYD to the corresponding saturated fatty acids (Rxn. 6) is 
necessary prior to DOX of the carboxylic acid group (Rxn. 1 and Rxn. 2). The continuous 
H2 demand can potentially be met by APR of glycerol released upon lipid hydrolysis, 
yielding a net neutral or net positive system H2 balance. Lipid feedstocks can also be 
blended prior to processing to maintain an optimal degree of unsaturation during continuous 
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processing. Additional H2 can initially be introduced to accelerate kinetics; however, unlike 
conventional hydrotreatment processes, continuous H2 input may not be required. 
Saturated fatty acids undergo DOX during catalytic hydrothermal processing to produce 
linear hydrocarbons with high selectivity. The DOX pathway may progress via 
decarboxylation (Rxn. 1), or decarbonylation (Rxn. 2) rapidly followed by HYD of the 
terminal alkene (Rxn. 4).  
Although terminal alkene HYD includes consumption of H2, the overall 
decarbonylation process is H2 neutral because the CO produced from the initial 
decarbonylation yields additional H2 via the WGS reaction (Rxn. 3). In contrast to H2-
neutral decarboxylation and decarbonylation pathways, fatty acid reduction pathways 
observed at higher initial H2 loadings (Figure 3a) consume H2. Complete fatty acid 
reduction to the corresponding hydrocarbon consumes 3 moles of H2 (Rxn. 7). 
 
2.4 Conclusion 
In summary, catalytic hydrothermal processing is a promising method for converting 
unsaturated fatty acids into hydrocarbon fuels while using glycerol APR to meet process H2 
consumption needs. To our knowledge, this is the first report demonstrating complete HYD-
DOX of unsaturated fatty acids with net zero H2 consumption using glycerol. Experiments 
revealed that fatty acid DOX was influenced by the addition of Re to Pt/C, system H2 level, 
and glycerol and catalyst loading. Fatty acid decarboxylation/decarbonylation was observed 
as the primary DOX pathway, with reduction being observed as a minor pathway at high 
initial H2 loadings (≥3.447 MPa/557 mmol). Although several mechanisms may account for 
enhanced DOX yields with H2 initially loaded into the system, the effect on catalyst activity 
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and oxidation state was pronounced. Characterization of Pt-Re/C determined that Re had a 
significant effect on CO:H uptake ratio (2.2) compared to commercial Pt/C (1.3), with 
metals dispersed as small crystallites (~ 3-4 nm) throughout carbon support. Optimized 
conditions were applied with a 1:3 glycerol-to-oleic acid molar ratio (i.e., native ratio 
formed upon hydrolysis of the TAG triolein), which resulted in complete DOX within 2 h at 
temperature and net-zero H2 consumption. Catalyst characterization after hydrothermal 
exposure revealed that moderate sintering had occurred, suggesting additional work is 
needed to evaluate Pt-Re/C stability with time on stream. A H2-neutral (or positive) scheme 
for hydrothermal catalytic conversion of TAGs is proposed, involving TAG hydrolysis, 
catalytic reforming of glycerol, and fatty acid hydrogenation and deoxygenation processes 
resulting in saturated hydrocarbon products. Results from this study suggest a promising 
strategy for overcoming some of the major limitations of conventional lipid-to-biofuel 
pathways.  
 
2.5 Methods 
2.5.1. Materials 
Stearic acid (98%) was obtained from TCI Chemicals and oleic acid (90%) was obtained 
from Alfa Aesar. Glycerol (99.5%), activated carbon (Darco 100 mesh), powdered Pt/C (5 wt.%) 
catalyst, and ammonium perrhenate salt (NH4ReO4) were purchased from Sigma-Aldrich. 
Hydrocarbon standards (e.g., pentadecane, hexadecane, heptadecane, octadecane) were obtained 
from Chem Service Inc. Analytical-grade dichloromethane (DCM) and methanol were obtained 
from Fisher Scientific. For a typical experiment, Pt-Re/C (5 wt.% Pt, 5 wt.% Re) was prepared 
via aqueous adsorption of 38 mg of NH4ReO4 onto 0.5 g of Pt/C catalyst suspended in 50 g of 
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deionized (DI) water. The contents were loaded into a Parr 4575 500-mL high 
temperature/pressure reactor. Pt/C and Pt-Re/C catalysts were pre-reduced in situ prior to use by 
purging and venting the reactor with 1.379 MPa of H2 over three cycles, followed by heating to 
200°C with continuous mixing for 2 h at temperature. The reactor was then cooled to ambient 
temperature and maintained under positive pressure with either an inert (N2) or reducing (H2) 
gas.  
 
2.5.2 Catalyst characterization 
Catalyst metal loadings were measured using a Spector Arcos Inductively Couples 
Plasma Atomic Emission Spectrometer (ICP-AES) after digestion in concentrated acid. Support 
surface area, pore volume, and average pore diameter were determined by multipoint N2 
physisorption using a QuandraSorb SI analyzer. Catalyst specific surface area was calculated by 
BET, and pore volume and pore diameter were calculated by BJH desorption. Prior to analysis, 
catalysts were outgassed at 250°C for 18 h. Physisorption measurements were performed at the 
temperature of liquid N2.   
Catalyst metal dispersion and the influence of Re on Pt was determined by CO and H2 
chemisorption using a Micometrics Autochem II 2920 pulse analyzer. Prior to analysis, catalysts 
were degassed at 40°C for 0.2 h under Ar, dried at 100°C, and reduced at 280°C in flowing 10% 
H2/Ar (50 mL/min) for 1 h. Catalysts were then purged at 280°C for 0.5 h with either He (for CO 
chemisorption) or Ar (for H2 chemisorption). Chemisorption measurements were performed at 
45°C and metal dispersion was calculated based on CO uptake with a CO:M ratio of unity.  
Long-range catalyst material order was analyzed by XRD using a Rigaku Ultima IV X-
ray diffractometer. The X-ray voltage was set to 40 kV and 44 ma, with a sampling width of 
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0.02° and scan speed of 5°/min. Metal crystallite size parameters were estimated using the 
Scherer equation with PDXL version 1.6.0.1 (Rigaku Corporation).  
Imaging and elemental of mapping of multiple catalyst particles was performed by SEM-
EDS using a FEI Quanta 400 FEG scanning electron microscope equipped with an EDAX X-ray 
detector. Samples were mounted onto aluminum stubs using a conductive carbon tape to adhere 
the particles to the stub and provide electrical conductivity. Elemental mapping was performed 
using an accelerated voltage of 30 kV. The signal was based on net X-ray intensity using a Z 
absorption florescence (ZAF) correction over a dwell time of 300 ms per pixel.  
High-resolution TEM images of individual catalyst particles were collected using a JEOL 
2010LAB6 TEM instrument. Samples were dispersed in acetone and mounted onto holey carbon 
Cu grids prior to analysis. STEM-EDS elemental mapping of metallic crystallites was also 
performed using a JEOL 2010F field emission TEM instrument, coupled to an Oxford INCA 
EDS detector with a 1-nm probe size.  
 Catalyst surface oxidation states were examined using a Physical Electronics PHI 5400 
X-ray photoelectron spectrometer equipped with a monochromatized Mg Kα source (1253.6 eV). 
The pass energy employed for high resolution Pt and Re XPS spectra was 35.8 eV. Pt-Re/C 
catalysts for XPS analysis were exposed to hydrothermal media (300°C, 3 h) using the Parr 4575 
reactor loaded initially with either an inert (345 kPa/56 mmol N2) or reducing (2.586 MPa/417 
mmol H2) headspace. After exposure, catalysts were sampled in situ using a Parr 4532-D 
collection attachment. The isolation valve on the reactor was briefly released to charge the 
sampling accessory, which was then cooled to ambient pressure using a water-cooling sleeve. To 
prevent air exposure, catalyst samples were dried inside an anoxic glove box and loaded onto 
conductive copper tape located inside an anoxic XPS-sample holder chamber, as described 
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previously.35 High-resolution (i.e., 0.1 eV resolution) XPS spectra were collected from 38.0 eV 
to 58.0 eV for Re and 68.0 eV to 88.0 eV for Pt. Spectra were energy-normalized relative to the 
dominant C 1s peak from the activated carbon support (284.5 eV). Spectra were then normalized 
and fit with a convoluted Gaussian and Lorentzian function after constraining the separation 
distance and peak area ratio of contributing doublet peaks with CasaXPS version 2.3 (Casa 
Software Ltd). 
 
2.5.3. Catalytic hydrothermal processing 
Hydrothermal conversions were conducted in the Parr 4575 reactor. The reactor 
containing pre-reduced catalyst was loaded with the 20 g of oleic acid, and 5 g of glycerol 
dissolved in 30 g of DI (80 g DI total including water from catalyst pre-reduction). The reactor 
vessel was pressurized to 1.379 MPa with the desired headspace gas (N2 or H2) and purged for 
three cycles under constant stirring. The headspace pressure was then increased to the desired 
initial value corrected to 25°C. Reactor temperature was raised to 300°C at a rate of ~10°C/min 
(heat-up time ~1 h) with constant stirring at high speed (>1000 rpm) applied for the desired 
reaction time. Once the reaction time elapsed, the reactor was rapidly cooled to ambient 
temperature by initiating water flow through internal cooling coils. For time series studies, 
independent batch reactions were performed for each time point. Where indicated, triplicate 
reactions were performed independently to determine experimental variability, with error bars 
representing standard deviations.  
 
2.5.4. Reaction product analysis 
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The total reactor contents were collected, fractionated, and analyzed gravimetrically to 
ensure mass balance closure of the aqueous and organic product phases. After confirming mass 
balance closure, the recovered reactor contents were heated while stirring to produce a bi-phase 
system for sampling. The top organic layer containing fatty acids and hydrocarbons was 
sampled, dissolved in DCM (1 wt.% sample), and filtered (0.45 µm PTFE) prior to analysis to 
remove catalyst particles. Dissolved glycerol in the bottom aqueous phase was sampled, 
dissolved in methanol (1 wt.% sample) and filtered (0.45-µm PTFE) prior to analysis. As a 
control, each complete bilayer was also dissolved in excess solvent and analyzed to ensure 
representative results from sampling. 
Fatty acids, alkanes, alcohols, (e.g., stearyl alcohol), glycerol and glycol derivatives (e.g., 
ethylene glycol, propylene glycol) were quantified using a HP 5890 Series II FID gas 
chromatograph outfitted with a Restek Stabilwax-DA column (30m × 0.25 mm id, 0.25 µm 
film). Helium (6 mL/min column flow) was used as the carrier gas with the injector split flow set 
to 60 ml/min. The oven temperature was increased from 40°C to 250°C at 10°C/min. The 
injector volume was set to 1 µL and the inlet temperature set at 250°C. The detector temperature 
was set to 250°C, H2 gas set to 32 ml/min, and airflow set to 400 ml/min. Compound retention 
times and FID-calibration response curves were conducted using fatty acid, glycerol, and alkane 
standards. Reaction products were also confirmed by GC-MS analysis using a Varian 3800 gas 
chromatograph with a Varian 2000 mass spectrometer and Restek RTX-5MS column and by 1H 
NMR using a Varian Unity 400 MHz spectrometer with conditions described previously.47  
Reactor headspace gas samples were collected after the reaction using 0.5-L Restek 
Tedlar sample bags, and analyzed for H2, CH4, CO, and CO2 using a HP 5890 Series II TCD gas 
chromatograph outfitted with a Carboxen-1010 Supelco column. For the carrier gas, N2 (1 
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mL/min) was used to analyze H2, while He was used to analyze carbon-based gases (1 mL/min). 
A split flow of 10 mL/min was used with an inlet temperature of 225°C. An isothermal oven 
temperature profile was used to detect H2 (35°C) and carbon-based gases (125°C). The TCD 
detector was set to 225°C at high sensitivity with a reference gas flow of 15 mL/min and 
auxiliary gas flow of 7 mL/min. 
Hydrocarbon product molar yields were calculated by dividing the moles of recovered 
product by the moles of fatty acid initially loaded into the reactor. Hydrocarbon selectivities 
were calculated by dividing the moles of hydrocarbon product by the moles of converted fatty 
acid. In situ H2 production yields were determined using the ideal gas law based on the final 
headspace gas pressure and compositional analysis determined by GC-TCD. Due to the low 
solubility of H2 in water at ambient temperature compared to the gas loadings examined in this 
study, dissolved H2 was assumed to be negligible. For this work, H2 selectivity from glycerol 
APR is defined as the ratio of H2 produced, divided by the theoretical amount of H2 produced if 
the converted glycerol was completely reformed (e.g., decomposition and WGS) to generate H2 
and CO2. Apparent reaction rate constants for stearic acid deoxygenation were estimated 
assuming pseudo-first order kinetics using nonlinear regression with GraphPad Prism version 
6.00 (GraphPad Software). 
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2.7 Figures and Tables  
 
Figure 2.1 XRD spectra of unloaded activated carbon, commercial Pt/C as received, Pt-Re/C as 
prepared, and Pt-Re/C after exposure to hydrothermal media. 
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Figure 2.2 SEM images and EDS maps of Pt-Re/C catalyst particles as prepared (a-d) and post 
hydrothermal media exposure (e-f), with single-metal crystallites indicated by white arrowheads. 
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Figure 2.3 Pt-Re/C images of the catalyst as prepared by TEM (a) and STEM (b), with localized 
STEM-EDS spectra obtained from the region of an individual crystallite (c). Note that Cu peaks 
present due to STEM sample holder. 
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 Figure 2.4 Timecourse for stearic acid DOX at 300°C with an initial H2 reactor headspace using 
Pt/C and Pt-Re/C (a). Pseudo-first order kinetic parameter fits for heptadecane formation 
indicated by color solid lines for Pt-Re/C (green) and Pt/C (blue). Effect of temperature on 
stearic acid DOX 3-h heptadecane molar yields using Pt/C and Pt-Re/C with an initial H2 reactor 
headspace (b). Reaction conditions: 20 g stearic acid, 0.5 g catalyst, 80 g H2O, initial head-gas = 
3.447 MPa H2.  
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Figure 2.5 Hydrothermal catalytic HYD-DOX kinetics of oleic acid using glycerol as an in situ 
H2 source and an initial reactor headspace containing N2 (a) and H2 (b). Reaction conditions: 
300°C, 20 g oleic acid, 5 g glycerol, 0.5 g Pt-Re/C, 80 g H2O, 345 kPa N2 or 2.586 MPa H2.  
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Figure 2.6 Influence of initial headspace H2 loading on oleic acid HYD-DOX (a) and in situ H2 
production by glycerol APR (b). Reaction conditions: t = 3 h, 300°C, 20 g oleic acid, 5 g 
glycerol, 0.5 g Pt-Re/C, 80 g H2O. H2 consumed by HYD is estimated based on the observed 
saturated compounds derived from oleic acid. 
  

	




   	  
  	 

*
&$

&
$#




$!
&
!



#(!*&$#$#
%(#
)($#%&$)('

	




   	  
  	 
+


'
%

"
"
$!

#(!*&$#$#
.09$
+#(!!$#
+$#')"*
+'%

 
    
 
 
62 
 
Figure 2.7 Influence of glycerol loading (a) and Pt-Re/C loading (b) on 3-h oleic acid HYD-
DOX yields and H2 headspace concentrations. Reaction conditions: 300°C, 20 g oleic acid, 18 g 
H2O, initial H2 loading = 2.586 MPa, 0.5 g Pt-Re/C loading (for panel a), 5 g glycerol (for panel 
b). 
  






	






	
 	 

,


(
&

#
#
%"


&
)


$

 

%"
'
!"



)%!$
,!$!)!""%!$
,%$(*#+
!, (&
!
&)$







	






	
 

 
,


&
(

#
#
%"


&)


$


 

%"
'
!"



$!)!""+'%"%!$
,!$!)!""%!$
,%$(*#+
!, (&
!
&)$
 
    
 
 
63 
 
Figure 2.8 Timecourse yields for oleic acid HYD-DOX using a glycerol loading native to 
triolein (1:3 glycerol-to-oleic acid molar ratio) and an elevated loading of Pt-Re/C (2.0 g). Other 
reaction conditions: 300°C, 20 g oleic acid, 2.2 g glycerol, 18 g H2O, initial H2 headspace = 
2.586 MPa. Pseudo-first order kinetic parameter fits for stearic acid DOX (blue) to produce 
heptadecane (green) are shown with solid color lines. 
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Figure 2.9 Influence of an initial inert headspace (345 kPa N2) on the oxidation state of Pt (a) 
and Re (b), as well as the influence of an initial reducing headspace (2.586 MPa H2) with Pt (c) 
and Re (d) after exposure to hydrothermal media for 3 h at 300°C.  
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Figure 2.10 Proposed reaction scheme and product yields for hydrothermal processing of the 
triacylglyceride triolein into hydrocarbons and in situ H2.  
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Table 2.1 Physisorption and chemisorption parameters for commercial Pt/C, Pt-Re/C as prepared, and Pt-Re/C 
following hydrothermal exposure. 
Catalyst  
 
SBET  
(m2/g) 
Pore volume 
(cm3/g)a 
Avg. pore 
dia. (Å)a 
CO uptake  
(µ mol/g) 
H uptake  
(µ mol/g) 
CO:H 
uptake ratio 
Dispersionc 
(%) 
Pt/C  
commercial 1075 0.715 10.23 130 102 1.3 51 
Pt-Re/C  
as prepared 750 0.607 10.06 112 52 2.2 42 
Pt-Re/C 
HT exposureb 675 0.507 10.04 84 30 2.8 32 
        
a Pore volume and average pore diameter determined by BJH desorption 
b Hydrothermal exposure at 300°C for 3 h 
c Dispersion calculated based on CO chemisorption 
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Table 2.2 Glycerol addition to produce in situ H2 production and promote oleic acid HYD-DOX using Pt/C and 
Pt-Re/C with an initial inert gas reactor headspace. a 
Catalyst Glycerol 
loading (g) 
H2 residual in 
headspace (mmol) 
Oleic acid 
conversion (%) 
Fatty acid and hydrocarbon molar yields 
Stearic acid (%) Heptadecane (%) 
Pt/C 0 ND 31 31 ND 
Pt/C 5 48 100 75 24 
Pt-Re/C 5 50 92 53 37 
a Reaction conditions: 300°C, initial head-gas = 345 kPa N2, 20 g oleic acid, 0.5 g catalyst, 80 g water, time at 
temperature 9 h. (Note: ND = not detected). 
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CHAPTER 3 
LIGNIN VALORIZATION THROUGH INTEGRATED BIOLOGICAL FUNNELING 
AND CHEMICAL CATALYSIS 1 
 
3.1 Abstract 
Lignin is an energy-dense, heterogeneous polymer comprised of phenylpropanoid 
monomers used by plants for structure, water transport, and defense, and it is the second most 
abundant biopolymer on Earth after cellulose. In production of fuels and chemicals from 
biomass, lignin is typically underutilized as a feedstock and burned for process heat because its 
inherent heterogeneity and recalcitrance make it difficult to selectively valorize. In Nature, 
however, some organisms have evolved metabolic pathways that enable the utilization of lignin-
derived aromatic molecules as carbon sources. Aromatic catabolism typically occurs via upper 
pathways that act as a “biological funnel” to convert heterogeneous substrates to central 
intermediates, such as protocatechuate or catechol. These intermediates undergo ring cleavage 
and are further converted via the b-ketoadipate pathway to central carbon metabolism. Here, we 
employ a natural aromatic-catabolizing organism, Pseudomonas putida KT2440, to demonstrate 
that these aromatic metabolic pathways can be employed to convert both aromatic model 
compounds and heterogeneous, lignin-enriched streams derived from pilot-scale biomass 
pretreatment into medium chain length polyhydroxyalkanoates (mcl-PHAs). mcl-PHAs were 
then isolated from the cells, and demonstrated to be similar in physico-chemical properties to 
                                                
1 A modified version of Chapter 3 was published in Proceedings of the National Academy of Sciences, 2014, 111, 
33, 12013-12018. (D.R. Vardon co-lead author with co-lead authors J.G. Linger, M.T. Guarnieri, and E.M Karp, as 
well as co-authors G.B. Hunsinger, M.A. Franden, C.W. Johnson, G. Chupka, T.J. Strathmann, P.T. Pienkos, and 
G.T. Beckham). 
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conventional carbohydrate-derived mcl-PHAs, which have applications as bioplastics. In a 
further demonstration of their utility, mcl-PHAs were catalytically converted to both chemical 
precursors and fuel-range hydrocarbons. Overall, this work demonstrates that the use of aromatic 
catabolic pathways enables an approach to valorize lignin by overcoming its inherent 
heterogeneity to produce fuels, chemicals, and materials. 
 
3.2 Introduction 
Lignocellulosic biomass represents a vast resource for the production of renewable fuels 
and chemicals to offset global fossil fuel usage. For decades, research has been undertaken to 
develop processes for valorizing plant polysaccharides, cellulose and hemicellulose.1–8 Lignin, 
an alkyl-aromatic polymer comprising 15-30% of biomass, is typically underutilized in selective 
conversion processes, and is instead relegated for heat and power.1,6–8 The need for lignin 
utilization is a problem of growing urgency because production of waste lignin will soar with the 
commercialization of lignocellulosic biofuels. The inability to valorize lignin, despite being the 
most energy dense polymer in plant cell walls due to its higher C-to-O ratio relative to 
carbohydrates, is due to its inherent heterogeneity and recalcitrance. Lignin is composed of 3 
monomeric phenylpropanoid units connected by C-C and C-O bonds.9 Although lignin 
depolymerization has been studied across a broad range of catalytic, thermal, and biological 
routes,10,11 the product slate obtained from depolymerization is almost invariably heterogeneous, 
making lignin valorization a daunting challenge. 
In Nature, some fungi and bacteria depolymerize lignin using powerful oxidative 
enzymes.10,12–14 This pool of aromatic compounds present during biomass decomposition likely 
triggered evolution of microbial pathways for utilizing aromatic molecules as carbon sources. 
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Many aromatic-catabolizing organisms employ “upper pathways”, wherein a diverse battery of 
enzymes “funnels” aromatic molecules to central intermediates, such as catechol and 
protocatechuate (Figure 3.1). From these intermediates, dioxygenase enzymes cleave carbon-
carbon bonds in the aromatic rings to produce ring-opened species15–18 that are metabolized via 
the β-ketoadipate pathway to central carbon metabolism,19,20 thus enabling microorganisms to 
metabolize a broad range of aromatic species. These pathways have long been studied for their 
catalytic novelty in C-C bond cleavage in aromatic rings15–17 and highlight the ability for 
microbes to evolve mechanisms for xenobiotic catabolism, often driven by man-made 
pollution.18 From a biomass conversion standpoint, these upper pathways offer a direct, versatile 
approach to funnel the heterogeneous portfolio of molecules produced from lignin 
depolymerization to targeted intermediates for upgrading to fuels, chemicals, and materials. 
 As a demonstration of the potential of the aromatic catabolic pathways for lignin 
valorization, here we employ an aromatic-catabolizing bacterium with a diverse metabolic 
repertoire,21 Pseudomonas putida KT2440 (hereafter P. putida), to produce medium-chain-length 
(C6-C14) polyhydroxyalkanoates (mcl-PHAs) from lignin in an integrated process (Figure 3.1). 
mcl-PHAs are high-value polymers that can serve as plastics or adhesives,22 or can be 
depolymerized and converted to chemical precursors23 or methyl-ester-based fuels (e.g., 
biodiesel).24 In P. putida, mcl-PHAs can be generated through fatty acid synthesis via the central 
metabolite, acetyl-CoA.25 To produce lignin-enriched streams for mcl-PHA production via 
biological funneling, pilot-scale alkaline pretreatment was used to depolymerize lignin from 
biomass to the aqueous phase (Figure 3.1). The pretreated solids, which mainly consist of 
polysaccharides, can be valorized through known routes such as enzymatic hydrolysis and 
fermentation or via catalytic routes.3–6 The resulting alkaline pretreated liquor (APL) was fed to 
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P. putida, which under nitrogen depletion induces mcl-PHA production. After biological 
conversion of APL, the cells were harvested and the mcl-PHAs were extracted and characterized. 
We further demonstrate depolymerization of mcl-PHAs to alkenoic acids, which are precursors 
for diverse chemical applications. Subsequently, a bimetallic catalyst was used to convert 
alkenoic acids to alkanes. Overall, this study illustrates the concept of coupling upstream lignin 
depolymerization and downstream catalysis to a biological funneling utilizing bacterial aromatic 
catabolic pathways to overcome the intrinsic heterogeneity of lignin. 
 
3.3 Results 
To obtain a process stream enriched in lignin-derived compounds, alkaline pretreatment 
was first employed to produce APL using corn stover in a 1900-L pretreatment vessel with 70 
mg NaOH/g dry biomass. Anthraquinone was also co-charged to the reactor at a loading of 0.2% 
(w/w), which serves to maximize polysaccharide retention in the solids via minimization of 
polysaccharide “peeling” reactions.26 From pretreatment, 56% of the lignin is fractionated to the 
APL while 95% of the glucan and 81% of the xylan are retained in the solids. Based on mass 
closure, the aqueous fraction of APL consists mostly of lignin, extractives, inorganic 
components, and acetate, at 32%, 23%, 11% and 8% w/w, respectively (Figure 3.2). The APL 
molecular weight distribution consists of major peaks at 200, 250, and 350 Da, suggesting that 
most APL components are monomers, dimers, and trimers (Figure 3.3). Primary components 
include p-coumaric acid, vanillic acid, ferulic acid, and acetate among others (Table 3.1, Figure 
3.4). Glucose, which is the only biomass-derived sugar in APL utilizable by P. putida KT2440, 
is present at only 0.13 g/L. The residual solids are enriched in polysaccharides, and are readily 
digestible by an industrial cellulase cocktail. In particular, approximately 90% glucan conversion 
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and greater than 50% xylan conversion are reached within 48 hours using the Novozymes CTec2 
cocktail, providing a stream for parallel carbohydrate upgrading through established routes 
(Figure. 3.1).2–8 
We subsequently evaluated the ability of P. putida to utilize several individual molecules 
derived from both lignin and polysaccharides present in APL for cell growth and mcl-PHA 
production. Based on identification of the most prevalent species in APL relative to previous 
genomics analyses of P. putida,21,27 we predict that most of the aromatic molecules present in 
APL (Table 3.1) will be catabolized via the b-ketoadipate pathway, as illustrated in Figure 3.5. 
To test this prediction, we then grew P. putida in 250-mL shake flasks with both single and 
mixed model carbon sources representative of APL components (Figure 3.6). Flow cytometry 
was used in all cases to monitor the accumulation of mcl-PHAs (Figure 3.7). As shown in 
Figure 3.6A, p-coumaric acid, ferulic acid, and glucose all led to mcl-PHA accumulation in P. 
putida at comparable levels, namely 34-39%-cell dry weight (cdw). Acetate, which is quite 
prevalent in APL due to deacetylation of hemicellulose side chains in caustic conditions,28 is the 
exception, with only 20%-cdw production of mcl-PHAs (Figure 3.6A). The corresponding 
volumetric productivity ranges from 0.15-0.17 g/L mcl-PHAs, with acetate producing 0.10 g/L. 
P. putida was also grown in a mixture of the same four model compounds at equivalent starting 
concentrations, which reached 34%-cdw and 0.15 g/L, indicating that lignin and carbohydrate-
derived species are co-converted to mcl-PHAs (Figure 3.6B). It is noted that p-coumaric acid, 
glucose, and acetate are all fully utilized by 24 hours, whereas ferulic acid is only approximately 
70% utilized by 48 hours. As shown in Figure 3.5, ferulic acid goes through many of the same 
enzymatic steps in P. putida as p-coumaric acid. Assuming that it is not regulated differently 
than p-coumaric acid, ferulic acid may simply be a poor substrate relative to p-coumaric acid for 
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the overlapping enzymatic steps. Cultures grown with high acetate levels also exhibit co-
utilization with similar mcl-PHA productivity (33%-cdw, 0.12 g/L), further suggesting that 
aromatic and carbohydrate-derived species will be used simultaneously in complex mixtures like 
APL (Figure 3.8). 
Based on the ability of P. putida to convert individual compounds to mcl-PHAs, we 
examined mcl-PHA production in shake-flask conditions with APL as a sole carbon source 
(Figure 3.6D). Substrate conversion was not tracked, as conventional analytical methods are 
inadequate for quantitatively characterizing APL.29 Interestingly, P. putida grows quite well in 
APL without appreciable dilution, beyond adding a small amount of modified minimal M9 salts 
and without removal of potential inhibitors. Intracellular mcl-PHAs accumulate over 48 hours 
with APL, with a fluorescence intensity distribution at 610 nm similar to p-coumaric acid alone 
(Figure 3.6C). The fluorescence data and yield of mcl-PHAs from APL (0.252 g/L at 32%-cdw) 
are comparable to the model compound experiments, demonstrating that an aromatic-
catabolizing organism can convert lignin-enriched streams derived from industrially-relevant 
feedstocks to a value-added product (Figure 3.6). To confirm that lignin monomers were 
incorporated into mcl-PHAs in APL, shake-flask experiments were performed using APL 
supplemented with 13C-labeled p-coumaric acid. Analysis of the 13C/12C ratio for major 
derivatized hydroxyacids methyl esters (HAMEs) confirmed significant 13C-enrichment of the 
mcl-PHAs due to labeled p-coumarate incorporation (Figure 3.9), even with initial 
supplementation at trace levels (3.5 mg/L 13C from labeled p-coumarate of the 11,300 mg/L total 
APL carbon). Going forward, there are known means to improve mcl-PHA production via 
fermentation optimization, substrate feed concentration, and organism engineering,22 as outlined 
below. 
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To produce sufficient quantities of mcl-PHAs for material characterization and 
processing, a 14-L batch cultivation of P. putida was grown in APL as a sole carbon source in a 
laboratory fermenter (Figure 3.6D). Nile Red staining via fluorescence microscopy and 
quantitation per cell confirmed that the primary increase in fluorescence, reflective of mcl-PHA 
production, occurs within 24 hours of cultivation. Additionally, flow cytometry data in the 14-L 
batch cultivation are comparable to shake-flask results (Figure 3.10). Characterization of APL-
derived mcl-PHAs indicated that their physicochemical properties are comparable to those 
derived from carbohydrates (Figure 3.11B, 3.12, 3.13).22,30–32 Analysis of the hydroxyacid 
monomer distribution showed that the mcl-PHA polymer primarily comprises 3-
hydroxydecanoic acid (HA-10; 55%), 3-hydroxyoctanoic acid (HA-8; 22%), 3-
hydroxydodecanoic acid (HA-12; 16%), 3-hydroxytetradecancoic acid (HA-14; 4%), and 3-
hydroxyhexanoic acid (HA-6; 3%) (Figure 3.11C). 
Monomers derived from mcl-PHAs can also be utilized for products beyond bioplastics, 
such as for chemical precursors or fuels. To that end, APL-derived mcl-PHAs were thermally 
depolymerized at 250°C under inert atmosphere to produce alkenoic acids,33 which can serve as 
a platform intermediate for a wide array of chemicals, similar to other biologically-derived 
acids.34–36 This thermal process results in dehydration and monomer products reflective of the 
parent polymer (Figure 3.14, Table 3.2). Additionally, tandem thermal depolymerization of 
APL-derived mcl-PHAs and catalytic deoxygenation of the resulting alkenoic acids was 
employed to produce fuel-range hydrocarbons (Figure 3.11C). Catalytic deoxygenation was 
performed with a Pt-Re/C catalyst via hydrogenation and decarboxylation-decarbonylation 
(denoted as “HYD/DOX” in Figure 3.11) at 300°C in water under mild hydrogen pressure (2.5 
MPa initial H2 loading at 25°C) (Figure 3.11A,C).37 The use of water facilitates reforming of 
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renewable H2-donors in situ,38 while CO produced from decarbonylation can react with water to 
produce H2 via the water-gas-shift reaction, minimizing external H2 requirements. The product 
distribution is reflective of the mcl-PHA polymer, and demonstrates conversion of mcl-PHAs to 
fuel-range hydrocarbons (Figure 3.15, Table 3.3). 
 
3.4 Discussion  
The conversion of carbohydrates via fermentation has provided humanity with renewable 
transportation fuels and chemicals for well over a century. Conversely, the only market for lignin 
to date on a scale concomitant with fuels and chemicals derived from carbohydrates is heat and 
power. On a much smaller scale, the primary market to date for lignin beyond niche materials is 
in the production of vanillin and lignosulfonates, markets that would be swamped by orders of 
magnitude given the potential for lignin production in the growing, worldwide biofuels economy. 
Thus, lignin valorization strategies that incorporate new approaches are desperately needed.7 
From a biological conversion standpoint, previous studies have either focused on the 
modification of upper pathways to produce value-added aromatics, such as vanillin,39 or have 
shown that single aromatic model compounds can be converted to intermediates such as 
lipids.40,41 Here, we show that the use of microbial, aromatic catabolic pathways on a mixture of 
biomass-derived lignin substrates can overcome the primary, inherent challenge in lignin 
valorization, namely the heterogeneity of lignin. It is important to note that significant 
improvements to mcl-PHA production with productivities of 1-3 g/L/hr and volumetric 
concentrations near 100 g/L required to reach economic viability.42 It has been shown that 
improvements of this magnitude are possible in mcl-PHA production in wild-type P. putida from 
different substrates (e.g., glucose or fatty acids) via fed-batch fermentation and concentrating the 
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substrate.22 To this end, we note that a 5x concentration of APL produces an equivalent, per-cell 
PHA fluorescence intensity and culture density, thus demonstrating equivalent titers can be 
achieved in a concentrated APL stream (Table 3.4). These previous results and techno-economic 
analyses suggest that further development and optimization of this approach via modifications to 
fermentation conditions could eventually enable the scalable production of mcl-PHAs from 
lignin-enriched substrates such as APL or other lignin-derived process streams.22,42 
Additionally, mcl-PHAs have a broad range of potential markets, both for small- and 
large volume applications. There are ongoing research efforts to tailor mcl-PHAs as neat or 
blended bioplastics for films, coatings, biocompatible drug-delivery and biomedical materials, 
and organic/inorganic composites.43 The extended carbon side chain of mcl-PHAs imparts 
unique properties by disrupting the regularity of the polymer backbone compared to short-chain 
PHAs, allowing for greatly reduced melting and glass transition temperature, as well as 
crystallinity.44 PHAs can be depolymerized by several routes, including thermal degradation,33 
aqueous hydrolysis,45 and extracellular enzyme depolymerases.23 Alternatively, hydroxyacid 
monomers can be directly produced during fermentation by genetic knockout of PHA 
synthases.46 The resulting monomeric acids can potentially serve as a platform for producing a 
wide array of value-added chemicals including diols, ketones, amides, and nitriles, similar to 
other biologically derived carboxylic acids (e.g., lactic acid, levulinic acid, succinic acid).34–36 
Additionally, these monomers can be converted to fuel substitutes,5 as previously demonstrated 
with methyl esters (i.e., biodiesel) derived from mcl-PHAs,24 and fully deoxygenated 
hydrocarbon fuels, as described in this study. These carbon chain lengths fall primarily within 
the range of jet (C8-C16) and diesel grade (C8-C21) fuels, which is particularly promising as 
heavy-duty vehicle and airline fuel consumption is anticipated to grow substantially in the near 
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future.47 These forms of transportation require power sources that are not readily substituted with 
other renewables (e.g., short-chain alcohols, electric, fuel cell, etc.), thus a market for mcl-PHAs 
derived from lignin and carbohydrates may also be eventually possible at a scale of renewable 
fuels. 
Lastly, the approach developed here is merely an example of an integrated process for lignin 
valorization wherein a “biological funneling” step can be utilized with a lignin depolymerization 
step and biological or catalytic upgrading. There is significant versatility and modularity in each 
step, enabling adaptation to different biomass feedstocks and desired fuel and chemical 
portfolios, thus holding promise towards industrial application. Namely, lignin depolymerization 
is possible through many established routes, and thus many depolymerization processes can 
likely be employed. For example, biological lignin depolymerization is possible with oxidative 
fungal and bacterial enzymes,10,12–14 transition metal catalysts,11,48–51 homogeneous and 
heterogeneous alkaline catalysts,52–55 oxidation catalysts,11 and thermal routes. The selectivity of 
each of these depolymerization strategies will dictate the aromatic-derived substrates for 
biological conversion. This in turn will guide the selection of genes present needed in the upper 
pathways, not all of which may exist in a single organism, thus requiring pathway engineering. 
From a biological conversion standpoint, aromatic catabolic pathways can be engineered to 
funnel the products to different biological intermediates (i.e. not just mcl-PHAs), thus opening up 
a new field of metabolic engineering for lignin utilization. Additionally, process streams from 
industrial-scale biomass depolymerization may likely contain additional non-lignin derived 
molecules, such as acetate or hemicellulose-derived sugars, which can be potentially be 
simultaneously funneled to desired products, thus maximizing carbon utilization from biomass. 
Moreover, the production of biofuel intermediates similar to those currently produced from 
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sugars, such as isoprenoids, fatty acids, or higher-chain alcohols, is plausible given the coupling 
of aromatic upper pathways with the proper downstream genetic modifications.4 Generally, the 
approach we demonstrate here can be combined with many lignin isolation and biocatalytic 
upgrading strategies to facilitate the development of an immense range of molecules derived 
from lignin. 
 
3.5 Conclusion 
 The conversion of biomass-derived polysaccharides has provided mankind with 
renewable fuels and chemicals for well over a century. Conversely, the only use for lignin to date 
on a scale concomitant with polysaccharide-derived fuels and chemicals is heat and power. Here, 
we demonstrate a flexible, integrated process that overcomes the inherent challenges in lignin 
valorization, namely lignin heterogeneity, thus enabling comprehensive utilization of biomass 
polymers to produce renewable fuels, chemicals, and materials for a sustainable energy 
economy. 
 
3.6 Methods 
3.6.1 Corn stover alkaline pretreatment 
To obtain a lignin-rich stream for upgrading, corn stover from Idaho National Laboratory 
(100 kg, ¼” hammer milled, Lot #4) was pretreated with 70 mg NaOH/g dry stover and 
anthraquinone (0.2% charge w/w dry stover) at 7 wt% solids in a 1,900 L, jacketed paddle mixer 
(American Process Systems, Gurnee, IL). The slurry was indirectly heated to 100°C with 30-40 
psig of saturated steam on the vessel jackets, with a heat ramp of ~ 2 h. After 30 min at 
temperature, the slurry was cooled to 60°C with jacketed cooling water. APL at a pH of ~12 was 
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gravity drained. A continuous screw press (Vincent Corp. Model CP10, Tampa, FL) dewatered 
the residual pretreated stover to ~20 wt% solids, and screw press-recovered APL was added to 
the gravity-drained APL. Biomass and pretreated solids were characterized by compositional 
analysis (Supplemental Information). Pretreated solids were subjected to enzymatic hydrolysis 
(Supplemental Information). APL was characterized by compositional analysis, gel permeation 
chromatography (GPC), liquid chromatography, and YSI analysis (Supplemental Information).  
 
3.6.2 P. putida cultivation.  
 mcl-PHA production with P. putida was initially examined in shake flask cultures. To 
support growth, APL was adjusted to pH 7.0 using 10 N H2SO4 and supplemented with 10X 
modified M9 salts (per liter of 10X-M9: 6.78 g Na2PO4, 3 g KH2PO4, 0.5 g NaCl, 10 N NaOH to 
pH 7.0) at 10% volume. Subsequently, 2 mL of 1 M MgSO4, and 100 µL of 1 M CaCl2 were 
added to make 0.9X APL; 1X M9 medium, referred to as “M9-APL”. A 500-mL seed culture of 
P. putida KT2440 was grown overnight in LB at 30°C, then diluted 5-fold in LB with continued 
growth for 2 h to achieve a logarithmic growth phase. The culture was pelleted via 
centrifugation, washed once in PBS, and used to inoculate 1-L flasks containing different media 
to a total volume of 250 mL at 0.05 OD. Seven conditions were set up in duplicate. Each 
contained 1xM9 salts with varied carbon sources: (1) 2 g/L glucose, (2) 2 g/L acetate (sodium 
acetate), (3) 2 g/L p-coumaric acid, (4) 2 g/L trans-ferulic acid, (5) mixed carbon medium at 
equal concentrations (0.5 g/L glucose, 0.5 g/L p-coumaric acid, 0.5 g/L trans-ferulic acid, and 
0.5 g/L acetate), (6) mixed carbon medium at high acetate concentration (1.0 g/L acetate, 0.3 g/L 
glucose, 0.3 g/L p-coumaric acid, 0.3 g/L trans-ferulic acid), (7) and APL (90% volume, 3 µm 
filtered). Cultures were grown at 30°C for 48 h at 225 rpm and periodically sampled for analysis. 
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Carbon utilization was monitored by HPLC for defined media.56 mcl-PHA production was 
monitored by flow cytometry via Nile Red staining (Supplemental Information). To determine 
cell dry weight at 48 h, 200 mL of culture was centrifuged, washed in 10% PBS, re-centrifuged, 
and lyophilized. mcl-PHAs were recovered by accelerated solvent extraction and ethanol 
precipitation (Supplemental Information). 13C-enrichment of mcl-PHAs derived from APL 
supplemented with 13C-labeled monomers was performed in shake flask cultures, with mcl-PHAs 
derivatized and analyzed by gas chromatography isotope ratio mass spectroscopy (Supplemental 
Information). 
mcl-PHAs were produced in larger quantities for upgrading using P. putida grown in a 
14-L BioFlo 3000 batch reactor (New Brunswick Scientific) with M9-APL . Seed cultures were 
grown overnight in LB medium to an optical density at 600 nm (OD600) of 3.5-4.0, centrifuged, 
washed once in 1X M9 medium, and used to inoculate cultures to a starting OD600 of 0.05 in M9-
APL. Supplemental nitrogen (NH4)2SO4 was either withheld, or added at 1 mM. Excess nitrogen 
(10 mM (NH4)2SO4) was utilized as a negative control for flow cytometry analysis and to 
demonstrate the dependence of mcl-PHA production on nitrogen content in APL. The 
temperature was maintained at 30°C, and mixing was achieved using a bottom marine impeller 
and mid-height Rushton impeller at 200 rpm. Aeration was set at 0.35 VVM using 100% air and 
pH at 7.0 was controlled using KOH/HCl. mcl-PHA accumulation was monitored by 
fluorescence microscopy and flow cytometry (Supplemental Information). Cultivations ran for 
72 hours, followed by centrifugation and lyophilization to harvest cells. mcl-PHAs were 
recovered by accelerated solvent extraction and characterized by GPC and thermal analysis 
(Supplemental Information). mcl-PHA monomer distribution was determined by methylation 
and gas chromatography (Supplemental Information).  
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3.6.3 mcl-PHA depolymerization and upgrading  
mcl-PHAs were thermally depolymerized to produce free alkenoic acids for catalytic 
upgrading. Thermal depolymerization was performed using a Parr 5000 Multireactor (Parr 
Instruments), outfitted with 75-mL reactor vessels. The reactor vessel was loaded with 445 mg of 
recovered mcl-PHAs and purged with Ar for three cycles. The gas purge line was then closed, 
and the reactor was heated to 250°C for 30 min at temperature. The depolymerization products 
were recovered in dichloromethane, filtered (0.2-µm PTFE), and identified by gas 
chromatography, as described in Supplemental Information.  
Depolymerized alkenoic acids derived from mcl-PHAs were catalytically converted to 
hydrocarbons over a platinum-rhenium (Pt-Re) catalyst supported on activated carbon using 
water as a solvent. Pt-Re/C (5 wt% Pt, 4 wt% Re) was prepared by aqueous adsorption of Re, 
using ammonium perrhenate (Sigma Aldrich) as a precursor, onto commercial Pt/C (Sigma 
Aldrich), followed by in situ reduction at 200°C using 1.4 MPa of H2 loaded into the reactor at 
ambient temperature. Catalyst material properties were previously characterized. Catalytic 
deoxygenation and reduction of thermally depolymerized mcl-PHAs was conducted using the 
Parr 5000 Multireactor described above. The 75-mL reactor vessel was loaded with 270 mg of 
depolymerized mcl-PHA, 50 mg of Pt-Re/C, and 9.8 mL of deionized water. Prior to conversion, 
the vessel was purged with Ar for three cycles, and pressurized to 2.75 MPa with H2 at room 
temperature. The reactors were heated to 300°C under rapid stirring for 180 min at temperature. 
Catalysis products were recovered in CH2Cl2, filtered (0.2-µm PTFE), and the product 
distribution determined by gas chromatography, as described in Supplemental Information. 
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3.7 Supplemental Information 
3.7.1 Compositional analysis of corn stover pretreated solids 
Compositional analysis was conducted on the pretreated residual solids to quantify the 
carbohydrate retention and lignin removal. The mass of the recovered dry solids was measured 
by drying a subsample of solid fraction for several days in a 40°C vacuum oven until the mass 
stabilized to a constant value. Compositional analysis of the recovered solids was subsequently 
performed in accordance with standard NREL Laboratory Analytical Procedures (LAPs).57,58 
The APL is a heterogeneous mixture of acids, polysaccharides, monosaccharides, aromatic 
monomers (derived from lignin), high molecular weight lignin, and acetate.29 The complexity of 
black liquor and its sensitivity to pH changes significantly complicates direct, detailed 
compositional analysis. Therefore, for the purposes of this work, we report the composition of 
the APL by difference from the known mass and composition of the dry biomass loaded into the 
pretreatment vessel and the resulting mass and composition of the retained solids, as shown in 
Figure 3.2. 
 
3.7.2 Gel permeation chromatography (GPC) analysis of APL  
To determine the molecular weight distribution of the APL, 20 mg of APL obtained from 
the alkaline pretreatment of corn stover was acetylated in a mixture of pyridine (0.5 mL) and 
acetic anhydride (0.5 mL) at 40°C for 24 h with stirring. The reaction was terminated by addition 
of methanol (0.2 mL) to neutralize the acetic anhydride. The acetylation solvents were then 
evaporated from the samples at 40°C under a stream of nitrogen gas. The samples were further 
dried in a vacuum oven at 40°C overnight. A final drying was performed under vacuum (1 torr) 
at room temperature for 1 h. The dried acetylated samples were dissolved in tetrahydrofuran 
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(THF, Baker HPLC grade) and then filtered (0.45-µm nylon membrane syringe filters) before 
GPC analysis. The acetylated samples appeared to be completely soluble in THF.  
GPC analysis was performed using an Agilent HPLC with 3 GPC columns (Polymer 
Laboratories, 300 x 7.5 mm) packed with polystyrene-divinyl benzene copolymer gel (10-µm 
beads) having nominal pore diameters of 104, 103, and 102Å. The eluent was THF and the flow 
rate was 1.0 mL/min. An injection volume of 25 µL was used. The HPLC was attached to a 
diode array detector measuring absorbance at 260 nm (band width 40 nm). Retention time was 
converted into molecular weight (MW) by applying a calibration curve established using 
polystyrene standards.  
 
3.7.3 Liquid chromatography component identification of APL 
Liquid chromatography was employed to identify the primary components in APL. 
Individual chemical standards representing the compounds listed in Table S1 without asterisks 
were purchased from Sigma-Aldrich, with the exception of acetic acid (Fisher Scientific). HPLC 
solvents and modifiers consisted of deionized water (DI) (Barnstead Easy PureII), acetonitrile 
(Fisher HPLC grade), and formic acid (Sigma-Aldrich). 
Analysis of samples was performed on an Agilent 1100 LC equipped with a G1315B 
Diode Array Detector (DAD) and in-line Electrospray Ionization (ESI) 2440A Mass Selective 
Detector (MSD) Ion Trap SL (Agilent Technologies). Each sample was placed in a cooled auto-
sampler (10°C) and injected at a volume of 50 µL into the LC/MS system. Sample compounds 
were separated using reverse-phase chromatography on an YMC C30 Carotenoid 0.3 µm, 4.6 x 
150 mm column (YMC America). The LC/MS method consisted of eluent gradients, flow rates, 
temperatures, and configurations according to prior methods. The degassed solvent regime 
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consisted of eluent A) DI modified with 0.03% formic acid, and eluent B) 9:1 acetonitrile and DI 
water also modified with 0.03% formic acid, which was prepared fresh at least 4 hours prior to 
analyses. 
Flow from the HPLC-DAD was directly routed to the ESI-MSD Ion Trap. Tandem MS of 
major contributing ions was carried out via direct infusion on an Agilent 2440A MSD Ion Trap 
SL equipped with ESI source operating in negative mode. Source and ion trap conditions were 
calibrated and optimized with Agilent ESI-T tuning mix (P/N:G2431A) and using smart 
parameter setting (SPS) tuning with target m/z set to 165, compound stability 70%, trap drive 
50%, capillary at 3500 V, fragmentation amplitude of 0.8 V with a 30 to 200% ramped voltage 
implemented for 50 ms, and an isolation width of 2 m/z (He collision gas). The ESI nebulizer gas 
was set to 60 psi, with dry gas flow of 11 L/min held at 350°C. A MS scan and precursor 
isolation-fragmentation scans were performed across the range m/z: 40-350. 
An internal spectral database consisting of compounds previously identified as 
degradation products59–62 was developed based on ESI-MS-MS scans for the precursor (M-H)- 
ion and product ion of each compound (Table 3.1, compounds not marked with an asterisk) 
through direct infusion experiments, as previously described.62 Both the retention time and 
database search results for total and extracted ion chromatography for the precursor (M-H)- ion 
and at least one product ion were used to confirm the identity of compounds, while 
deconvolution of mass/charge ion fragmentation patterns was utilized to predict the identity of 
unknown compounds observed within the samples. 
3.7.4 Glucose YSI measurement of APL  
The glucose concentration in neutralized APL was measured using a YSI 7100 MBS 
(YSI Life Sciences, Yellow Springs, Ohio) instrument. To confirm the accuracy of this method, a 
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calibration curve was produced by adding known amounts of glucose into six samples of 
neutralized APL. Glucose concentrations of these six samples were measured using the YSI 
instrument and the results confirmed the known concentration of glucose added into these 
samples. 
 
3.7.5 Enzymatic hydrolysis of residual solids 
Enzymatic hydrolysis of the residual solids was conducted to determine the digestibility. 
Alkaline pretreated corn stover solids were washed five times with deionized water and stored in 
30 mM NaAc pH 5.0 and at 4°C prior to enzymatic hydrolysis. Fungal cellulase enzymes 
(CTec2, Novozymes) were loaded at 10 or 20 mg of protein per g of glucan in a 1% biomass 
solids slurry and incubated at 50°C in 20 mM NaAc, pH 5.0 for 120 hours. Digestions were 
conducted in sealed 1.5-mL vials with continuous mixing by inversion at 10-12/min. Substrates 
were loaded at 10 mg dry biomass per mL in 1.4-mL reaction volumes. Representative (with 
respect to both solid and liquid phases of the digestion slurry) 0.1-mL samples were withdrawn 
from well-mixed digestion slurries at selected time-points during the digestions. The aliquots 
were then diluted 10-fold with deionized water and immersed in a boiling-water bath for 10 min 
to inactivate the enzymes and terminate the reaction. The diluted and terminated digestion 
aliquots were then filtered through 0.2-µm nominal-pore-size nylon syringe-filters (Pall/Gelman 
Acrodisc-13) to remove residual substrate and, presumably, most of the denatured enzyme. 
Released cellobiose and glucose and xylose in the diluted samples were then determined by 
HPLC analysis on an Aminex HPX-87H column (Bio-Rad Laboratories, Inc.) operated at 55°C 
with 0.01 N H2SO4 as mobile phase at 0.6 mL/min in an Agilent 1100 HPLC system with 
refractive-index detection. The resulting glucose, cellobiose, and xylose concentrations 
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calculated (in mg/mL) for each digestion mixture was converted to anhydro-glucose and 
anhydro-cellobiose concentrations, respectively, by subtracting out the proportional weight 
added to each molecule by the water of hydrolysis. The sum of the concentrations of anhydro-
glucose and anhydro-cellobiose, which sum is equivalent to the weight-concentration of the 
glucan chain that was hydrolyzed to produce the soluble sugars, was then divided by the initial 
weight-concentration of glucan and xylan in the digestion mixture and multiplied by 100% to 
yield activity results as percent conversion. 
 
3.7.6 Fluorescent microscopy of P. putida 
mcl-PHA accumulation was visually assayed using epifluorescence microscopy. To 
prepare cells for imaging, 1 mL of culture grown in APL was harvested at t=0, 6, 12, 24, and 48 
hours post-inoculation via centrifugation at 5,000 × g at room temperature for 5 min. The culture 
supernatant was removed, and cells were washed twice in PBS, fixed in 3:1 ethanol:acetic acid 
for 10 min, and washed twice in 1X PBS, followed by resuspension in 1 mL PBS, as described 
previously.63 Cells were stained with 10 µg/mL Nile Red (Molecular Probes, Invitrogen 
Corporation) for 5 min, and immobilized on microscope coverslips by mixing with 1% low-
melting-temperature agarose (heated to 65°C to solubilize) in a 1:1 ratio. Images were acquired 
using a Nikon Eclipse 80i microscope. Nile Red fluorescence was detected between 560 and 590 
nm using band-pass filtering.  
 
3.7.7 Fluorescence quantitation of P. putida 
Fluorescence emission of Nile Red was obtained using a FLUOstar Omega microplate 
reader (BMG Labtech), equipped with emission and excitation filters of 485/12 and 590/10 nm, 
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respectively. Cells were harvested, diluted to OD600 = 0.1 in M9 media, washed in PBS, and 
stained with Nile Red, as described above. Top optic positioning was utilized with 0.2 s 
positioning delay, a gain setting of 500, and 10 flashes per well. All measurements were obtained 
in 96-well, black, round-bottom plates (Corning Costar) at room temperature, in 200-µL reaction 
volumes.  
 
3.7.8 Flow cytometry of P. putida 
To assay PHA accumulation, we used Nile Red staining and detection using a FACS aria 
(BD Biosciences, San Jose CA). One milliliter of cell culture was centrifuged and washed in 
phosphate buffered saline (PBS). Cells were then stained using 0.5mg/ml Nile Red dissolved in 
DMSO for 15 minutes, then washed twice in PBS. Samples were loaded into the FACS aria and 
screened for Nile Red Fluorescence using a 488 nm wavelength laser coupled with 610/20 nm 
detection. For each sample 20,000 events were recorded to generate the histograms. For time-
course experiments, cells were frozen at -20° C following the suspension in Nile Red/DMSO.  
Following the conclusion of the time course, all samples were analyzed by flow cytometry in 
parallel.  
 
3.7.9 Accelerated solvent extraction of P. putida 
mcl-PHAs were extracted from P. putida with dichloromethane using a Dionex 200 and 
Dionex 350 Accelerated Solvent Extractor (ASE) (Dionex Instruments). Extractions were 
performed at 50°C and 10 MPa over 4 cycles with a 100% flush volume. The extract was 
concentrated to 10% of the initial volume using a rotary evaporator, and the mcl-PHAs were 
precipitated from the crude extract using ice-cold ethanol. Residual solvent was removed under 
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flowing N2 at 40°C, prior to drying under vacuum at 40°C overnight to recover purified mcl-
PHAs. 
 
3.7.10 Gas chromatography (GC) analysis of mcl-PHA monomer distribution 
The mcl-PHA monomer hydroxyacid profile was determined by methanolysis of the 
purified PHA extract with BF3.64 Hydroxyacid methyl esters were identified and the distribution 
quantified by gas chromatography mass spectroscopy (GC-MS) using an Agilent 7890A GC 
equipped with a 5975C MSD (Agilent Technologies). The GC was outfitted with an Agilent DB-
FFAP column (30 m × 0.25-mm id, 0.25-µm film), and helium (0.8 mL/min column flow) was 
used as the carrier gas. The injector volume was set to 1 µL using an Agilent auto-sampler. The 
GC/MS method consisted of a front inlet temperature of 250°C, MS transfer line temperature of 
250°C, and scan range from 35 m/z to 550 m/z. A starting temperature of 40°C was held for 5 
minutes and then ramped at 5°C/min to a temperature of 250°C and held for 20 minutes. HP 
MSD Chemstation software (Agilent) equipped with NIST11 database Rev. 2.0G (May 19, 2011 
build) was used to identity unknown compounds found within the samples. The mass 
spectrometer signal response for C8 and C10 hydroxyacid methyl esters (HAME) was determined 
with HAME standards prepared from known quantities of 3-hydroxyoctanoic and 3-
hydroxydecanoic acid obtained from Sigma Aldrich. The remaining HAME response factors 
were normalized to the nearest HAME standard. 
 
3.7.11 Conversion of 13C-labeled p-coumarate and xylose to mcl-PHAs by P. putida  
To definitively conclude that lignin-derived molecules are being metabolized to mcl-
PHAs in the APL, we supplemented APL with labeled p-coumaric acid-1,2,3-13C3 (Sigma-
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Aldrich), and monitored for the inclusion of 13C in extracted and derivatized mcl-PHAs via Gas 
Chromatography-Isotope-Ratio Mass Spectrometry (GC-IRMS). As a negative control, we also 
separately used labeled D-xylose-13C5  (Omicron), a compound present in APL that is unable to 
be metabolized by P. putida KT2440. To ensure sterility, APL was centrifuged (30’, 22,000 x g) 
and the supernatant was sequentially filtered via vacuum filtration using reduced pore sizes (11 
µm, 6 µm, 2 µm, to minimize filter clogging) followed by sterile 0.2-µm filtration. As described 
in the main text, this APL was mixed with 10X M9 salts to make 0.9X APL; 1X M9 
(supplemented with 1mM (NH4)2SO4). P. putida was grown overnight in LB medium, and then 
diluted 20-fold in LB and allowed to outgrow for 2 h. Cells were centrifuged and washed in 0.9X 
APL; 1X M9 and then inoculated to an OD600 of 0.1 in two separate 500-mL baffled flasks in a 
total volume of 200 mL. These twin cultures were grown for 4 h in the absence of labeled 
compounds. mcl-PHAs accumulation typically is not detectable prior to 6 h in our experiments, 
and given the small amount of 13C-labeled compounds we were adding to the APL, we wanted to 
maximize flux to PHAs to ensure detection. Following this 4 h growth, 3 mg of either 13C-
labeled p-coumarate or xylose was added (pre-dissolved in 3 mL of M9-medium) to the growing 
cultures. Cultures were allowed to grow for an additional 44 h (48 h total), then harvested and 
lyophilized for analysis.  
 
3.7.12 GC isotope ratio mass spectroscopy (IRMS) analysis of mcl-PHAs  
For 13C-analysis by GC-IRMS, lyophilized cell pellets grown on APL supplemented with 
labeled p-coumaric acid and D-xylose were derivatized directly by methanolysis with BF3 to 
produce HAMEs.64 The 13C/12C ratios of major derivatized hydroxyacids (3-hydroxyoctanoic 
acid, 3-hydroxydecanoic acid, 3-hydroxydodecanoic acid) were compared for (1) APL 
    
 
 
90 
supplemented with 13C-labeled p-coumaric acid, (2) APL supplemented with 13C-labeled D-
xylose, and (3) APL without 13C-labeled supplement. HAME 13C/12C ratios were identified using 
a Thermo Trace GC Ultra coupled to a Delta V Advantage IRMS via a GC Isolink Device 
(Thermo Scientific, Bremen Germany). The temperature in the isolink was set to 100°C. The GC 
was outfitted with a SGE BPX5 column (60m × 0.25-mm id, 0.25-µm film). Splitless injections 
were performed with an injection volume of 1 µL or 0.1 µL. All other conditions (e.g., gas 
carrier, flow rate, injector temperature, oven settings) were identical to those described above for 
HAME profile analysis by GC-MS. To compare levels of 13C-enrichment, δ13C values were 
calculated (Eqn. 3.1) by comparing the HAME 13C/12C ratio to Vienna Pee Dee Belemnite 
(PDB).  
Positive δ13C values are indicative of significant 13C-enrichment due to labeled substrate 
incorporation into the mcl-PHA polymer. The GC-IRMS mass 45 signal intensities, 
corresponding primarily to 13C16O2, were plotted as shown in Figure 3.15 to compare relative 
sample HAME monomer distribution ratios.  
 
 
 
3.7.13 GPC and thermal analysis of mcl-PHAs 
The mcl-PHA molecular weight distribution was analyzed by GPC with a refractive index 
detector, as described above, with the exception of a 100-µL injection volume and refractive 
index detector. The GPC chromatogram and corresponding MW-distribution parameters are 
shown in Figure 3.12. Thermal properties of mcl-PHAs were analyzed by differential scanning 
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calorimetry (DSC) and thermal gravimetric analysis (TGA) (Figure 3.13). The glass transition 
temperature (Tg) was measured using a TA DSC 2000 (TA Instruments) by heating the sample to 
100°C at a rate of 25°C/min under flowing N2 (20 mL/min), followed by a isothermal hold for 1 
min, and rapid cooling to -90°C. The melting temperature (Tm) was analyzed using a TA DSC 
1000 by heating the sample from 0-100°C at a rate of 10°C/min. Lastly, the thermal 
decomposition temperature (Td), indicative of 5 wt.% loss, was determined using a Setaram 
SETSYS Evolution TGA instrument (Setaram) by heating the sample from 50-400°C at a rate of 
10°C/min. 
 
3.7.14 GC analysis of thermally depolymerized mcl-PHAs 
mcl-PHA thermal depolymerization products were recovered in dichloromethane, filtered 
(0.2-µm PTFE), and identified by GC-MS using the method described above for HAME 
analysis. The total ion chromatogram (TIC) and listing of major identified products with 
retention times is provided in Figure 3.14 and Table 3.2. 
 
3.7.15 GC Analysis of Catalysis Products.  
Catalytic upgrading products were recovered in dichloromethane, filtered (0.2-µm 
PTFE), and the distribution quantified by GC-MS using an Agilent 6890N gas chromatograph 
and 5973N MSD. The GC was outfitted with an Agilent HP-5MS column (30 m × 0.25-mm id, 
0.25-µm film), and helium (0.8 mL/min column flow) was used as the carrier gas. The injector 
volume was set to 1 µL using an Agilent auto-sampler. The GC/MS method consisted of a front 
inlet temperature of 270°C, MS transfer line temperature of 280°C, and scan range from 35 m/z 
to 550 m/z. A starting temperature of 35°C was held for 3 minutes and then ramped at 15°C/min 
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to a temperature of 225°C with a final hold time of 1 minute. HP MSD Chemstation software 
(Agilent) equipped with NIST11 database Rev. 2.0G (May 19, 2011 build) was used to identity 
unknown compounds found within the samples. Mixed alkane standards (Sigma Aldrich) were 
used to determine mass spectrometer instrument response factors, and cyclic hydrocarbon 
response factors were estimated based on the nearest linear hydrocarbon. The total ion 
chromatogram (TIC) and listing of major identified products with retention times is provided in 
Figure 3.15 and Table 3.3. 
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3.9 Figures and Tables  
 
 
Figure 3.1  Integrated production of fuels, chemicals, and materials from biomass-derived lignin 
via natural aromatic catabolic pathways and chemical catalysis. Biomass fractionation can yield 
streams enriched in lignin and polysaccharides, which can be converted along parallel processes. 
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The challenges associated with lignin’s heterogeneity are overcome in a “biological funneling” 
process through upper pathways that produce central intermediates (e.g., protocatechuic acid). 
Dioxygenases cleave the aromatic rings of these intermediates, which are metabolized through 
the b-ketoadipate (b-KA) pathway to acetyl-CoA. As shown, residual glucose and acetate present 
will also be metabolized to acetyl-CoA, the primary entry point to mcl-PHA production via fatty 
acid synthesis. We demonstrate mcl-PHA production, which are biodegradable polymers. mcl-
PHAs are converted to alkenoic acids, and further depolymerized and deoxygenated (“depoly-
deoxy”) into hydrocarbons, thus demonstrating the production of fuels, chemicals, and materials 
from lignin and other biomass-derived substrates.  
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Figure 3.2 Biomass compositional analysis for the alkaline pretreatment step. The composition 
of the starting corn stover, resulting pretreated solids, and the composition of the material 
solubilized into the APL are shown on a w/w basis. The pretreatment conditions for the material 
shown here are 100°C for 30 minutes with an NaOH loading of 70 mg NaOH/g dry stover at 7 
wt% solids and 0.2% AQ charge (w/w on dry corn stover). The initial corn stover (Idaho 
National Laboratories Lot #4) is shown in the left most bar and has a w/w composition of: 37% 
glucan, 24% xylan, 17% lignin, 4% ash, 2% protein, 2% galactan, 3% arabinan, 2% acetate, and 
7% extractives. The recovered solids are enriched in carbohydrates and retain 67% of the mass of 
the dry corn stover loaded into the reactor. The measured w/w composition of the pretreated 
solid, shown in the middle bar, is: 53% glucan, 29% xylan, 11% lignin, 1% ash, 1% protein, 1% 
galactan, 5 % arabinan, 0% acetate, and 0% extractives. The composition of the material 
solubilized into the APL is presented in the right most bin labeled “APL” and its w/w 
composition is: 6% glucan, 16% xylan, 32% lignin, 11% ash, 3% protein, 0% galactan, 0% 
arabinan, 8% acetate, and 23 % extractives.  
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Figure 3.3  GPC chromatogram of APL. The APL chromatogram shows three large peaks of low 
molecular weight components at apparent molecular weights of ~200, ~250, and ~350 Da, 
suggesting the majority of the components in the APL are in the monomer, dimer, and trimer 
range. A broad peak centered at an apparent molecular weight of ~1,025 Da likely represents 
lignin fragments that are not fully depolymerized. The overall apparent molecular weight 
average of the APL is estimated to be 1,100 Da. Here, the larger intensity of the low molecular 
weight components points to the effectiveness of the anthraquinone additive, which increases the 
fragmentation of the lignin polymer during pretreatment.  
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Figure 3.4 LC chromatogram of APL. (A) Chromatogram obtained from APL using the liquid 
chromatography method described above, for retention times between 0 and 42 min. (B) 
Chromatogram from APL for retention times between 40 and 60 min; the y axis scale for these 
retention times has been expanded from that presented in (A) to capture the full peak heights in 
this region. Major identified compounds are listed in Table 3.1. 
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Figure 3.5 Catabolic pathways. Biological funneling of aromatic molecules to central 
metabolism (TCA cycle) in P. putida strain KT2440.  
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Figure 3.6 Biological conversion of lignin-derived aromatic molecules and carbohydrate-derived 
products in APL to mcl-PHAs in P. putida. (A) Conversion and mcl-PHA production from 
representative model compounds present in APL, each at 2 g/L. (B) Conversion and mcl-PHA 
production of a mixture of four representative model compounds from APL, each loaded at 0.5 
g/L. (C) Flow cytometry of Nile Red stained cells for mcl-PHA accumulation.  Cell counts are 
plotted as a function of fluorescence intensity in the initial inoculum (t=0) and cultures at t=48 
hours for a model substrate, p-coumaric acid, and APL grown in 250-mL shake flasks, with the 
corresponding total mcl-PHA production from APL shown in the inset. (D) Fluorescence 
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imaging of cells at 0, 12, and 48 h stained with Nile Red demonstrates mcl-PHA production from 
APL (top). Fluorescence quantitation of P. putida cells from the APL conversion as a function of 
time adjusted to an equivalent cell density (bottom). Biological APL conversion by P. putida in a 
14-L fermenter (right). 
    
 
 
110 
 
Figure 3.7 Flow cytometry of model compounds. Shake flask cultures of P. putida were grown 
with single model compounds including (A) p-coumaric acid, (B) ferulic acid, (C) glucose, and 
(D) acetate, each at a concentration of 2 g/L. Flow cytometry analysis of the relative cell 
fluorescence (610 nm), indicative of mcl-PHA production, was performed on the initial 
inoculum, 6 h, and 48 h cultivation time points.   
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Figure 3.8 Mixed model compound substrate utilization. Shake flask cultures of P. putida were 
grown with mixed model compounds including p-coumaric acid, ferulic acid, glucose, and 
acetate, each at a concentration of 0.3 g/L with the exception of acetate at 1.0 g/L. Data are 
provided in (A) g/L of substrate, and (B) percent substrate concentration normalized to the initial 
loading, with the corresponding total mcl-PHA production shown in the inset.  
  
1.0
0.8
0.6
0.4
0.2
0.0
Su
bs
tra
te
 (g
/L
)
 
403020100
Time (h)
 
Ferulic acid 
p-Coumaric acid 
Glucose 
Acetate 
Acetate 
(black) 
p-Coumaric acid 
(orange) 
Ferulic acid 
Glucose 
A B 
Mixed Model 48 h 
PHA 33% cdw 
PHA 0.12 g/L 
100
80
60
40
20
0
Pe
rc
en
t I
ni
tia
l S
ub
st
ra
te
 (%
)
 
403020100
Time (h)
 
    
 
 
112 
 
 
Figure 3.9 13C-enrichment levels in mcl-PHAs derived from APL. Mass 45 signal intensities and 
δ13C values for derivatized methyl esters of major hydroxyacids, 3-hydroxyoctanoic acid 
(HAME8), 3-hydroxydecanoic acid (HAME10), and 3-hydroxydodecanoic acid (HAME12) 
recovered from cultures grown on complex APL with (A) supplemented 13C-labeled p-coumaric 
acid, (B) supplemented 13C-labeled D-xylose, and (C) no 13C-labeled supplement. Comparable 
mass 45 signal profiles indicate similar HAME monomer distribution ratios, while positive δ13C 
values indicate significant 13C-enrichment due to labeled substrate incorporation into the mcl-
PHA polymer. The lack of enrichment with 13C-labeled xylose demonstrates that 13C transfer 
from supplemented carbon sources to mcl-PHAs is specific and dependent upon the presence of 
functional metabolic pathways, as P. putida KT2440 is unable to utilize xylose.   
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Figure 3.10 Flow cytometry of APL-derived Nile Red stained cells. mcl-PHA production in P. 
putida grown in (A, B) APL or (C, D) APL supplemented with 1 mM (NH4)2SO4 during 14-L 
cultivations. Additionally, a culture grown in APL supplemented with 10 mM (NH4)2SO4 (50-
mL culture volume in 250-mL baffled flasks) is shown to highlight the nitrogen dependence of 
mcl-PHA production in APL over 48 h (E, F).  
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Figure 3.11 APL-derived mcl-PHA physicochemical properties and catalytic upgrading to 
chemical precursors and fuels. (A) Example of thermal-catalytic upgrading pathway for mcl-
PHAs to chemical precursors and hydrocarbon fuels. (B) APL-derived mcl-PHAs and 
physicochemical properties including weight-average molecular weight (MWw), polydispersity 
index (PDI), glass transition temperature (Tg), melting point (Tm), and 5%-decomposition 
temperature (Td). (C) Initial mcl-PHA hydroxyacid composition (left) and alkane distribution 
(right) after thermal depolymerization and catalytic deoxygenation. 
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Figure 3.12. GPC chromatogram of mcl-PHAs before (right) and after (left) thermal 
depolymerization. The molecular weight distribution number average (MWn), weight average 
(MWw), and polydispersity index (PDI) are provided for each sample. Thermal depolymerization 
of mcl-PHAs was performed at 250°C for 30 min at temperature under an inert Ar atmosphere. 
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Figure 3.13. Thermal properties of mcl-PHAs determined by DSC and TGA. (A) Glass 
transition temperature (Tg), and (B) melting temperature (Tm) of mcl-PHAs, as measured by 
DSC. (C) Thermal decomposition temperature of mcl-PHAs, indicated by 5 wt% sample loss, as 
measured by TGA.    
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Figure 3.14 GC-MS TIC of alkenoic acids produced by thermal depolymerization of mcl-PHAs. 
Thermal depolymerization of mcl-PHAs was performed at 250°C for 30 min at temperature 
under an inert Ar atmosphere. Major identified compounds are listed in Table 3.2. 
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Figure 3.15 GC-MS TIC of hydrocarbons derived from the thermal depolymerization and 
catalytic deoxygenation of mcl-PHAs. Catalytic deoxygenation of mcl-PHAs was performed 
using with a Pt-Re/C catalyst using water as a solvent at 300°C for 180 min, with an initial 
reactor headspace pressurized to 2.75 MPa with H2 at ambient temperature. (A) GC-MS 
chromatogram and major identified product peaks for retention times between 3 and 14 minutes. 
(B) Chromatogram y-axis scale has been expanded from that presented in (A) to capture the full 
peak heights in this region. Major identified compounds are listed in Table 3.3. 
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Table 3.1 Low molecular weight compounds identified or reported (*) in 
APL by LC-MS-MS.  
Peak No. RT (min) Identified or reported compounds in APL 
1 2.3 Malonic acid 
2 2.7 Malic acid 
3 2.8 Acetic acid 
4 2.9 Lactic acid 
5 4.9 Citric acid 
6 9.4 Levulinic acid 
7 25.2 Salicylic acid 
8 25.3 Vanillyl alcohol* 
9 32.5 4-Hydroxybenzaldehyde 
10 35.6 Vanillic acid 
11 42.5 Syringic acid 
12 43.3 Vanillin 
13 46.4 Syringaldehyde 
14 46.6 Coniferyl alcohol* 
15 46.6 p-Coumaric acid 
16 47.7 Sinapyl alcohol* 
17 49.0 Ferulic acid 
18 49.9 Sinapic acid 
19 53.4 Coniferyl aldehyde* 
ND - Eugenol* 
ND - Guaiacol* 
ND - Syringol* 
* Known from previous literature65–75  
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Table 3.2.  Volatile components identified by GC-MS for the thermal 
depolymerization of mcl-PHAs. Repeated entries are indicative of isomeric 
forms, which are chromatographically separated. 
Peak No. RT (min) Catalytic Deoxygenation Species 
1 29.4 2-Hexenoic acid 
2 32.9 3-Octenoic acid 
3 33.1 2-Octenoic acid 
4 33.5 2-Octenoic acid 
5 36.5 3-Decenoic acid 
6 36.7 3-Decenoic acid 
7 37.3 2-Decenoic acid 
8 40.0 1-Tetradecene 
9 40.2 5-Dodecenoic acid 
10 40.7 2-Dodecenoic acid 
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Table 3.3. Volatile hydrocarbons identified by GC-MS derived from the 
thermal depolymerization and catalytic deoxygenation of mcl-PHAs. 
Linear hydrocarbons were matched with known standards and cyclic 
hydrocarbons were identified using GC-MS NIST library matches.  
Peak No. RT (min) Compound Name 
1 3.4 Heptane 
2 6.8 Nonane 
3 8.2 Decane 
4 9.4 Undecane 
5 10.4 Dodecane 
6 10.9 Cyclic hydrocarbon 
7 11.3 Cyclic hydrocarbon 
8 11.4 Tridecane 
9 11.7 Cyclic hydrocarbon 
10 12.3 Tetradecane 
11 12.9 Cyclic hydrocarbon 
12 13.6 Branched hydrocarbon 
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Table 3.4. Fluorescence intensity as a function of APL concentration. The 
fluorescence intensity was normalized at an equivalent optical density. 
APL Concentration Fluorescence Intensity (t=24 hours) 
1x 99,600 ± 6,040 
5x 105,400 ± 10,842 
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CHAPTER 4 
ADIPIC ACID PRODUCTION FROM LIGNIN 1 
 
4.1 Abstract 
Lignin is an alkyl-aromatic polymer present in plant cell walls for defense, structure, and 
water transport. Despite exhibiting a high-energy content, lignin is typically slated for 
combustion in modern biorefineries due to its inherent heterogeneity and recalcitrance, whereas 
cellulose and hemicellulose are converted to renewable fuels and chemicals. However, it is 
critical for the viability of third-generation biorefineries to valorize lignin alongside 
polysaccharides. To that end, we employ metabolic engineering, separations, and catalysis to 
convert lignin-derived species into cis,cis-muconic acid, for subsequent hydrogenation to adipic 
acid, the latter being the most widely produced dicarboxylic acid. First, Pseudomonas putida 
KT2440 was metabolically engineered to funnel lignin-derived aromatics to cis,cis-muconate, 
which is an atom-efficient biochemical transformation. This engineered strain was employed in 
fed-batch biological cultivation to demonstrate a cis,cis-muconate titer of 13.5 g/L in 78.5 h from 
a model lignin-derived compound. cis,cis-Muconic acid was recovered in high purity (>97%) 
and yield (74%) by activated carbon treatment and crystallization (5°C, pH 2). Pd/C was 
identified as a highly active catalyst for cis,cis-muconic acid hydrogenation to adipic acid with 
high conversion (>97%) and selectivity (>97%). Under surface reaction controlling conditions 
(24°C, 24 bar, ethanol solvent), purified cis,cis-muconic acid exhibits a turnover frequency of 
23-30 sec-1 over Pd/C, with an apparent activation energy of 70 kJ/mol. Lastly, cis,cis-muconate 
                                                
1 A modified version of Chapter 4 was published in Energy & Environmental Science, 2015, 8,617-628. (D.R. 
Vardon co-lead author with co-lead authors M.A. Franden, C.W. Johnson, and E.M Karpk, as well as co-authors 
M.T. Guarnieri, J.G. Linger, M.J. Salm, T.J. Strathmann, P.T. Pienkos, and G.T. Beckham). 
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was produced with engineered P. putida grown on a biomass-derived, lignin-enriched stream, 
demonstrating an integrated strategy towards lignin valorization to an important commodity 
chemical. 
 
4.2 Introduction 
Lignocellulosic biomass offers a vast, renewable resource for the sustainable production 
of fuels, chemicals, and materials. To date, polysaccharides have been the primary biomass 
fraction of interest in selective conversion processes, leaving significant opportunities for 
valorizing underutilized components such as lignin.1–3 Lignin, a heterogeneous aromatic 
polymer, is the second most abundant biopolymer after cellulose, representing 15 to 40% dry 
weight of plants; despite its abundance, the inherent heterogeneity and recalcitrance of lignin 
typically limits its use to heat and power in biochemical conversion processes.2,4 However, as 
next generation biorefineries come online to produce carbohydrate-derived fuels at commodity 
scale, large quantities of lignin will be generated, with recent analysis pointing that lignin 
valorization can play a key role for their economic viability and environmental sustainability.1,3,5  
In nature, lignin depolymerization is accomplished primarily by powerful oxidative 
enzymes secreted by rot fungi and some bacteria.6 This process releases aromatic monomers 
during plant cell wall deconstruction, and multiple strategies have evolved for metabolism of 
these aromatic species. The most studied aromatic catabolic approach employs upper pathways 
to channel aromatic molecules into the b-ketoadipate pathway via central intermediates, such as 
catechol and protocatechuate.7,8 This strategy offers a direct means to upgrade a heterogeneous 
slate of lignin-derived aromatic species via a “biological funneling” approach.9  
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Catechol is a primary central intermediate from the upper pathways into the b-ketoadipate 
pathway. Many aromatic-catabolizing organisms employ a catechol-1,2-dioxygenase enzyme to 
ring open catechol to cis,cis-muconate (hereafter referred to as muconic acid or muconate), 
which is a promising intermediate for commodity chemicals. Muconate is situated well before 
aromatic-derived species enter central carbon metabolism (i.e., the tricarboxylic acid (TCA) 
cycle), allowing for much greater atom efficiencies compared to products derived from acetyl-
CoA (e.g., lipids, polyhydroxyalkanoates), the latter which require additional metabolic steps 
that divert carbon to microbial biomass production and CO2. Previous demonstrations for 
biological production of muconate via catechol ring-opening have focused on food-grade or 
single feedstocks, such as glucose,10,11 benzoate,12 catechol,13 and styrene.14  
Muconic acid can be converted into myriad downstream products, including adipic acid, 
which is the most commercially important dicarboxylic acid.15 Adipic acid has a market volume 
of 2.6 million tons per year with an annual demand growth forecast of 3-3.5% globally.16 It has 
uses as a polymer precursor for nylon, plasticizers, lubricants, and polyester polyols.15,17 
Conventional adipic acid production involving nitric acid oxidation of benzene is highly 
damaging to the environment.15 However, a recent analysis of biorefinery lignin utilization for 
adipic acid production points to major economic and greenhouse gas offsets using an integrated 
biological and chemical catalysis approach.5 
To effectively convert lignin to adipic acid, the development of integrated downstream 
separations and catalysis, alongside metabolic engineering, will be critical for commercially 
viable technologies, as illustrated in Figure 4.1. Separation processes alone have been estimated 
to account for up to 60% of the final product cost for sugar-derived fermentation acids, such as 
lactic acid and succinic acid, a scenario likely to be encountered with muconic acid as well.18 
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Likewise, the impact of trace fermentation impurities unique to lignin in downstream separations 
and catalysis has yet to be explored. To date, only demonstration reactions have been performed 
for the catalytic reduction of glucose-derived muconic acid to adipic acid,10,11 and questions 
remain regarding catalyst activity screening, the impact of upstream separations, and the intrinsic 
activity parameters under surface reaction controlling conditions. 
Here, we demonstrate an integrated scheme for the conversion of lignin to adipic acid via 
biologically derived muconic acid. Specifically, we engineered P. putida KT2440 to funnel 
lignin-derived aromatics to muconate as the organism is amenable to genetic manipulation, 
tolerant to a wide variety of physical and chemical stresses, and capable of utilizing numerous 
lignin-derived aromatic molecules.19 To purify muconic acid from culture media, we leveraged 
the ring-opened aliphatic structure of muconic acid relative to aromatic feedstocks and metabolic 
intermediates via preferential adsorption of the latter, followed by low temperature and pH 
crystallization.20 Noble metal catalysts were screened for muconic acid hydrogenation, and the 
most active formulation was evaluated under surface reaction controlling conditions to estimate 
the turnover frequency and apparent activation energy. Lastly, muconate was produced 
biologically from a corn-stover derived, lignin-enriched stream, serving as proof-of-concept for 
an integrated biological and chemical lignin valorization process. 
 
4.3 Results 
4.3.1 Metabolic engineering for muconate production 
Muconate is produced natively in P. putida by the action of a catechol-1,2-dioxygenase 
enzyme as an intermediate in the catechol branch of the b-ketoadipate pathway.19 
Protocatechuate is metabolized via another branch of the b-ketoadipate pathway that does not 
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include muconate as an intermediate. Given that many lignin-derived species will be funneled 
through one of these two central aromatic intermediates, our metabolic engineering strategy 
aimed to convert aromatics from both the catechol and protocatechuate branches of the b-
ketoadipate pathway to muconate, as shown in Figure 4.2. To capture aromatic species that are 
metabolized through protocatechuate, pcaHG, which encodes a protocatechuate 3,4 dioxygenase, 
was replaced with aroY, encoding a protocatechuate decarboxylase from Enterobacter cloacae21 
(Figure 4.3) using a marker-free homologous recombination system.22,23 This enabled the 
conversion of protocatechuate and upstream metabolites to catechol, while simultaneously 
eliminating further catabolism of protocatechuate to b-ketoadipate.  
P. putida was then engineered to expand substrate utilization and to eliminate further 
metabolism of muconate. Intradiol ring opening of catechol to muconate is accomplished by two 
redundant dioxygenases, CatA and CatA2. CatA is encoded along with CatB and CatC, the next 
two enzymes in the catechol branch of b-ketoadipate pathway, in an operon regulated by CatR, a 
LysR family transcriptional regulator.24 In order to eliminate further metabolism of muconate 
and enable strong, constitutive expression of CatA, a genomic section containing catR, catBC, 
and the promoter for catBCA was replaced with the tac promoter.25 Lastly, as phenol is a 
commonly-derived lignin intermediate, we integrated the genes encoding the phenol 
monooxygenase from Pseudomonas sp. CF600,26 dmpKLMNOP, downstream of catA to form an 
operon driven by the tac promoter (Figure 4.3).   
The metabolic performance of the engineered P. putida strain, KT2440-CJ103, was 
evaluated in shake-flask experiments to demonstrate substrate utilization and production of 
muconate from model lignin-derived monomers, using acetate as a carbon and energy source 
(Figure 4.4, further details provided in Figure 4.5). KT2440-CJ103 successfully produces 
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muconate from catechol, phenol, and benzoate via the catechol branch, as well as from 
protocatechuate, coniferyl alcohol, ferulate, vanillin, caffeate, p-coumarate, and 4-
hydroxybenzoate via the protocatechuate branch. We observed muconate yields ranging from 
14% with coniferyl alcohol to 93% with benzoate. For compounds metabolized through vanillate 
(coniferyl alcohol, ferulate, and vanillin), yields were quite low with substantial accumulation of 
the intermediate vanillate, likely due to regulation as discussed below. In contrast, for 
compounds metabolized through the catechol branch (phenol, catechol, benzoate), as well as p-
coumarate and 4-hydroxybenzoate, yields were significantly higher. Lastly, substrate loss from 
abiotic oxidation (data not shown) contributed to reduced yields from caffeate, and to a lesser 
extent, catechol. Additional experiments to test the influence of glucose or acetate as a co-fed 
carbon source for energy and cell growth showed higher muconate yields from cultures grown on 
glucose, likely due to the additional reducing equivalents and ATP generated by glucose 
metabolism (Table 4.1).  
 
4.3.2 Fed-batch biological conversion with p-coumarate 
We next sought to demonstrate the performance of the engineered strain in a fed-batch 
bioreactor experiment, expecting that greater production of muconate could be achieved with 
increased aeration, pH control, and a metered dosing of substrates for growth and conversion. 
Dissolved oxygen static (DO-stat) fed-batch biological conversion by KT2440-CJ103 yielded a 
muconate titer of 13.5 g/L after 78.5 h using p-coumarate as a model lignin monomer substrate, 
over 15 times greater than shake flask results (Figure 4.4B). Preliminary experiments indicated 
that muconate production from p-coumarate was significantly inhibited in the presence of excess 
glucose or acetate, potentially due to catabolite repression control or other regulatory 
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inhibition.27–29 Therefore, DO-stat was used to maintain glucose levels below 1 mM30 and co-
feed p-coumarate and ammonium sulfate (Figure 4.6). During the course of cultivation, 
protocatechuate buildup occurred. Moreover, as the cultivation progressed past 60 h, muconate 
levels plateaued and 4-hydroxybenzoate, a metabolite upstream of protocatechuate, accumulated. 
The color of the culture medium darkened over time, as shown in Figure 4.4, first panel. It may 
be possible to achieve higher yields with less by-product formation via strain development and 
process optimization, as discussed below. 
 
4.3.3 Separation and recovery of muconic acid 
To ultimately produce high-purity adipic acid as a final product from lignin, our next goal 
was to recover muconate selectively from cell-free culture media as impurities resulting from 
biological conversion media and aromatic intermediates will undoubtedly affect the quality and 
performance of adipic acid during polymerization or subsequent chemical transformations. The 
biological ring opening of muconate allowed for facile purification from culture media 
containing non-target aromatic metabolites (e.g., protocatechuate and 4-hydroxybenzoate) using 
activated carbon due to the high adsorption affinity of oxygenated aromatics in comparison to 
aliphatic acids.31,32 After adding activated carbon to the culture media at 12.5% (wt/vol) with 
stirring for 1 h,33 nearly complete removal (below detectable limit by HPLC) of protocatechuate 
and 4-hydroxybenzoate was achieved, while the majority of muconate (89% of initial culture 
media concentration, mass/vol) remained in solution (Figure 4.7). Muconic acid was then 
crystallized by reducing the pH and temperature, following from the strong pH and temperature 
dependence of dicarboxylic acids.33,34 At pH 2 and 5°C, muconic acid readily precipitated from 
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solution and crystals were recovered by vacuum filtration. This method recovered 74% of the 
muconic acid in the purified broth with a high degree of purity (>97%), as shown in Fig. 3. 
 
4.3.4 Catalytic hydrogenation of muconic acid to adipic acid 
Catalyst screening experiments were then conducted to identify highly active materials 
for muconic acid hydrogenation at low temperature and pressure. Commercial noble metal 
catalysts supported on carbon were initially tested at 5 wt% loading, including Pd, Pt, and Ru. 
Characterization of the virgin catalyst materials (Figure 4.8, Table 4.2) revealed the metals were 
dispersed as small crystallites, with comparable support surface areas (705-1075 m2/g), pore 
volumes (0.51-0.71 mL/g), and a wider range of exposed active metal areas (22-51% dispersion). 
Screening experiments found that Pd/C was by far the most active catalyst, with consistent 
activity trends when using M9 culture media (aqueous solution containing salts to support 
biological growth) or ethanol, as a representative protic polar organic solvent (Figure 4.9). 
During the course of the reaction, 2-hexenedioc acid was observed as the primary intermediate, 
likely due to the low temperature conditions that minimized competing nonselective reaction 
pathways (Figure 4.10). For reactions that went to completion with Pd, selectivity to adipic acid 
was >97% (mol/mol) (Figure 4.8). 
Additional hydrogenation conditions were examined with Pd/C to (i) determine its 
activity under surface reaction controlling conditions, (ii) evaluate the apparent activation energy 
for muconic acid reduction, and (iii) demonstrate its utility with muconic acid recovered from 
fed-batch biological conversion. Experiments conducted at two different Pd loadings (1 wt% and 
2 wt% Pd/C) exhibited comparable turn over frequencies (TOF; 23 ± 6 sec-1 and 30 ± 6 sec-1, 
respectively, at 24 bar of hydrogen and 24°C in ethanol), supportive of surface reaction 
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controlling conditions by the Koros-Nowak criterion (ESI Fig. S6†).35 Experiments to measure 
the hydrogenation rate of muconic acid at varying temperatures estimated an apparent activation 
energy of ~70 kJ/mol (Figure 4.8C, Figure 4.12), significantly above values indicative of mass 
transfer limitation (<20 kJ/mol).36 Hydrogenation with Pd/C was then demonstrated with 
muconic acid obtained from fed-batch biological conversion of p-coumarate after activated 
carbon purification and crystallization. Hydrogenation at room temperature progressed rapidly in 
a series reaction (Figure 4.8D, muconic acid TOF 25 ± 3 sec-1), resulting in high purity adipic 
acid as the final product (>97% mass/mass. Variability in sample mass closure was attributed to 
error introduced during sampling and filtration of reactor contents prior to analysis, as well as 
potential adsorption of organics to the catalyst carbon support, with individual species 
concentrations and molar closure provided in Table 4.3. After the reaction, analysis of the 
ethanol solvent indicated that leaching of Pd occurred to a minor extent (7 µg/L, 0.8% of the 
loaded metal), which can occur due to the acidic liquid phase conditions employed.37  
 
4.3.5 Biological conversion of depolymerized lignin  
Lastly, as an initial proof of concept for this process scheme, muconate was produced 
from biomass-derived lignin in shake flask conditions. Namely, alkaline pretreatment with 
NaOH and anthraquinone (AQ) was applied to corn stover at 70 mg NaOH/g dry biomass with 
an AQ concentration of 0.2 wt% of dry stover, in a manner similar to our previous work.9,38 The 
resulting alkaline pretreated liquor (APL) stream contains a substantial amount of lignin-derived 
aromatics, acetate, biomass extractives, and very minor concentrations of sugars (<0.5 g/L of any 
monomeric sugar).9,38 The pH of APL was reduced to 7 with the addition of H2SO4. The liquor 
was then filtered through a 0.2 µm filter for sterilization and to remove residual solids. Flasks 
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containing 25 mL M9 minimal medium supplemented with 0.9X APL were then inoculated with 
P. putida KT2440 or KT2440-CJ103 and cultured for three days. Following biological 
conversion, cells were removed by centrifugation and activated carbon (12.5 wt/vol%) was 
added to the remaining culture media to remove non-target aromatics and facilitate analysis by 
HPLC. The complexity and pH sensitivity of APL impedes direct quantitative compositional 
analysis by conventional methods;39 however, analysis by HPLC detected significant levels of 
muconic acid in cultures grown with P. putida KT2440-CJ103, while no significant quantities 
were detected in the blank APL control sample or with the native P. putida KT2440 (Figure 
4.13A). Likewise, analysis of derivatized acids in unpurified culture samples by GC×GC-
TOFMS (time-of-flight mass spectrometry) confirmed the identity of muconic acid and 
displayed comparable trends in concentration, as shown in of Figure 4.13B.  
To track the conversion of primary aromatic and nonaromatic components in APL during 
shake flask cultivation, GC×GC-TOFMS was also employed. Analysis of APL determined that 
p-coumarate and ferulate were initially present at significant levels (0.92 g/L and 0.34 g/L, 
respectively), in addition to the short chain acids glycolate and acetate (0.46 g/L and 0.10 g/L, 
respectively), as shown in Figure 4.13C. Other aromatic acids, including benzoate, caffeate, 
vanillate, and 4-hydroxybenzoate, were not detected in significant levels (> 0.01 g/L). During 
shake flask cultivations, P. putida KT2440-CJ103 rapidly consumed glycolate and acetate, which 
can be used as sources of carbon and energy for growth. The primary aromatic components, p-
coumarate and ferulate, were converted to 0.70 g/L of muconate after 24 h (Figure 4.13C). 
Based on the consumption of these two major aromatic acids, the molar yield to muconate was 
67%. 
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4.4 Discussion 
Techno-economic analysis has suggested that lignin valorization will become essential 
for the production of advanced biofuels.5 As recently reviewed,1 lignin valorization will be 
enabled by many different technological advances including  genetic modifications of plants,40–
43, new biomass pretreatment and depolymerization technologies3,38,44–47, tailored separation 
processes,48 and catalytic product-slate diversification. Leveraging these developments for lignin 
valorization holds potential to capitalize on the unique aromatic functionality that greatly 
differentiates lignin from polysaccharides. Almost invariably, lignin depolymerization strategies 
result in a multitude of aromatic compounds.1,3,49 Tasking microorganisms to funnel these 
heterogeneous organic molecules to simplified product streams can potentially overcome this 
limitation,9 but significant considerations remain to realize this general approach. 
Efficient conversion of substrate to product and high product yields are of crucial 
importance for economically viable biomass upgrading strategies. Unlike molecules targeted as 
products for biomass upgrading that are derived from pyruvate (ethanol, lactic acid), acetyl-CoA 
(fatty acids, wax esters, PHAs), or the TCA cycle (succinic acid), production of muconate occurs 
upstream of central carbon metabolism and thus is not subject to the competing interests of a 
growing cell and losses in carbon due to CO2 and biomass production.  Namely, conversion of 
aromatic molecules to muconate at high yields can occur concomitant with growth on non-
aromatic substrates, such as acetate or glucose as demonstrated here. Indeed, yields from 
benzoate in our shake flask studies were 93% of the theoretical maximum.  
Some other aromatic substrates, however, were not converted as efficiently, resulting in 
lower yields and the accumulation of intermediates such as protocatechuate, 4-hydroxybenzoate, 
and vanillate. It is likely that some of this accumulation is the result of transcriptional or 
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translational regulation of enzymes in these pathways. It is well known that many the aromatic 
degradation pathways involved in the production of muconate are controlled by transcriptional 
regulators.8,50 While catR has been deleted in the production strain reported in this study, other 
transcriptional regulators such as BenR and VanR are likely to have contributed to accumulation 
of intermediates. It is also likely that transcription or translation of some of the enzymes involved 
are regulated, either directly or indirectly, by the Crc (catabolite repression control) protein. Crc 
is a global translational regulator that binds to specific RNA sequences to inhibit translation of 
targeted mRNAs and has been shown to regulate induction and repression of the catabolic 
pathways of amino acids, sugars, hydrocarbons, or aromatic compounds.27–29 If transcriptional 
and/or translational regulation is a contributing factor in the accumulation of intermediates 
observed here, further engineering could be employed to affect expression of regulatory proteins 
or alter the binding targets of such proteins.  
In addition to transcriptional and translational regulation, the enzymes involved could 
also be limited by kinetics or the thermodynamics of the reactions they catalyze. The 
protocatechuate decarboxylase, being an exogenous enzyme that is constitutively expressed in P. 
putida KT2440-CJ103, should not be regulated in transcription or translation. Nonetheless, an 
accumulation of protocatechuate was observed when producing muconate. This accumulation 
occurs in absence of an accumulation of the product, catechol, suggesting that equilibrium 
limitations are not present. Based on these observations, we hypothesize that either the specific 
activity of this protocatechuate decarboxylase is insufficient and/or that this enzyme is inhibited 
by muconic acid. Increasing the gene dosage of aroY or increasing the specific activity of the 
enzyme using protein engineering could be useful strategies for overcoming the accumulation of 
protocatechuate. 
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Finally, abiotic factors could also affect the conversion of these aromatic molecules to 
muconic acid. As mentioned previously, many of the cultures become darker with time. Indeed, 
in the absence of cells, the concentrations of some of the aromatic molecules decrease 
substantially in M9 minimal medium on similar time scales to the cultivation experiments and 
these solutions darken (data not shown). Oxidation products were not detected using the 
analytical methods described here, but the dark color of the spent media and the inability in some 
cases to account for all of the carbon metabolized by adding the muconic acid product with the 
intermediates accumulated suggests abiotic oxidation likely contributed to the lower yields 
observed in some cases. Further optimization of growth conditions might be useful in 
minimizing this oxidation, while increasing the activity of the individual enzymes may reduce 
the accumulation of intermediates that are likely to oxidize. 
Regarding muconate production from biomass-derived lignin, further optimization of 
lignin depolymerization and bioprocess engineering, in addition to the metabolic engineering 
strategies discussed above, can provide a direct path forward for industrially relevant 
productivities and yields. In the current study, a biomass-derived, lignin-enriched substrate, APL, 
was used.38 Alkaline treatment of biomass is typically used either in pulping to delignify biomass 
(at high severity), or as a pretreatment strategy to remove acetate and partially delignify biomass 
(at low severity).38,51 However, in both cases, the resulting black liquor is not traditionally slated 
for subsequent upgrading. Thus, optimization of the alkaline pretreatment step has not been 
thoroughly conducted to our knowledge to yield a substrate with sufficiently high monomer 
concentrations required for industrially relevant biological conversion to muconate. With regards 
to bioprocess engineering, previous studies on non-lignin substrates have demonstrated that 
substantial process improvements can be achieved through control of substrate, growth media, 
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and oxygen delivery.11,30,52 As such, coupled optimization of all aspects will be required to 
achieve industrially relevant muconate titer, productivity, and yield from lignin derived 
substrates.  
In addition to improving yields during biological conversion, cost-effective separation 
strategies will be essential for valorizing lignin due to the necessary high carbon-to-product yield 
and purity requirements for renewable commodity chemicals. As noted previously, separation of 
biologically produced acids has been estimated to account for over 60% of production costs.18 
Selection of metabolic pathways that dramatically alter the chemical functionality of the parent 
lignin monomer (e.g., oxidative ring-opening to dicarboxylic acids) and its physicochemical 
properties (e.g., solubility, pKa)48 can greatly reduce the process intensity for separations. As 
demonstrated with the fed-batch conversion of p-coumaric acid, selective adsorption of non-
target aromatic metabolites with activated carbon provides a facile mechanism for purifying 
muconic acid. Development of novel adsorbents that allow for non-target metabolite release and 
recycle can also maximize carbon utilization efficiency, similar to strategies being examined for 
oil spill remediation.53 After purification, crystallization of muconic acid retains highly soluble 
salts and low molecular weight acids in the aqueous phase, minimizing the impact of impurities 
on downstream catalysis and end product purity. Although a fraction of muconic acid remained 
soluble in the culture media (~3.4 g/L) at low temperature and pH, higher titers in the culture 
media can greatly improve the fractional recovery by crystallization, which will be pursued in 
future studies. 
As illustrated in this work, biological funneling can greatly simplify downstream catalytic 
processing for valorizing lignin as it can yield single intermediates.9 Target compounds from 
biological conversion can be judiciously selected to ensure catalytic pathways are atom efficient, 
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while maintaining the high degree of chemical functionality inherent to biomass.54 This is 
exemplified with muconic acid, in which the dicarboxylic functionality is retained for purposeful 
end-use as a polymer precursor, in lieu of full deoxygenation to hydrocarbon fuels. As 
demonstrated in this and previous efforts,10,11 hydrogenation of muconic acid to adipic acid is 
nearly quantitative at mild temperatures, greatly reducing catalytic process intensity. 
Within the framework of integrated bio-catalytic processing, advancements in catalyst 
design and engineering can also accelerate the use of lignin as feedstock for renewable chemical 
production. Knowledge regarding the activity and stability of conventional noble metals for 
muconic acid hydrogenation can provide a baseline for improved catalyst design. In worldwide 
catalysis efforts, material substitutes are currently being developed for platinum group metals to 
achieve comparable activity for chemistries critical to biomass valorization. Strategies include 
alloying primary metals with low-cost secondary metals,55,56  utilizing earth abundant metal 
oxides and carbides,57,58 and enhancing activity and selectivity through tailored synthesis of 
metal crystallite size, shape, and facets.59,60 In addition to material design, knowledge regarding 
the activity of these catalysts in solvent systems compatible with separation processes and their 
sustained performance in the presence of residual impurities from biological conversion will be 
key to their development and implementation at scale.  
 
4.5 Conclusion 
Lignin has typically been viewed as a small volume or niche feedstock, such as for the 
production of vanillin or lignosulfonates, given its intrinsic heterogeneity and recalcitrance. In 
the context of biofuels production, lignin is currently seen through a similar lens, with initial 
biorefinery designs slating lignin for heat and power despite having a higher energy density and 
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C:O ratio than polysaccharides. However, recent economic and environmental analysis has 
shown that lignin valorization will be an essential component of next generation lignocellulosic 
biorefining.5 To that end, here we have demonstrated an integrated strategy to combine 
biological funneling, separations, and chemical catalysis to produce adipic acid from lignin-
derived aromatic molecules. More broadly, the ability to funnel a heterogeneous mixture of 
lignin-derived species coupled to the use of a tunable biocatalyst, tailored separations, and 
catalytic upgrading will enable the production of targeted, single intermediates with high atom 
efficiency, thus overcoming the intrinsic heterogeneity of lignin – the primary technical hurdle in 
lignin valorization. This overall co-design concept for lignin valorization offers a versatile path 
forward for the production of fuels, chemicals, and materials from lignin. 
 
4.6 Methods 
4.6.1 Strains, media, and growth conditions  
Cells and media used for plasmid construction and gene replacements are described in 
Supplemental Information, Figure 4.3, Table 4.4, and Table 4.5. P. putida KT2440 (ATCC 
47054) and its derivatives were grown shaking at 225 rpm, 30°C, in LB Broth or LB plates. 
During gene replacement, sucrose selection was performed on YT+25% sucrose plates (10 g/L 
yeast extract, 20 g/L tryptone, 250 g/L sucrose, 18 g/L agar). Shake flask and bioreactor 
experiments were performed using modified M9 minimal media containing 13.56 g/L disodium 
phosphate, 6 g/L monopotassium phosphate, 1 g/L NaCl, 2 g/L NH4Cl, 2 mM MgSO4, 100 µM 
CaCl2, and 18 µM FeSO4 (MM). Details regarding plasmid construction and gene replacement 
are described in Supplemental Information. 
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4.6.2 Shake flask experiments with model monomers and APL 
Fed batch and shake flask experiments were performed using 125 mL baffled flasks 
containing 25 mL modified M9 media supplemented with 10 mM sodium benzoate, coniferyl 
alcohol, ferulate, vanillin, caffeate, p-coumarate, 4-hydroxybenzoate or 5 mM phenol and 20 
mM sodium acetate or 10 mM glucose. For shake flask experiments in which cells were grown 
on alkaline pretreated liquor (APL), M9 was supplemented with APL at a concentration of 
0.9X.9 Cultures inoculated with cells washed in modified M9 medium to OD600 0.05, then 
incubated shaking at 30°C, 225 rpm. Every 12 hours, cultures were sampled for HPLC, OD600, 
and pH measurement, pH adjusted, and fed sodium acetate or glucose. For cultures at pH > 7.4 
or < 6.6, the pH was adjusted to 7.0 by adding 1N HCl or 1N NaOH. 20 mM or 10 mM glucose 
was added before returning the cultures to the incubator. Substrates and products were analyzed 
as described in Supplemental Information. 
 
4.6.3 Fed-batch fermentation 
A seed batch culture of P. putida KT2440-CJ103 was started in a shake flask and grown 
overnight in LB, 30°C, 225 rpm.  The next morning, cells were centrifuged 3,800×g, 10’ and 
washed once with MM containing 10 mM glucose.  Cultures were transferred to 700 mLs of the 
same medium in a 2L Applikon (Applikon Biotechnology, Inc.) EZ Control 2L bioreactor, 
starting at an initial OD600 of 0.2. Base pH was controlled by 2N NaOH to pH 7.  The 
temperature was maintained at 30°C.  Mixed air was used to deliver oxygen at a flow rate of 2 
L/min. DO saturation was manually adjusted to ~ 50% by varying stirrer speed, from 250 to 650 
rpm, and then maintained at 650 rpm for the duration of the experiment. At 5 h, 2 mM p-
coumarate was added. When glucose was consumed at ~ 11.5 h, a large spike in DO was 
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observed, indicating that glucose was depleted and confirmed by YSI analysis. A separate pump 
was computer programmed to deliver for 30 seconds (~2.4 mL) a glucose: p-coumarate: 
ammonium sulfate (68.4:36.5:9 g/L) feed when DOT (dissolved oxygen tension) levels reached 
≥75%. The feed caused a temporary drop in DOT to ~50%, until glucose concentrations fell 
again. As expected, DOT oscillations proceeded at similar frequencies (Figure 4.6), until the 
glucose:p-coumarate:ammonium sulfate feed was terminated at 75.5 h and the bioreactor was 
shut down at 78.5 h.    
 
4.6.4 Purification and crystallization 
Fed-batch fermentation broth was initially purified to remove non-target aromatic 
metabolites. The broth was purified by the addition of 12.5 w/v% activated carbon (Sigma 
Aldrich, Darco 100 mesh) with stirring at 350 rpm for 1 h.33 Activated carbon was removed via 
vacuum filtration (0.2-µm PES filter assembly, Nalgene).  
Muconic acid crystallization was initiated by adjusting the filtrate pH to 2 by HCl 
addition. The broth was chilled to 5°C and precipitated crystals were recovered by vacuum 
filtration (Nalgene). Crystals were dried for 24 h in a vacuum oven and weighed, prior to 
analysis by HPLC. Muconic acid purity post activated carbon, recovery following crystallization, 
and crystal purity were calculated based on Eqn. 4.1-4.3, respectively. 
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4.6.5 Catalysis 
Commercial monometallic noble metal catalysts were screened for their hydrogenation 
activity with muconic acid. Catalysts at 5 wt% loading on activated carbon were obtained from 
Sigma Aldrich (Pt Pd, and Ru) and 1 wt% Pd/C was obtained from Alfa Aesar. Virgin catalyst 
materials were initially characterized to determine their average crystallite size and long-range 
order by x-ray diffraction, support surface area and pore volume by nitrogen physisorption, and 
active metal surface area by hydrogen chemisorption, with details described elsewhere.61 Due to 
the high sensitivity of Pd dispersion with temperature,62 Pd samples were reduced under flowing 
hydrogen (50 mL min-1, 10% H2 in Ar) at moderate temperature (125°C, 3°C min-1) and held for 
1 h. Following reduction, Pd samples were purged for 1 h under Ar and cooled to 45°C prior to 
H2/O2 titration. For calculations of Pd dispersion, the amount of hydrogen uptake that followed 
the second oxygen titration was used. A stoichiometry of 0.667 Pd sites per H2 molecule was 
assumed to remove oxidized Pd-O species in the form of water and form the reduced Pd-H 
species. 
Hydrogenation screening experiments with 5 wt% catalysts were performed in 200 proof 
ethanol using a Parr 5000 Multireactor system (Parr Instruments). For model compound studies, 
commercial cis,cis-muconic acid (Sigma Aldrich) was initially purified using activated carbon 
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and crystallized at low pH and temperature, as described above. Screening solvents included 
ethanol, as well as simulated culture media prepared with mock M9 culture media (Sigma 
Aldrich) adjusted to pH 7 with NaOH. Reactions were performed in triplicate using 75 mL 
vessels operating at 1600 rpm stirring, with hydrogen supplied at constant pressure by a 
distributed gas manifold operating in dead end mode. Samples were collected with an in situ 
sampling valve and syringe filtered (0.2-µm Nylon, VWR) prior to analysis by HPLC. After the 
reaction, leaching of Pd/C was determined by ICP-OES. The ethanol solution was vacuum 
filtered (0.2-µm PES filter assembly, Nalgene) and dried under nitrogen to remove solvent prior 
to analysis.  
Conversion of muconic acid was calculated by dividing the moles of muconic acid 
measured in each sample by the moles of muconic acid at time zero. Selectivity to adipic acid 
was calculated by dividing the moles of adipic acid measured by the moles of muconic acid 
converted in each sample. The reduction of muconic acid was modeled as pseudo-first order to 
estimate the rate constant using non-linear regression with GraphPad Prism version 6.00 
(Graphpad Software). Catalyst TOF was calculated by dividing the rate of muconic acid 
conversion (moles of muconic acid per second, estimated using the modeled pseudo-first order 
rate constant at 10% muconic acid conversion) by the moles of surface exposed active metal 
determined by chemisorption. 
To evaluate the influence of mass transfer on the observed rate of muconic acid 
hydrogenation, the TOF of Pd was compared at two different catalyst metal contents and at 
varying temperature. Pd/C catalysts were prepared in house at 1 wt% and 2 wt% metal loading 
by incipient wetness to evaluate their TOF by the Koros-Nowak criterion.35. Pd-acetate (Sigma 
Aldrich) was dissolved in acetone and loaded onto sieved activated carbon (<270 mesh). 
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Catalysts were dried overnight and reduced in flowing hydrogen at 125°C for 2 h. Experiments 
were performed in triplicate at elevated pressure (24 bar) to facilitate hydrogen mass transfer. 
The activation energy for muconic acid hydrogenation was then estimated with the Arrhenius 
equation by varying the temperature from 12-40°C and measuring the influence on the observed 
TOF with commercial 1% Pd/C obtained from Alfa Aesar. The 95% confidence intervals for the 
observed TOF were calculated using non-linear regression with GraphPad Prism version 6.00 
(Graphpad Software). 
  
4.6.6 Analysis of APL-derived muconate 
Activated carbon (12.5% w/v) was added to the samples taken from shake flasks with 
stirring for 1 h, prior to vacuum filtration (2 µm) and analysis by HPLC. To confirm the identity 
of muconic acid in APL, GCxGC-TOFMS analysis was performed. Acids present in the APL 
culture broth were converted to their ammonia salt form, reconstituted in pyridine and 
derivatized with the addition of N,O-Bis(trimethylsilyl)trifluoroacetamide (BSTFA), following a 
method similar to the one described by Alen et al.63 The derivatized acids were analyzed on a 
LECO Pegasus GCxGC-TOFMS system with a Gerstel autosampler. Samples were run at a 30:1 
split ratio using helium as a carrier gas and an injection volume of 1 µL. The first dimension 
utilized a 10-m Restek RTX-5 column and the second column dimension utilized a 0.75-m 
Agilent DB-1701 column. The mass spectrum and retention time of derivatized cis,cis-muconic 
acid was identified using a reference standard of cis,cis-muconic acid purchased from Sigma 
Aldrich that was converted to its ammonium salt form, dissolved in pyridine containing an 
internal standard of ammonium cylcohexane carboxylate and derivatized with BSTFA. For 
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quantification purposes, p-coumaric acid, ferulic acid, acetic acid and glycolic acid were also 
converted to their ammonium salts, reconstituted in pyridine, and derivatized with BSTFA.  
 
4.7 Supplemental Information 
4.7.1. Strains, plasmid construction, and gene replacement 
Competent NEB (New England Biolabs, Inc., Ipswich, MA) C2925 and Life 
Technologies (Grand Island, NY) TOP10 was used for plasmid construction of cis,cis-muconate 
producing and phenol utilizing strains, respectively. NEB 5-alpha F'Iq E. coli was used for all 
remaining plasmid constructions and were grown shaking at 225 rpm, 37°C, in LB Broth 
(Lennox) containing 10 g/L tryptone, 5 g/L yeast extract, 5 g/L NaCl or on LB plates containing 
15 g/L agar, with either 10 µg/mL tetracycline or 50 µg/mL kanamycin. E. coli was transformed 
according to the manufacturer’s instructions. 
Q5® Hot Start High-Fidelity 2X Master Mix (NEB) and primers synthesized by IDT 
(Integrated DNA Technologies, Inc., Iowa) were used in all PCR amplification for plasmid 
construction. Primer sequences are shown in Table 4.4. Plasmids were assembled using Gibson 
Assembly® Master Mix (NEB) according to the manufacturer’s instructions. The sequences of all 
plasmid inserts were confirmed using Sanger sequencing (GENEWIZ, Inc., South Plainfield, 
NJ). 
Plasmids for gene replacement were constructed in pCM433 (Addgene Inc., Cambridge, 
MA)22 or pK18mobsacB from ATCC (American Type Culture Collection, Manassas, VA)23, 
both of which are unable to replicate in P. putida and contain antibiotics to select for integration 
of the plasmid into the genome by homologous recombination and sacB to counter-select for 
recombination of the plasmid out of the genome. 
    
 
 
145 
The pCM433-based integration vector used to replace catRBCA with Ptac:catA 
(pMFL22) was constructed by Gibson assembly of 3 PCR products: LP29 and LP33 were used 
to amplify the homology region upstream from catA, LP30 and LP31 were used to amplify the 
tac promoter from Sigma pFLAG-CTC, LP32 and LP34 were used to amplify the entire coding 
region of catA including its native RBS. After assembly, the 2.2 kb fragment was amplified by 
PCR using primers LP29 and LP34, and cloned into the pCM433 vector using NotI sites. 
The pK18mobsacB-based plasmid for integration of the phenol monooxygenase genes 
(pMFL56) was constructed by Gibson assembly of 3 PCR fragments using primers LP53 and 
LP48 to amplify the catA homology region, LP49 and LP50 for amplification of six phenol 
monooxygenase genes, dmpKLMNOP using pVI1261 as the template (provided by Dr. Victoria 
Shingler from the Department of Molecular Biology at Umeå University)26, and primers LP51 
and LP54 for amplification of the homology region downstream from catA. Fragments were then 
cloned into pK18-mob vector using NotI sites. (Figure 4.3) 
In the plasmid for replacement of pcaHG with Ptac:aroY (pCJ023), the aroY gene 
(ADF69416) from Enterobacter cloacae ATCC13047 was optimized for expression in P. putida 
KT2440 using DNA 2.0’s Gene Designer software and synthesized in two overlapping gBlock 
fragments by IDT (Table 4.5). The first fragment also contained the tac promoter, which was 
separated from the initiating ATG by a ribosome binding site with the sequence 
AGAGGAGGGAGA, designed using the Salis Lab RBS Calculator v1.164 at 
https://salis.psu.edu/software/. These fragments were then assembled by Gibson assembly and 
Ptac:aroY was amplified from this assembly with primers oCJ165 and oCJ166. Approximately 1 
kb regions upstream and downstream of pcaHG were amplified using oCJ100/oCJ101, and 
oCJ102/oCJ103, respectively. The upstream region of homology, Ptac:aroY, and the downstream 
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region of homology were then assembled into pCM433 linearized with restriction enzymes AatII 
and SacI (NEB) (Figure 4.3). 
Gene replacement plasmids were transformed into P. putida strains by electroporation. 
LB broth was inoculated to an OD600 of about 0.02 and incubated shaking at 225 rpm, 30°C, 
until an OD600 of 0.5 – 0.7 was reached. Cells were then centrifuged at 4°C, washed twice in ice-
cold water and once in ice-cold 10% glycerol or 3 mM potassium phosphate (KPi), pH 7.0, 
before being resuspended in 1/100 of the culture’s original volume of 10% glycerol (or 3mM 
KPi). Cells were then stored at -80°C or transformed by electroporation immediately. For 
transformation, 5 µL (200 ng – 2 µg) of plasmid DNA was added to 50 µL of the 
electrocompetent cells, transferred to a chilled 0.1-cm electroporation cuvette, and electroporated 
at 1.6 kV, 25 uF, 200 ohms. 450 µL SOC outgrowth medium (NEB) was added to the cells 
immediately after electroporation and the resuspended cells were incubated shaking at 225 rpm, 
30°C, for one hour. The entire transformation was plated on LB agar plates containing 
appropriate antibiotics (30 µg/mL tetracycline for pCM433-based plasmids, 50 µg/mL 
kanamycin for pK18mobsacB-based plasmids) and incubated at 30°C overnight. Transformants 
were restreaked for single colonies on LB agar and incubated at 30°C overnight to reduce the 
possibility of untransformed cells being transferred. For sucrose counter-selection, restreaked 
transformants were streaked for single colonies on YT+20 or 25% sucrose plates (10 g/L yeast 
extract, 20 g/L tryptone, 250 g/L sucrose, 18 g/L agar) and incubated at 30°C overnight. P. 
putida KT2440 containing the sacB gene can grow, although very slowly, on YT+20% or 25% 
sucrose media. Therefore, colonies presumed to have recombined the sacB gene out of the 
genome – those colonies that were larger than most – were restreaked on YT+25% sucrose plates 
and incubated at 30°C overnight to reduce the possibility that cells that had not recombined 
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would be carried along with sucrose resistant isolates. Colonies from the second YT+25% 
sucrose plates were subjected to colony PCR to check for gene replacement at both junctions. 
These isolates were also plated on LB plates containing appropriate antibiotics to ensure that 
they had lost antibiotic resistance and, thus, represented pure gene replacements. The following 
designations of strains constructed for this publication are as follows:  P putida KT2440-MLF30 
(ΔcatRBCA::Ptac:catA), P putida KT2440-MFL59 (ΔcatRBCA::Ptac:catA:dmpKLMNOP) P. 
putida KT2440-CJ103 (ΔcatRBCA::Ptac:catA:dmpKLMNOP ΔpcaHG::Ptac:aroY). 
 
4.7.2. Analysis of organic substrates and products 
Concentrations of glucose, acetate, cis,cis-muconate, and remaining aromatic substrates 
and products were determined from filtered sample supernatants by high performance liquid 
chromatography (HPLC) on an Agilent1100 series system (Agilent USA, Santa Clara, CA) 
utilizing a Phenomenex Rezex RFQ-Fast Fruit H+ column (Phenomenex, Torrance, CA) and 
cation H+ guard cartridge (Bio-Rad Laboratories, Hercules, CA) operating at 85°C. Dilute 
sulfuric acid (0.01 N) was used as the isocratic mobile phase at a flow rate of 1.0 mL/min. 
Refractive index and diode array detectors were used for compound detection. By-products were 
identified by co-elution at the same retention time with pure compounds as well as having 
matching spectral profiles as that of pure compounds. 
Glucose and nitrogen (as the ammonium ion) was monitored using a YSI MBS 7100 
Analyzer (YSI Incorporated Life Sciences, Yellow Springs, Ohio).  
The cell density of the cultures was determined by measuring the optical density at 600 
nm (OD600) of the culture against an LB or M9 blank on a Beckman DU640 spectrophotometer 
(Beckman Coulter, Brea CA). In cultures that had turned dark during growth, the OD was 
    
 
 
148 
calculated by measuring the OD600 of the culture and subtracting the OD600 of the media 
following centrifugation to pellet cells.  
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4.9 Figures and Tables  
 
 
Figure 4.1. Integrated biorefinery process scheme to produce muconic and adipic acid from 
lignin. Alkaline pretreatment fractionates biomass and depolymerizes lignin to produce an 
aromatic-rich aqueous stream. Engineered P. putida then biologically funnels lignin-derived 
aromatics to muconate, which is purified and separated. Lastly, catalytic hydrogenation converts 
muconic acid to adipic acid, demonstrating a new class of lignin-derived commodity chemicals. 
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Figure 4.2. Biological funneling of lignin aromatics to muconate. P. putida KT2440 was 
engineered to delete genes encoding PcaHG and CatBC (red crossed arrow) and insert genes 
encoding AroY and DmpKLMNOP (green circled arrow), enabling biological funneling of 
diverse lignin-derived monomers to muconate. 
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Figure 4.3. Gene replacement of 3,4 protocatechuate decarboxylase genes (pcaHG) with aroY 
from Enterobacter cloacae (A) and substitution of catR and catBCA with  catA and 
dmpKLMNOP on one operon (B). 
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Figure 4.4. Biological conversion of lignin-derived aromatics to muconate. (A) Shake flask 
experiments using P. putida KT2440-CJ103 to convert benzoate, p-coumarate, phenol, and 4-
hydroxybenzoate (4-HBA) to muconate. (B) DO-stat fed-batch cultivation of P. putida KT2440-
CJ103 using glucose as a carbon source to convert p-coumarate to muconate. Horizontal arrows 
indicate corresponding axis for tracked compounds and optical density at 600 nm (OD 600). 
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Figure 4.5. Shake flask experiments with P. putida KT2440-CJ103 with model lignin 
monomers. Experiments were conducted in 125-mL baffled flasks containing 25 mL of M9 
media supplemented with 20 mM sodium acetate and 10 mM substrate, with the exception of 
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phenol and catechol, which were added at 5 mM due to growth inhibition at higher 
concentrations. Additional sodium acetate (20 mM) was added after 12 hours of growth and 
every 12 hours thereafter. Representative examples of duplicate experiments are shown. Note: 
Coniferyl alcohol was not monitored by HPLC (panel H). 
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Figure 4.6. Dissolved oxygen (DO) during course of DO-stat fed-batch cultivation of P. putida 
KT2440-CJ103. DO oscillation occurred simultaneously with the addition of the glucose:p-
coumarate:ammonium sulfate feed until process was terminated at 75.5 h and the bioreactor was 
shut down at 78.5 h.  
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Figure 4.7. Separation of muconic acid following fed-batch biological conversion of p-
coumarate. Fed-batch culture broth containing muconate derived from p-coumarate was purified 
using activated carbon to remove aromatic metabolic intermediates, which consisted primarily of 
protocatechuate (PCA) and 4-hydroxybenzoate (4-HBA). Following purification, muconic acid 
was recovered in high yield (74%) and purity (97%) by crystallization at reduced pH and 
temperature (pH 2, 5°C). 
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Figure 4.8. Catalytic hydrogenation of muconic acid to adipic acid. (A) X-ray diffraction 
analysis of commercial catalysts confirmed metals were highly dispersed as small crystallites, 
with additional material properties described in the Supplemental Information. Variations in 
XRD spectra with the carbon support were attributed to materials obtained from differing 
vendors. (B) Noble metal catalysts were first screened with purified muconic acid obtained 
commercially for hydrogenation to adipic acid under mild conditions, with pseudo-first order 
kinetic parameter fits indicated by dashed lines. Reactions were performed in triplicate, with 
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error bars indicating the conversion standard deviation. (C) The activity of commercial 1% Pd/C 
was evaluated under surface reaction controlling conditions to estimate the apparent activation 
energy for muconic acid hydrogenation in ethanol (EtOH) using the Arrhenius equation. (D) 
Catalytic conversion of muconic acid derived from fed-batch biological conversion of p-
coumaric acid following activated carbon purification and crystallization. Reaction conditions 
were as follows: temperature 24°C, muconic acid 200 mg, commercial 1% Pd/C 15 mg, H2 
pressure 24 bar, EtOH solvent 19.8 g. Typical mass closure was >97%, with species 
concentrations shown in Table 4.3. 
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Figure 4.9. Catalytic screening of muconic acid hydrogenation with noble metal catalysts in M9 
media. Hydrogenation reactions were performed using commercial Pd, Pt, and Ru on carbon 
catalysts (5 wt% metal loading) using in M9 media at 30°C. Reaction conditions were as 
follows: muconic acid 0.66 g, solvent 32.34 g, H2 pressure 4 bar, catalyst loading 25 mg, stirring 
1600 rpm. Reactions were performed in duplicate with error bars indicating conversion standard 
deviation. Dashed lines indicate pseudo-first order kinetic parameter fits.  
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Figure 4.10. Catalytic conversion of muconic acid to adipic acid, with 2-hexenedioic acid as the 
primary intermediate. Reaction conditions were as follows: muconic acid 200 mg, ethanol 
(EtOH) solvent 19.8 g, H2 pressure 24 bar, catalyst loading 15 mg, stirring 1600 rpm. Product 
identities were confirmed by GCxGC-TOFMS. 
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Figure 4.11. Koros-Nowak criterion to evaluate the influence of mass transfer on muconic 
acid hydrogenation with Pd/C.35 A slope of unity supports surface reaction-controlling 
conditions. Reductions were performed using 1 wt% and 2 wt% Pd/C catalyst synthesized in 
house. Reaction conditions were as follows: muconic acid 200 mg, ethanol (EtOH) solvent 19.8 
g, H2 pressure 24 bar, catalyst loading 15 mg, stirring 1600 rpm. Rates constants were estimated 
using pseudo-first order kinetic parameters. Reactions were performed in triplicate, with error 
bars representing the 95% confidence intervals for the estimated rate constant. 
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Figure 4.12. Influence of temperature on the activity of muconic acid hydrogenation with 
Pd/C. Reductions were performed using a commercial 1 wt% Pd/C catalyst from Alfa Aesar. 
Reaction conditions were as follows: muconic acid 200 mg, ethanol (EtOH) solvent 19.8 g, H2 
pressure 24 bar, catalyst loading 15 mg, stirring 1600 rpm. Reactions were performed in 
triplicate with error bars representing conversion standard deviations. Rates constants were 
estimated using pseudo-first order kinetic parameters, with dashed lines indicating parameter fits.  
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Figure 4.13. Biological production of muconate from a depolymerized lignin stream. (A) HPLC 
analysis of culture media purified by activated carbon confirmed that alkaline pretreated liquor 
(APL) was converted to muconic acid after 72 h by the engineered strain P. putida KT2440-
CJ103, while no significant quantities were detected using the native organism P. putida KT2440 
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or in blank APL. (B) GCxGC-TOF-MS analysis of derivatized acids in the unpurified culture 
samples confirmed the identity of muconic acid, with comparable trends in concentration. (C) 
Shake flask cultivation with P. putida KT2440-CJ103 in APL demonstrated that major aromatic 
acids and short chain acids were metabolized, producing a maximum muconate concentration of 
0.70 g/L after 24 h. 
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Table 4.1. Shake flask experiments with P. putida KT2440-CJ103 using 
model lignin monomers and supplemental glucose or acetate. Experiments 
were conducted in 125-mL baffled flasks containing 25 mL of M9 media 
supplemented with 20 mM sodium acetate or 10 mM of glucose and 10 
mM substrate. Muconate yields reported at 72 h. 
Substrate Muconate Molar Yield w/ Glucose (%) 
Muconate Molar Yield 
w/ Acetate (%) 
Benzoate 93.4 88.8 
Coumarate 90.2 69.2 
Ferulate 39.1 29.9 
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Table 4.2. Physisorption and chemisorption properties of catalysts 
evaluated for muconic acid hydrogenation. 
Catalyst Vendor SBET (m2/g) 
Pore Volume 
(cc/g) 
Dispersion 
(%) 
5% Pt Sigma 1075 0.71 51 
5% Pd Sigma 750 0.51 22 
5% Ru Sigma 705 0.66 38 
1% Pd Alfa Aesar 825 0.66 19 
1% Pd In-house 781 0.33 13 
2% Pd In-house 760 0.33 12 
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Table 4.3 Individual compound molar concentrations and molar closure 
during catalytic hydrogenation of muconic acid derived from the fed-batch 
biological conversion.  
Time 
(min) 
Muconic 
(mmol) 
2-HDA 
(mmol) 
Adipic 
(mmol) Molar Closure (%) 
0 57.6 0.0 0.0 100.0 
2.5 30.2 45.8 1.2 100.4 
5.0 13.0 71.2 5.2 102.8 
10.0 2.1 76.1 13.8 103.5 
15.0 0.0 61.1 23.5 101.8 
25.0 0.0 8.7 50.2 95.8 
35.0 0.0 0.0 56.8 98.7 
Reaction conditions were as follows: temperature 24°C, muconic acid 200 mg, 
commercial 1% Pd/C 15 mg, H2 pressure 24 bar, EtOH solvent 19.8 g. Typical 
mass closure was >97%.  
 
 
 
  
    
 
 
176 
Table 4.4. Primers used in construction of gene replacement plasmids 
Primer Sequence (5'-3') 
LP29 GCGACACGAAGCTGTATAGCCCTGCCCTATTG 
LP30 GCTATACAGCTTCGTGTCGCTCAAGGCG 
LP31 ACCTCGTATTGTGTGAAATTGTTATCCGCTCAC 
LP32 AATTTCACACAATACGAGGTAAGCACGATG 
LP33 CCGCGGCCGCCATCATTGAGACCGCGCG 
LP34 CCGCGGCCGCGTGACATAACCTCGAACTCAG 
LP48 CAGGACATCATCAGCCCTCCTGCAACGC 
LP49 GGAGGGCTGATGATGTCCTGCGCAAGCC 
LP50 AACCTCGAACTCAGATGCGCTTGAACAGG 
LP51 GCGCATCTGAGTTCGAGGTTATGTCACTGTGATTTTG 
LP53 ATCCCCGGGTACCGAGCTCGAATTCATGACCGTGAAAATTTCCCACACTG 
LP54 CAGCTATGACCATGATTACGAATTCTTGAATGCCGGCAACCCG 
oCJ100 CCGAAAAGTGCCACCTGACGTCGGCCTTGCTGCTGCAG 
oCJ101 GCCGCAGCTCGAGATCTGGAATTGTGAGAACGCCTGG 
oCJ102 AGATCTCGAGCTGCGGCCGCGGTGAAGCTTGGGGCC 
oCJ103 GCTGGATCCTCTAGTGAGCTCACGATTTCCCCATTGCCAG 
oCJ165 CCAGGCGTTCTCACAATTCCAGATCTG 
oCJ166 GAGCGGCCCCAAGCTTCACCGCGGCCGCTCACTTCTTGTCGCTGAACAGCTCTGG 
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Table 4.5. Sequence of synthetic DNA fragments containing the tac promoter and the E. cloacae aroY 
gene optimized for expression in P. putida K2440. The start and stop codons of aroY are indicated by bold 
text. 
Fragment 1: 
CCAGGCGTTCTCACAATTCCAGATCTGAGCTGTTGACAATTAATCATCGGCTCGTAT
AATGTGTGGAATTGTGAGCGGATAACAATTTCACACAGAGGAGGGAGAATGCAGAACCCGA
TCAACGACCTGCGCTCCGCGATCGCGCTGCTGCAACGCCATCCGGGTCACTACATCGAAACC
GACCACCCGGTCGACCCGAACGCCGAACTGGCCGGTGTGTACCGCCACATCGGTGCGGGTG
GCACCGTGAAACGTCCGACCCGCACCGGTCCAGCCATGATGTTCAACAGCGTGAAGGGCTAC
CCAGGCAGCCGCATCCTGGTGGGCATGCACGCCAGCCGTGAACGTGCCGCCCTGCTGCTGGG
CTGCGTGCCAAGCAAACTGGCGCAGCACGTGGGCCAGGCCGTGAAGAACCCGGTGGCCCCA
GTGGTGGTGCCAGCCAGCCAAGCCCCATGCCAAGAACAGGTGTTCTACGCCGACGACCCGG
ACTTCGACCTGCGCAAGCTGCTGCCAGCCCCAACCAACACCCCGATCGATGCCGGTCCGTTC
TTCTGCCTGGGCCTGGTGCTGGCGAGCGACCCGGAAGATACCAGCCTGACCGACGTGACCAT
CCACCGCCTGTGCGTGCAAGAGCGCGACGAGCTGAGCATGTTCCTGGCCGCCGGTCGCCACA
TCGAGGTGTTCCGCAAGAAGGCCGAAGCCGCCGGTAAGCCGCTGCCGGTGACCATCAACAT
GGGCCTGGACCCAGCCATCTACATCGGTGCCTGCTTCGAAGCGCCAACCACCCCGTTCGGCT
ACAACGAGCTGGGTGTGGCC 
Fragment 2: 
ACAACGAGCTGGGTGTGGCCGGTGCCCTGCGTCAGCAACCGGTGGAACTGGTGCAG
GGCGTGGCCGTGAAAGAGAAGGCGATCGCGCGTGCCGAGATCATCATCGAGGGCGAACTGC
TGCCAGGCGTGCGCGTGCGCGAAGATCAGCACACCAACACCGGTCACGCCATGCCGGAATT
CCCAGGCTACTGCGGTGAGGCCAACCCGAGCCTGCCGGTGATCAAGGTGAAGGCCGTGACC
ATGCGCAACCACGCCATCCTGCAGACCCTGGTGGGTCCGGGTGAGGAACACACCACCCTGGC
GGGTCTGCCGACCGAAGCCAGCATCCGCAACGCCGTGGAAGAGGCGATCCCAGGCTTCCTG
CAGAACGTGTACGCCCACACCGCCGGTGGCGGTAAGTTCCTGGGCATCCTGCAGGTCAAGAA
GCGCCAGCCGAGCGACGAAGGCCGTCAGGGCCAAGCCGCCCTGATCGCCCTGGCCACCTAC
AGCGAGCTGAAGAACATCATCCTGGTGGACGAGGACGTGGACATCTTCGACAGCGACGACA
TCCTGTGGGCCATGACCACCCGCATGCAGGGCGACGTGAGCATCACCACCCTGCCAGGCATC
CGTGGCCATCAGCTGGACCCGAGCCAGAGCCCAGACTACAGCACCAGCATCCGTGGCAACG
GCATCAGCTGCAAGACCATCTTCGACTGCACCGTGCCGTGGGCCCTGAAAGCCCGTTTCGAG
CGTGCCCCATTCATGGAAGTGGACCCGACCCCGTGGGCCCCAGAGCTGTTCAGCGACAAGAA
GTGAGCGGCCGCGGTGAAGCTTGGGGCCGCTC 
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CHAPTER 5 
CIS,CIS-MUCONIC ACID: DOWNSTREAM SEPARATION AND CATALYSIS TO 
BIO-ADIPIC ACID FOR NYLON-6,6 POLYMERIZATION 
 
5.1 Abstract 
cis,cis-Muconic acid is a polyunsaturated dicarboxylic acid that can be produced 
renewably via the biological conversion of sugars and lignin-derived aromatic compounds. 
Subsequently, muconic acid can be catalytically converted to adipic acid – the most 
commercially abundant dicarboxylic acid manufactured from petroleum. Nylon-6,6 is the major 
industrial application for adipic acid, consuming 85% of market demand; however, high purity 
adipic acid (99.8%) is required for polymer synthesis. As such, process technologies are needed 
to effectively separate and catalytically transform biologically derived muconic acid to adipic 
acid in high purity over stable catalytic materials. To that end, this study (1) examines the staged 
recovery of muconic acid from culture media, (2) screens platinum group metals (e.g., Pd, Pt, 
Rh, Ru) for activity and stability against leaching on activated carbon (AC) and silica 
supports,  (3) evaluates the time-on-stream stability of Rh/AC during the continuous 
hydrogenation of bio-muconic acid, and (4) demonstrates the polymerization of bio-adipic acid 
to nylon-6,6. Separation experiments confirmed AC effectively removed undesired organics and 
color compounds, but subsequent pH/temperature shift crystallization resulted in significant 
levels of Na, P, K, S and N. Ethanol dissolution of muconic acid precipitated bulk salts, 
achieving a purity of 99.8%. Batch catalysis screening reactions determined that Rh and Pd were 
both highly active compared to Pt and Ru, but Pd leached significantly (1-9%) on both supports. 
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Testing of Rh/C in a continuous trickle-bed reactor confirmed stable catalyst conversion for 100 
h time-on-stream (<5% change from initial 48 h average). Lastly, polymerization of bio-adipic 
acid produced nylon-6,6 with comparable properties to its petrochemical counterpart, 
demonstrating a path towards bio-based nylon production via muconic acid. 
 
5.2 Introduction 
Lignocellulosic biomass offers significant potential for producing both fuels and 
chemicals from a renewable resource, towards the aim of displacing a fraction of global 
petroleum consumption.1–5 Similar to a petroleum refinery, production of renewable fuels from 
biomass can provide economies of scale to meet critical energy needs in the transportation 
sector, while generating myriad value-added chemicals to improve net profitability. 
Lignocellulosic biomass can be deconstructed into carbohydrate and lignin fractions to support 
valorization to fuel, chemical, and material building block substitutes,6–9 allowing for tailored 
upgrading processes that incorporate biological and chemo-catalytic technologies.10–12 The high 
oxygen content of biomass (~35-45%) also makes it ideal for targeting oxygen-rich platform 
molecules with high atom efficiency, relative to petroleum where oxygen must be added to the 
feedstock.13  
Muconic acid is one such promising oxygen-rich platform molecule that can be produced 
from both the carbohydrate14,15 and lignin fraction16 of lignocellulosic biomass. From sugars, 
muconic acid can be produced by rerouting aromatic amino acid synthesis pathways to produce 
catechol, which is then oxidatively ring opened to produce muconic acid as the terminal 
metabolite.17–20 Alternatively, lignin-derived aromatic compounds can be catabolized in certain 
microorganisms that utilize native “upper pathways” to funnel aromatic compounds into central 
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intermediates such as catechol,21 which is the direct intermediate prior to oxidative ring opening 
for muconic acid. Valorization of lignin to fuels and chemicals has significant economic and 
environmental potential, due to its unique aromatic polymer structure, relative abundance in 
biomass, and underutilization within the context of modern biorefineries. Following biological 
production from both sugar or lignin derived monomers, muconic acid can then be readily 
converted by chemo-catalysis to myriad high-value petrochemical substitutes, including adipic 
acid.14–16  
Adipic acid is the most prevalent dicarboxylic acid produced from petroleum,22,23 with a 
global market estimated at greater than 2.7 million tonnes per year and market price over $1700 
per ton.24 Adipic acid has multiple product applications, including use in the manufacture of 
plastics, textiles, lubricants, and additive in the food and cosmetic industry. Its largest application 
is as a monomer building block for nylon-6,6 production, which consumes ~85% of adipic acid 
market demand.23 Due to the negative environmental impacts associated with conventional 
adipic acid production, significant research efforts are underway to identify alternative “green” 
production processes.22,23,25,26 However, development of integrated biological and catalytic 
process configurations that produce adipic acid in high yield, as well as purity, will be a key 
consideration due to the stringent purity requirements for polymer precursors, as shown in Table 
5.1.27 Specifically, the impact of residual broth constituents on downstream unit operations must 
be addressed,28 in addition to developing highly active, selective, and stable catalysts for bio-
product upgrading.29  
A wide variety of impurities can be introduced during the biological production of 
muconic acid, similar to the challenges faced with other target bio-derived molecules (e.g., 
ethanol, succinic acid, lactic acid). These impurities can include fermentation salts, nutrients and 
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media to support growth, unconverted substrate, extracellular proteins and lysed cell contents, as 
well as the buildup of non-target metabolites.30–32 Accumulation of these constituents in culture 
broth can vary greatly depending on the microorganism, substrate used for conversion, biological 
growth conditions and bioreactor design, and broth pretreatment.33–36 Likewise, utilization of 
monomers streams derived from complex lignocellulosic biomass can vary greatly depending on 
the biomass fraction of interest (e.g., cellulose, hemicellulose, lignin), choice of feedstock (e.g., 
herbaceous, hardwoods, softwoods), and depolymerization technology. Understanding the 
impact of biological broth impurities on subsequent separation and catalytic unit operations will 
be key for meeting the compositional and purity requirements for renewable chemical and 
polymer applications. 30–32,37  
As such, this manuscript examines the downstream separation and catalytic upgrading of 
biologically derived cis,cis-muconic acid to produce adipic acid for nylon-6,6 polymerization. 
Muconic acid was produced using an engineered strain of Pseudomonas putida KT2440 via fed-
batch conversion of benzoate, a model oxygenated aromatic compound that is commonly used in 
the study of aromatic catabolism. Staged separation and purification of biological culture media 
was then performed to monitor the level of inorganic and organic impurities in recovered 
muconic acid with each treatment step. Batch reactor catalytic screening reactions assessed 
muconic acid hydrogenation activity and resistance against leaching for platinum group metals 
on both activated carbon and silica supports, while continuous time-on-stream testing was 
performed for 100 h in a trickle-bed reactor to evaluate changes in down-selected catalyst 
activity and stability. Lastly, nylon-6,6 was synthesized from biologically derived adipic acid to 
compare its polymer properties against nylon-6,6 produced from petroleum derived adipic acid. 
 
    
 
 
182 
5.3 Results 
5.3.1 Biological production of muconic acid 
To generate muconic acid for downstream processing, fed-batch biological conversion of 
benzoate was conducted with the engineered strain Pseudomonas putida KT2440-CJ103, 
described in previous work by our group.16 The results of the fermentation are shown in Figure 
5.1. For aromatics such as benzoate, muconic acid is produced by oxidative ring opening from 
catechol.38 In this work, glucose was used as a carbon source to support biological growth and 
functioning, although other low-cost alternatives, such as acetic acid, can be used to support 
growth as well.16 Benzoate feeding was based on DO stat control,39 while pH was controlled 
with NaOH, resulting in sodium muconate as the predominant species at pH 7. Muconate was 
produced at a titer of 7.97 g/L after 32 h, while residual benzoic acid was present at 0.94 g/L. 
Historically, muconate titer from benzoate have been reported as high as 44.1 g/L;40 however, 
optimization of biological productivity was beyond the scope of this study. After terminating the 
fed-batch run, cells were removed by centrifugation and filtration for subsequent broth 
processing. 
 
5.3.2 Separation and purification of muconic acid 
Muconic acid was then purified and recovered from cell-free culture media, with the 
purity of muconic acid monitored at each step, as shown in Table 5.2. The separation process 
initially consisted of activated carbon purification to remove soluble organic broth impurities and 
pH/temperature shift crystallization to precipitate muconic acid from purified broth solution and 
recover solid crystals for drying, as demonstrated in previous work.16 As an additional step, 
ethanol dissolution and microfiltration was examined to remove bulk inorganic salts prior to 
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catalytic hydrogenation and polymerization, and generate a liquid phase for trickle bed catalytic 
processing.  
Initially, the broth was treated with activated carbon due to its relatively low cost, origin 
from renewable resources, and effectiveness for removing impurities from aqueous media.16,41–44 
An activated of activated carbon loading of 2 wt/vol% was needed to remove residual benzoate 
from the culture broth to below detectable limits by high performance liquid chromatography 
diode array detection (HPLC-DAD). Color compounds in the broth were also removed to a 
significant extent, turning the broth from a coffee-colored appearance to semi-clear (see Figure 
5.2); however, non-selective adsorption of resulted in a 16% reduction in muconate broth 
concentration (6.86 g/L).  
Following activated carbon treatment, muconic acid was precipitated from the broth by 
the pH/temperature shift crystallization.16 By adjusting the broth pH to 2 with sulfuric acid and 
reducing the temperature to 5°C, muconic acid readily crashed from solution. Precipitated 
muconic acid crystals were then vacuum filtered (0.2-µm PES) and dried in a vacuum oven for 
48 h. Purity analysis by differential scanning calorimetry (DSC) melting point analysis45 
determined the muconic acid crystals were only 97.83 ± 0.05%  pure at this stage (see Figure 
5.3), below the 99.8% required for adipic acid polymer applications.27 Since the rate of crystal 
nucleation was not controlled for this bench-scale demonstration, entrainment of culture broth 
within crystals may have resulted in significant inorganic impurity carry over.46  
Combustion analysis of muconic acid crystals at 700°C measured a sample ash content of 
1.44% (wt/wt), and elemental analysis by ICP-MS and nitrogen chemiluminescence confirmed 
major impurities as Na (4750 ppm), S (3540 ppm), P (2860 ppm), K (1030 ppm), and N (336 
ppm), as shown in Figure 5.4, with a full listing of screened elements provided in Table 5.3. 
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Due to the large sample requirements for trace elemental analysis, only single batch samples 
were analyzed. Elemental impurities identified in biologically derived muconic acid differed 
greatly compared to impurities observed in chemically derived muconic acid obtained from 
Sigma Aldrich, with the latter being much lower in Na, S, P, K, and N, but higher in Fe and Cl. 
The major inorganic impurities identified in bio-derived muconic acid are known poisons to 
platinum group metals,47–49 requiring removal strategies prior to catalysis. Likewise, polymer-
grade adipic acid requires trace levels of Fe (< 0.2 ppm) and N (< 20 ppm N),27 necessitating 
further treatment.  
In order to reduce the level of inorganic impurities in muconic acid and generate a liquid 
media suitable for trickle-bed catalytic processing, muconic acid crystals were dissolved in 
ethanol and filtered through a 0.2-µm PES membrane. Upon EtOH dissolution, the muconic 
acid-ethanol solution was initially cloudy, likely due to insoluble salts, while after filtration the 
solution was strikingly clear (see Figure 5.2). Analysis of filtered and dried muconic acid after 
ethanol dissolution revealed an overall DSC-purity of 99.76 ± 0.04% (Table 5.2), with a 
dramatic reduction in elemental impurities. Analysis by ICP-MS determined that Na was reduced 
by 96%, S by 99%, P by 60%, K by 82%, and N by 62% (Figure 5.4), consistent with reductions 
in low-concentration elements (<100 ppm Al, Cl, Mg) (Table 5.3). Although a reduction in Fe to 
<0.2 ppm could not be definitively confirmed due to the large sample requirements, bio-muconic 
acid Fe levels were much lower (<1 ppm) compared to muconic acid of chemical origin (141 
ppm). Unfortunately, N levels in bio-muconic acid were still above the polymer precursor 
specification of 20 ppm, likely due to residual fermentation proteins that were not removed 
during activated carbon treatment and microfiltration.  
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5.3.3 Batch reactor screening for catalyst activity and leaching 
Batch reactor catalyst screening experiments were conducted with platinum group metals 
to evaluate their activity and stability against leaching during muconic acid hydrogenation. 
Catalysts were synthesized using powdered Darco activated carbon (AC) and Davisil silica 
supports sieved to >270 mesh (<53 µm) to minimize the impact of mass transfer during batch 
conditions previously studied.16 Metals precursors were loaded onto their respective supports, 
and catalysts were reduced in hydrogen prior to characterization to determine their metal loading 
and dispersion, support surface area, pore volume and pore diameter, and x-ray diffraction 
(XRD) spectra, as shown in Table 5.4 and Figure 5.5.  
High surface areas were observed for both AC (590-971 m2 g-1) and silica (428-480 m2 g-
1) supported catalysts, with higher metal loading materials generally showing lower surface 
areas. Support pore volumes (AC 0.514-0.708 cm3 g-1, silica 0.686-0.811 cm3 g-1) and pore 
diameters (AC 9.69-9.83 Å, silica 9.74-9.81 Å) were also comparable. Elemental analysis 
determined metal loadings were near their nominal values and XRD analysis confirmed the 
absence of sharp prominent peaks due to large metal crystallites. Chemisorption analysis 
measured dispersions were within the range of 10-62%, likely due to differing metal precursor 
and support material interactions during synthesis.50 Due to varying active metal crystallite 
surface areas, observed catalyst activities for muconic acid hydrogenation were normalized to 
dispersion values to allow for turn-over-frequency (TOF) comparisons between metals (e.g., 
moles of compound reacted per second, divided by the moles of surface metal atoms measured 
by dispersion).  
As shown in Figure 5.6A, pronounced differences were observed in the muconic acid 
hydrogenation activity between the platinum group metals tested during batch reactor screening 
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experiments (see Figure 5.7). Pd and Rh displayed highest TOF for muconic acid hydrogenation 
on both AC and silica supports, with Pd ranging from 14-23 sec-1 and Rh ranging from 7-8 sec-1. 
In comparison, Pt displayed a TOF ranging from 1-3 sec-1, while Ru ranged from 0.4-0.5 sec-1. 
For batch reactions tested at room temperature, 2-hexenedioic acid was the primary intermediate 
observed, with trace levels of 3-hexenedioc acid identified on occasion (see Figure 5.8). For all 
catalysts screened in the batch system, mass balance closure was typically within +/-10%, with 
adipic acid as the only product observed upon completion of the reaction.  
In addition to differing hydrogenation activity, catalyst metal leaching also varied 
significantly based on both the metal and choice of support, as shown in Figure 5.6B. Despite 
exposure to reaction conditions for only 35 min, 1%Pd/SiO2 displayed the greatest amount of 
leaching on a percent of initial metal loading basis (8.89%), while 1%Pd/AC leached to a lesser 
extent (0.93%). Significant leaching was also observed for 5%Ru/AC (2.93%) and 5%Ru/SiO2 
(3.36%) with muconic acid. In contrast, metal leaching for 1%Rh/AC and 1%Rh/SiO2 was at 
trace levels, at 0.51% and 0.16%, respectively, while leaching was negligible for both 5%Pt/SiO2 
(0.04%) and 5%Pt/AC (0.03%). Based on the high activity for muconic acid hydrogenation and 
stability against leaching, Rh/AC was chosen for further time-on-stream testing in a continuous 
trickle-bed reactor.  
 
5.3.4 Continuous time-on-stream catalyst testing 
Based on the activity and stability of Rh during batch reactions, continuous trickle bed 
reactor studies were conducted to determine its 100-h time-on-stream stability, as shown in 
Figure 5.9. Initially, a 1%Rh/AC catalyst was prepared on Norit AC granules crushed and sieved 
between 100-80 mesh (150-180 µm) to minimize the catalyst bed pressure drop. The catalyst was 
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characterized to determine its virgin and post-reaction properties, as shown in Table 5.5, Figure 
5.10-12. Characterization of the virgin 1%Rh/AC catalyst showed high surface area (1029 m2 g-
1), with comparable pore volume (0.455 cm3 g-1) and average pore diameter (9.69 Å) to the 
powder Rh/AC catalyst. XRD analysis confirmed the absence of sharp, prominent peaks due to 
large metal crystallites. Distinct differences were observed in XRD spectra of the powder and 
granule AC supports, likely due to different vendor carbon sources and/or activation techniques 
(Figure 5.10). The metal crystallite dispersion of the granule 1%Rh/AC catalyst was also lower 
(11.2%) compared to the powder catalyst, likely due to differing support-precursor interactions. 
Lastly, elemental mapping by scanning electron microscopy energy dispersive x-ray 
spectroscopy (SEM-EDS) confirmed the presence of disperse metal crystallites (Figure 5.11A-
C), while transmission electron microscopy confirmed their small size (2.81 ± 0.46 nm) (Figure 
5.12A). 
The 100-h time-on-stream stability test of 1%Rh/AC was then evaluated in a sequential 
fashion, with partial conversion of muconic acid for the first two days to confirm steady state 
operation,51 demonstration of complete conversion to adipic acid for days three and four, and 
lastly a return to partial conversion conditions on day five to observe any changes compared to 
the initial reactor performance. Sampling of the reactor was not performed during the first 12 h 
overnight, since preliminary experiments showed comparable time was required to reach steady 
conversion once the liquid feed was introduced (see Figure 5.13).  
During the first 48-hours of time-on-stream (50°C, 0.5 mL min-1 liquid flow rate), 
muconic acid was partially converted (57.7 ± 1.9% average molar conversion) to hexenedioic 
acid (HDA) and adipic acid as the only observed products. Product identities were confirmed by 
gas chromatography mass spectroscopy, with details provided in Figure 5.14 and Table 5.6. The 
    
 
 
188 
moderately higher reaction temperature (50°C) resulted in isomerization to 3-HDA as the 
predominant species (30.9 ± 1.2% molar yield), in comparison to 2-HDA for room temperature 
batch screening reactions. Moderate amounts of 2-HDA (19.7 ± 2.9% molar yield) and adipic 
acid (9.7 ± 1.2% molar yield) were also produced, with an average molar closure of 102.7 ± 
4.9%, supporting steady state conversion during the first 48 h. Variability in molar closure was 
assumed to be primarily due to solvent evaporation and error introduced during the sampling of 
knockout pot, with concentrations of individual species throughout the 100-h run reported in 
Table 5.7.  
Although an in depth study of trickle bed hydrogenation kinetics was beyond the scope of 
this work, multiple factors can influence the observed rate, including the gas-liquid flow rate 
ratio, liquid film thickness due to shear, interparticle and intraparticle wetting, and catalyst 
particle size, shape, and packing geometry.52 Based on the liquid feed rate flow rate and 
conversion observed during the first 48 hours, the muconic acid hydrogenation TOF was 
calculated to be 0.022 sec-1 at 50°C, which was ~1/1000th of the rate observed for powder Rh/AC 
in batch reactor screening experiments at 24°C (TOF 7 sec-1), indicating external and 
intraparticle diffusion likely influenced the observed rate due to larger particle sizes required for 
trickle-bed reactor experiments. Varying the catalyst bed temperature from 50-72°C resulted in 
an apparent activation energy of 60.7 kJ mol-1 for the 1%Rh/AC granule catalyst (Figure 5.15), 
well above typical barriers observed under solely mass transfer limiting conditions (<20 kJ mol-
1)53 and comparable to past batch reactor results for powder 1%Pd/AC (70 kJ/mol). Although 
steady state conversion was observed, care should be taken when interpreting these results since 
deactivation of metal crystallites within the catalyst’s pores may be masked by mass and heat 
transfer effects. 
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To demonstrate complete conversion of muconic acid to adipic acid, the temperature was 
increased and liquid flow rate reduced (78°C, 0.2 mL min-1) for day three and four of operation. 
The reactor was allowed to stabilize overnight before sampling, but deviations were observed in 
the initial sample mass balance closure (111.6% molar closure). By the second sample, mass 
balance closure had returned to 100.7% and complete conversion to adipic acid was observed 
throughout the two-day period.  No peaks from HDA were observed by HPLC-DAD, which was 
highly sensitive to the presence of olefin bonds, supporting near complete conversion of muconic 
acid to adipic acid.   
Lastly, reaction conditions were returned to partial conversion conditions for day five to 
compare the catalyst conversion and selectivity to the first 48 h of time-on-stream. Mass balance 
and product distribution perturbations were observed when altering the liquid flow rate, with a 
trend toward increasing conversion as time continued. For day five, the average muconic acid 
molar conversion was 55.2 ± 3.6%, comparable to values observed during the first 48 h of time-
on-stream (57.7 ± 1.9%). Product distribution molar yields were also comparable, with average 
molar closure of 103.5 ± 4.6%. Ideally, trickle bed reactor sampling would have continued past 
day five to ensure steady state conditions had resumed, but limited quantities of biologically 
derived muconic acid were available for testing beyond the scheduled 100-h run. 
 
5.3.5 Post-reaction catalyst characterization 
After 100 h of time on stream testing, the 1%Rh/AC catalyst granules were recovered 
from the reactor for characterization to determine changes in the support and metal crystallite 
properties, as shown in Table 5.4 and Figures 5.10-12. Measurement of the support surface area 
showed a 10% increase (1130 m2 g-1), potentially due to washing of the pores during the run. A 
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similar increase was observed in the pore volume (14% increase to 0.52 cm3 g-1) and average 
pore diameter (18% increase to 11.43 Å). The reactor effluent was also sampled and filtered 
daily during the run for elemental analysis to detect leaching. For the first day, trace leaching of 
Rh was observed at 1 ppb in the ethanol effluent, while for the remaining days leaching was not 
observed above the detection limit of 1 ppb. XRD analysis of the post-reaction catalyst showed 
similar spectral features as the virgin catalyst, with a sharp peak observed at ~26° 2θ, outside the 
major peaks for Rh, but potentially due to modification of the carbon support functional groups. 
Measurements of the catalyst metal surface area by hydrogen chemisorption after reaction 
showed a dispersion of 14% for the post reaction catalyst, as opposed to 21% for the fresh 
catalyst, despite consistent activity observed on day five. Further analysis of the post reaction 
catalyst by SEM-EDS showed disperse metal crystallites (Figure 5.11F), while TEM showed 
slightly larger crystallites with a diameter of 3.05 ± 0.55 nm, as opposed to 2.81 ± 0.46 nm for 
the fresh catalyst (Figure 5.12B). Collectively, these results suggest that the loss of measurable 
metal surface area may be due to organic deposition and a moderate increase in particle size, as 
opposed to dramatic sintering. 
 
5.3.6 Nylon-6,6 polymerization with bio-adipic acid 
Bio-adipic acid produced from muconic acid was then polymerized with 1,6-
hexanediamine to form nylon-6,6 for comparative material testing to petrochemical adipic acid. 
Bench-scale condensation polymerizations were conducted using the well-known nylon rope 
trick reaction, as shown in Figure 5.16.54 After producing nylon fibers from both bio-adipic acid 
and commercial adipic acid, polymer materials were dried and characterized to determine their 
thermal and physicochemical properties.  
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Thermal analysis of both nylon materials by DSC showed comparable melting and glass 
transition temperatures, similar to values reported in literature for commercial nylon-6,6,55 as 
shown in Table 5.8. Clean thermal traces for nylon were observed, as highlighted in Figure 
5.16, with a heat of fusion comparable (50.2 J/g) to literature values for commercial nylon (51.3 
J/g).56 Measurement of the intrinsic viscosity by dilute solution viscometry showed similar 
values for the two nylon materials, and calculations of the viscosity average MW showed that 
polymerization had taken place to a comparable extent for bio-adipic acid (1920 ± 20 g/mol) and 
chemical adipic acid (2230 ± 40 g/mol). However, the limitation of the nylon rope trick was 
apparent for achieving industrially relevant nylon MW values (40,000-60,000 g/mol).57  
 
5.4 Discussion 
  As demonstrated in this work, the integrated biological and catalytic conversion of 
muconic acid to adipic acid holds promise for generating monomer precursors suitable for nylon-
6,6 production. For the biological conversion of benzoate to muconate, residual benzoate was the 
only aromatic compound observed. However, upstream non-target metabolites can also result 
when producing muconic acid from both sugar and aromatic monomer substrates (e.g., p-
coumarate), including protocatechuate35,58 and 4-hydroxybenzoate.35 Although these molecules 
were not observed in this work due to the use of benzoic acid as the initial substrate, biological 
engineering efforts are underway to improve the metabolic flux and minimize the buildup of 
non-target aromatic compounds during metabolism.19,20,58–60 Likewise, optimization of the 
biological conversion process was beyond the scope of this study, but improved bioreactor 
delivery of substrate and aeration can potentially reduce the accumulation of residual substrate 
    
 
 
192 
and non-target metabolites in culture broth, greatly reducing the demand on downstream 
separation operations. 
Following biological conversion, activated carbon was effective at purifying muconic 
acid culture broth prior to crystallization, as shown previously.35 Due to the poor solubility of 
benzoate in solution at low pH, direct crystallization without purification was not viable due to 
the negative impact of precipitated benzoate on product purity. Although activated carbon was 
removed residual benzoate, muconate was also lost due to non-selective adsorption (16% 
observed here). Likely, high titers of muconic acid and low levels of non-target organic 
substrates will be required for activated carbon treatment to be economically viable at scale. In 
addition to benzoate adsorption, color compounds were also removed with activated carbon, 
which may be desirable for the final polymer cosmetically. However, differentiating bio-based 
material by properties such as color, texture, and transparency may be desirable for increasing 
consumer adoption.61  
pH/temperature shift crystallization readily separated muconic acid from purified broth, 
although significant broth salts were carried over with the crystals. Subsequent dissolution of 
muconic acid in ethanol greatly reduced elemental impurities due to the poor ethanol solubility 
of salts, while providing a means for condensed phase catalytic processing. Direct catalytic 
processing of neat muconic acid in the vapor phase will likely be problematic due to the high 
boiling point and poor thermal stability. Despite the significant reduction in elemental impurities, 
the muconic acid nitrogen content of 129 ppm still remained above the specification for polymer 
grade adipic acid of 20 ppm. Although it was not determined if N was due to inorganic or 
organic constituents, ultrafiltration may be effective for further reducing nitrogen originating 
from proteins, while a second stage of crystallization may further reduce inorganic N.62 
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However, early-stage techno-economic analysis will be key for evaluating the potential industrial 
viability of separation unit at scale for muconic acid production.63 
Batch catalyst screening reactions observed muconic acid hydrogenation activity in the 
order of Pd>Rh>Ru>Pt for both silica and activated carbon supports. However, the extent of 
catalyst metal leaching was both metal and support dependent. Leaching can be a function of 
temperature, pressure, metal-support interaction, solvent polarity, solution pH, and metal 
complexation with organic substrates.64 In this work, silica showed a greater tendency towards 
leaching compared to activated carbon, potentially due to coordination with activated carbon’s 
diverse surface functional groups.65 With regards to trends with metal speciation, Pd leached 
significantly into solution, more so with silica (8.89%) than with activated carbon (0.93%). Pd is 
known to leach under acidic batch conditions, yet still display homogenous activity.66 Significant 
leaching of Ru was also observed, despite Ru being shown to be stable during the hydrogenation 
of glucose,67 3-hydroxypropanal,68 and lactic acid.69 The unique dicarboxylic functionality of 
muconic acid may enhance its chelating abilities, similar to succinic acid,70 making leaching a 
greater challenge for catalysis. Although Pt and Rh were both fairly stable, these metals are also 
among the most costly of platinum group metals.71 Modification of lower cost Pd by secondary 
metal addition or support modification may improve its stability while maintaining its activity, 
similar to strategies applied to other bio-based catalytic systems.64,72 
In addition to leaching, other catalyst deactivation mechanisms can manifest over longer 
time scales, such as fouling of active metal sites, pore blockage, sintering, and active metal 
poisoning.73 For this work, the 100-h catalyst stability test with 1%Rh/AC showed steady state 
conversion during the first 48 hours, and comparable values at day five, suggesting significant 
deactivation had not occurred during this period. Analysis of the virgin and post-reaction catalyst 
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by TEM a modest 9% increase in average metal crystallite size, suggesting dramatic sintering 
had not occurred, likely due to the low reaction temperature for this chemistry. Likewise, the 
catalyst support surface area, pore volume, and pore diameter actually increased slightly, 
suggesting pore blockage and collapse was not a concern. However, a 33% reduction in active 
metal surface area was observed, despite comparable hydrogenation activity and modest increase 
in metal crystallite size. Although the mechanism for active metal area loss is unclear, initial 
fouling may have occurred during the approach to steady state activity in the first 12 h or when 
recovering the catalyst after the reaction due to organics remaining in the catalyst pores or bound 
to the metal surface.  
Polymerization of bio-adipic acid to nylon-6,6 demonstrated comparable polymer 
properties to nylon derived from petrochemical adipic using the same synthetic method. As 
noted, suitable bio-based monomer purity will be critical for polymer applications. Impurities 
can result in disruption of the thermal phase transition behavior and intrinsic viscosity due to 
early polymer chain-termination from mono-functional moieties, incorporation of non-target 
bifunctional compounds, or entanglement with residual polymeric impurities.74 Furthermore, 
impurities can affect the rate and extent of polymerization during synthesis, ultimately 
determining the applicability of synthetic methods at scale and the final polymer material 
performance properties.74 Bio-derived muconic acid purity will also be important for expanding 
applications beyond nylon-6,6. This can include fully bio-based based nylon-6,5,75 as well as 
additional monomer precursors such as diols, diamines, and diesters produced from catalytic 
upgrading. 
Moving forward, efforts are needed to address the challenges when transitioning muconic 
acid production from model compounds and simple sugars to complex lignocellulosic 
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feedstocks. Unique impurities can result when deconstructing biomass into monomer streams 
that greatly differ from those encountered in model compound studies.36 Lignocellulosic biomass 
can contain extractives, proteins, minor organics (e.g., carboxylic acids, saccharides, alcohols), 
and minerals (e.g., silicates, oxides, sulphates, phosphates, nitrates, and others) that vary based 
on feedstock and origin.76,77 Furthermore, depending on the depolymerization technology 
employed, residual mineral acids or caustic salts may remain, as well as non-target organics 
originating from structural biomass polymers, such as aliphatic acids, furans, phenols, and 
oxygenated aromatic compounds that are present in monomer, dimer, and oligomer form.36,78,79  
As a result, integrated solutions are needed to address the impurities generated during 
biomass depolymerization. With regards to biomass deconstruction, novel solvent systems are 
being explored to selectively depolymerize and remove sugars, while eliminating the use of 
mineral acids.80 Likewise, catalytic systems are being examined for lignin depolymerization to 
selective aromatic monomers.81 As improvements reduce the heterogeneity of biomass 
monomers, biological metabolic pathways can be expanded to convert non-target organics into 
carbon sources for metabolic functioning to support muconic acid production. This biological 
utilization of acetic acid produced from lignin depolymerization has been demonstrated during 
muconic acid production in shake flask experiments,16 although further efforts are needed to 
evaluate this approach during fed-batch biological conversion at high titers. Likewise, tailored 
separation processes will be critical to recover muconic acid in high yield, while leaving behind 
unwanted inorganic and organic constituents. Ideally, the unique solubility of muconic acid can 
continue to be leveraged as a recovery strategy. Lastly, robust catalyst formulations can be 
developed that offer platinum group metal alternatives, while maintaining high activity, 
selectivity, and stability during acidic process conditions with potential biomass impurities.  
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5.5 Conclusion 
As demonstrated in this work, muconic acid can serve as a biologically derived precursor 
for high purity adipic acid and nylon-6,6 polymerization through downstream separation and 
catalysis.  The production of value-added chemicals from biomass, in addition to fuels, holds 
promise for improving the economic and environmental outlook of modern biorefineries. 
Moving forward, effective strategies are needed to remove impurities generated during biomass 
depolymerization and biological conversion, while meeting the stringent purity requirements for 
renewable polymer precursor production through integrated biological conversion, separation, 
and catalytic unit processes. 
 
5.6 Methods 
5.6.1 Biological production of muconic acid 
cis,cis-muconic acid was produced biologically with an engineered strain of 
Pseudomonas putida, KT2440-CJ103,16 using benzoate as the precursor substrate. Seed cultures 
for cultivation were prepared in 1 L shake flasks containing 200 mL of Luria-Bertani broth and 
incubated at 30°C at 225 rpm for 14 hours. Subsequently, cells were centrifuged at 5000 rpm for 
10 minutes and washed once with 40 mL of modified M9 minimal medium (M9) containing 15 
mM glucose. M9 consisted of 13.56 g/L Na2HPO4, 6 g/L KH2PO4, 1 g/L NaCl, 2.25 g/L 
(NH4)2SO4, 2 mM MgSO4, 100 µM CaCl2, and 18 µM FeSO4. Washed cells were inoculated in a 
10-L New Brunswick BioFlo®/CelliGen® 310 bioreactor (Eppendorf), which contained 8 L of 
M9 media and 15 mM of glucose. The bioreactor started at an initial optical density of 0.1 at 600 
nm (OD600). The pH of the medium was automatically controlled and adjusted to 7 with 2 N 
NaOH and the temperature was maintained at 30°C. Air was sparged at a rate of 8 L/min (1 vol 
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vol-1 min-1) and the agitation was gradually increased from 250 to 450 rpm manually to maintain 
an average dissolved oxygen (DO) level of ∼50%. After 4 hours, drops of antifoam 204 (Sigma 
Aldich) and 0.5 mM sodium benzoate were added to the culture. When the glucose level was 
close to depletion at ∼7.5 h, 5 mM glucose was supplemented to the bioreactor to maintain an 
increasing cell density. When the glucose was nearly consumed for the second time (∼10.3 h), as 
indicated by a low DO level and rapid increase, DO-stat control was initiated. The fed-batch 
feeding solution was composed of 160 g/L sodium benzoate, 100 g/L glucose, and 15 g/L 
(NH4)2SO4. The feed solution was pumped for 36 s intervals (∼3.2 mL) when the OD was higher 
than 65% during the first ∼2 h, and 70% thereafter. Glucose levels were tracked with a YSI 
7100MBS analyzer (YSI Life Sciences) and muconate and benzoate levels were monitored by 
HPLC, as described below. The bioreactor was run for 32 h and cells were removed by 
centrifugation, followed by vacuum filtration (0.2-μm PES).  
 
5.6.2 Separation and purification of muconic acid 
Sequential purification of muconic acid was preformed to evaluate the level of impurities 
after each stage of treatment. Initially, muconic acid culture broth was treated with activated 
carbon (100 mesh, Darco, Sigma Aldrich) at 2-4% wt/vol to remove residual amounts of 
benzoate and trace aromatics. Preliminary trials were conducted to minimize the amount of 
carbon added and resulting muconic acid losses. Activated carbon was removed by vacuum 
filtration (0.2-μm PES filter assembly, Nalgene). Muconic acid was then separated from solution 
by pH-temperature shift crystallization. The treated broth was adjusted to pH 2 with concentrated 
H2SO4 to initiate crystallization, and then chilled to 5°C to facilitate further crystal formation. 
Crystallized solids were recovered by vacuum filtration (0.2-μm PES) and dried in a vacuum 
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oven for ≥48 h to remove residual moisture. A subsample of crystal was sampled for purity 
analysis, as described below, and the remaining material was dissolved in 200 proof ethanol (10 
g/L, stirring at room temperature for 2 h) to precipitate insoluble salts. The ethanol solution was 
vacuum filtered (0.2-μm PES) and blown to dryness under nitrogen to collect a final subsample 
for purity analysis.  
 
5.6.3 Catalyst synthesis and characterization  
Platinum group metal catalysts (Pt, Rh, Ru, Pd) were synthesized on powder carbon and 
silica supports to evaluate their activity and stability for muconic acid hydrogenation. For batch 
reaction studies, Darco activated carbon (Sigma Aldrich) and Davisil Grade 633 high surface 
area silica (Sigma Aldrich) were used. Supports were initially sieved >270 mesh (<53 µm) to 
minimize the impact of mass transfer on observed kinetics. The silica support was calcined at 
500°C in air prior to loading metals, while the activated carbon support was used as received. 
Catalysts were prepared with the following metal salt precursors: palladium acetate (Sigma 
Aldrich), rhodium nitrate hydrate (Sigma Aldrich), ruthenium chloride hydrate (Sigma Aldrich), 
chloroplatinic acid (CPA) (Sigma Aldrich), and ammonium tetraammineplatinum nitrate (PTA) 
(Sigma Aldrich). Pd, Ru, and Rh catalysts were prepared by incipient wetness, while Pt catalysts 
were prepared by strong electrostatic adsorption (SEA) to improve dispersion due to the low 
activity. For SEA catalyst synthesis,82,83 1.9 g of support was added to 50 mL of DI water, and 
the pH was adjusted to facilitate protonation/deprotonation of the support (pH 12 with NaOH for 
silica, pH 2.9 with HCl for AC). In another bottle, the appropriate catalyst precursor was 
dissolved in 50 mL of DI water (PTA for silica, CPA for activated carbon). The two bottles were 
mixed together with stirring for 1 h, followed by vacuum filtration to recover the catalyst. The 
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catalyst was washed twice with 50 mL of DI water and left to dry overnight in air at room 
temperature. After loading, catalysts were dried at 110°C and reduced in hydrogen flowing at 
200 sccm for 2 h at temperature. Due to the sensitivity of Pd dispersion with temperature,84 Pd 
catalysts were reduced at 125°C while Pt, Rh, and Ru catalysts were reduced at 250°C.   
For flow reactor studies, extruded activated carbon pellets (Norit Rx 3 Extra, Cabot 
Norit) were initially crushed and sieved between 80-100 mesh (150-180 µm) to allow for a 
moderate catalyst bed pressure drop (< 5 psig) while still facilitating mass transfer. Rh was 
loaded onto the support by incipient wetness using ruthenium chloride hydrate (Sigma Aldrich), 
dried at 110°C, and reduced ex situ prior to use at 250°C in flowing hydrogen. 
 
5.6.4 Catalyst testing 
For batch reactor activity studies, reactions were performed in using a Parrr 5000 Multi-
reactor system (Parr Instruments). Commercial cis,cis-muconic acid in the amount of 200 mg 
(Sigma Aldrich) was dissolved in 19.8 g of 200 proof ethanol. The muconic acid solution and 15 
mg of catalyst were then loaded into 75 mL vessels equipped with magnetic stirring. 
Hydrogenation reactions were performed at 24°C with hydrogen supplied at a constant 24 bar 
and stirring at 1600 rpm. Duplication reactions were performed at minimum, with error bars 
indicating sample standard deviations. Samples were collected via an in situ sample port, syringe 
filtered, and analyzed by HPLC, as described below. After the reaction, the reactor contents were 
vacuum filtered (0.2-μm PES filter assembly, Nalgene) to remove catalyst particles, and 
subsequently the liquid filtrate was analyzed by ICP-OES to examine active metal leaching.  
For flow reactor stability studies, reactions were performed using a Parr Tubular reactor 
system (Parr Instruments) operated in a down-flow trickle-bed configuration.  The system was 
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outfitted with a HPLC pump to deliver liquid phase reactants (Series III Scientific Instrument), 
pair of mass flow controllers to control inert and hydrogen gas delivery (Brooks), tube-in-tube 
heat exchanger for cooling the reactor effluent, high-pressure 1-L stainless steel knockout pot 
with bottom sampling valve, and a solenoid-controlled backpressure regulator (Tescom) to 
maintain system pressure. Reactions were performed in trickle down flow configuration, with 
gas and liquid reagents fed to through the top of a 32” long, 1/4” inner diameter stainless steel 
reaction tube. The tube temperature was monitored and controlled using an internal 
thermocouple centered in the catalyst bed and three furnace wall thermocouples. The tube was 
initially packed halfway with inert 1-mm glass beads (Sigma Aldrich) held in place with quartz 
wool (Quartz Scientific Inc.). The catalyst bed was then loaded at the tube mid-height. Inert 
quartz sand (Quartz Scientific Inc.) sieved to <60-mesh (>250 μm) was placed at the base and 
top of the carbon catalyst packing to serve as a support. The remaining reactor tube void was 
then filled with inert glass beads and sealed with quartz wool.   
Continuous hydrogenation reactions were performed with hydrogen supplied at 200 sccm 
and a system pressure maintained at 24 bar. Temperature was varied from 50-78°C, as indicated. 
The mobile phase consisted of biologically derived muconic acid purified with activated carbon, 
precipitated by temperature-pH shift crystallization, dissolved in 200-proof ethanol (8 g/L), and 
filtered (0.2-μm PES) to remove insoluble salts. Commercial succinic acid (Sigma Aldrich, 
≥99.0% reagent purity) was added as an internal standard (0.8 g/L). The liquid flow rate was 
varied from 0.2-0.5 mL/min, as indicated. Liquid reactor effluent samples collected from the 
knockout pot were syringe-filtered, and analyzed by HPLC and GC-MS, as described below. 
Periodically, the liquid filtrate was analyzed by ICP-MS to detect catalyst metal leaching. After 
testing, the reactor was cooled to room temperature, depressurized, and 500 mL of ethanol was 
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flushed through the catalyst bed, followed by drying under 200 sccm nitrogen. The catalyst bed 
packing solids were then sieved between 80-100 mesh (150-180 µm) to recover the catalyst 
granules for further analysis.  
 
5.6.5 Analysis of chemical compounds 
Chemical substrates and products from biological conversion were monitored by high 
performance liquid chromatography (HPLC). Concentrations of glucose, cis,cis-muconate, and 
benzoate were determined from filtered sample supernatants on an Agilent1100 series HPLC 
system  utilizing a Phenomenex Rezex RFQ-Fast Fruit H+ column and Bio-Rad Laboratories 
cation H+ guard cartridge operating at 85°C. Dilute sulfuric acid (0.01 N) was used as the 
isocratic mobile phase at a flow rate of 1.0 mL/min. Refractive index and diode array detectors 
were used for compound detection. By-products were identified by co-elution at the same 
retention time with pure compounds. During fed-batch biological conversion, glucose and 
nitrogen (as the ammonium ion) was monitored using a YSI MBS 7100 Analyzer (YSI 
Incorporated Life Sciences). The cell density of the cultures was determined by measuring the 
optical density at 600 nm (OD600) of the culture against an LB or M9 blank on a Beckman 
DU640 spectrophotometer. In cultures that had turned dark during growth, the OD was 
calculated by measuring the OD600 of the culture and subtracting the OD600 of the media 
following centrifugation to pellet cells. 
The purity of muconic acid was measured after varying treatment stages using differential 
scanning calorimetry and   elemental analysis. DSC purity was measured using a TA Q-5000 
series Digital Scanning Calorimeter with a Liquid Nitrogen Cooling Systems. All runs were 
conducted using a ramp rate of 10 °C/min and heating the compounds from 35 °C to above their 
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melting point. For muconic acid, the purity was determined from the first thermal scan due to 
stability issues of the compound after the melting point. The purity of adipic acid was determined 
using the second thermal scan after the compound had recrystallized. Purity was determined by 
using the TA universal analysis tool in which the purity is determined by the slope at the onset of 
melting through the use of the van’t Hoff equations.45 Elemental analysis of the samples was 
outsourced to Huffman-Hazen laboratories for ICP-MS and nitrogen chemiluminescence 
analysis. 
Batch and flow reactor products were monitored by the HPLC method described above, 
and product identities were confirmed by gas chromatography mass spectroscopy (GC-MS). For 
product verification, samples were methylate prior to analysis.85 Briefly, samples dissolved in 
ethanol were blown to dryness using under nitrogen. Solid acid crystals (~10 mg) were then 
added to a vial with 0.75 mL of dichloromethane and 1 mL of 3% concentrated sulfuric acid in 
methanol (vol/vol). Samples were then sealed and heated to 80°C for 20 h. After contents had 
cooled, ~3 mL of DI water was added to from a biphasic system. The organic phase was 
removed by pipette, dried with Na2SO4, neutralized with Na2CO3, and filtered (0.2-µm syringe 
filter) prior to analysis. Derivatized methyl esters were analyzed using an Agilent 6890A GC 
equipped with a 5973 mass spectrometer detector (Agilent Technologies) operating in splitless 
mode. The GC was outfitted with an Agilent DB-Wax column (30 m × 0.25-mm id, 0.25-µm 
film), and helium (0.8 mL/min column flow) was used as the carrier gas at 1 mL/min. The 
injector volume was set to 1 µL using an Agilent auto-sampler. The GC/MS method consisted of 
a front inlet temperature of 260°C, MS transfer line temperature of 260°C, and scan range from 
25 m/z to 450 m/z. A starting temperature of 35°C was held for 3 minutes and then ramped at 
15°C/min to a temperature of 250°C and held for 5 minutes. The MS was set up with a solvent 
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delay of 2.5 minutes to collect data after the solvent peak had eluded. HP MSD Chemstation 
software (Agilent) equipped with NIST11 database Rev. 2.0G (May 19, 2011 build) was used to 
identity compounds found within the samples.   
 
5.6.6 Polymerization and characterization of nylon-6,6 
Adipic acid was initially reacted with thionyl chloride at a 1:1 weight-to-volume ratio. 
The mixture was heated to 80°C for 1 h and then cooled to room temperature before the top layer 
of residual thionyl chloride was discarded. The derivatized adipic acid was then added to 
cyclohexane at 0.25 M. 1,6-Hexanediamine was then prepared at 0.5 M in water containing 0.5 
M of NaOH. An equimolar amount of the diamine solution was measured out and poured into an 
empty beaker, followed by slow pouring of the adipic acid solution to avoid phase mixing. 
Tweezers where then used to grab the thin layer of polymer formed at the interface of the 
solution, which was pulled to produce a nylon “rope”. The polymer was then dried, rinsed in DI 
water, and placed in a vacuum oven to dry overnight prior to polymer characterization. 
The thermal properties of nylon materials were tested using DSC. The polymers were 
scanned from -60°C to 200 °C at a rate of 10 °C/minute. The percent crystallinity was 
determined by taking the heat of fusion for the polymer and dividing it by the heat of fusion for a 
100% crystalline Nylon-6,6. The heat of fusion for 100% crystalline Nylon-6,6 has been 
previously determined to be 189.95 J/g.56 The results for the thermal properties for both the 
petrochemical derived nylon and the bio-derived nylon were then compared to literature values.55 
The viscosity average molecular weight, Mv, was determined using dilute solution viscometry.74 
An Ubbelholde viscometer was used with m-cresol as the solvent at 25 °C and polymer solutions 
ranging in concentration from 0.003 g/mL and 0.015 g/mL. Four different solutions were 
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prepared for each polymer and tested three times in the viscometer. For these studies with m-
cresol at 25 °C, Mark-Houwink parameters were a = 0.61 and K = 0.0024.57 The resulting 
viscosity average molecular weight is between the weight average molecular weight, Mw, and the 
number average molecular weight, Mn.  
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5.8 Figures and Tables  
 
 
Figure 5.1. Fed-batch biological conversion of benzoate to muconate by P. putida KT2440 using 
glucose as a carbon source and dissolved oxygen (DO) control. 
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Figure 5.2. Purification of muconic acid biological culture media by activated carbon treatment, 
pH/temperature shift crystallization, and ethanol dissolution with microfiltration. The initial 
muconic acid culture broth appeared dark coffee colored (A). Activated carbon treatment of the 
broth significantly removed color compounds, while adjustment to pH 2 initiated crystal 
formation (B). Filtration and drying of the purified broth produced a white crystal solid, with a 
purity of 97.86 ± 0.05% by DSC melting point analysis (C). Muconic acid crystals dissolved in 
ethanol resulted in a cloudy solution (D), that upon 0.2-µm microfiltration (E) resulted in a clear 
solution (F) with a final muconic acid purity of 99.76 ± 0.04% upon drying. 
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Figure 5.3. DSC purity analysis of bio-muconic acid after sequential treatment. Muconic acid 
was produced from the fed-batch fermentation of benzoate and subsequently treated with 
activated carbon (AC) to remove organic impurities from the broth. Muconic acid was then 
precipitated from solution by pH/temperature shift crystallization (pH/temp cry), resulting in a 
crystal purity of 97.86% by DSC melting point analysis. Subsequently, the recovered muconic 
acid crystals were dissolved in ethanol (EtOH dis) to precipitate inorganic salts, resulting in a 
crystal purity of 99.76% by DSC melting point analysis.  
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Figure 5.4. Elemental impurities present at >100 ppm in commercial muconic acid (chemical 
origin), biologically derived muconic acid following crystallization, biologically derived 
muconic acid following crystallization and ethanol dissolution (Cry/EtOH Dis), and biological 
derived adipic acid produced from muconic acid hydrogenation. A full listing of screened 
elements provided in Table 5.3. Due to the large sample requirements for trace analysis, only 
single batch samples were analyzed. 
 
  
14
1 
3 16
 
10
 10
8 
21
 
1 
10
30
 
47
50
 
33
6 
28
60
 
35
40
 
0 
18
6 
19
1 
12
9 
11
30
 
34
 
0 8
5 16
8 
11
4 
15
20
 
69
 
0 
1000 
2000 
3000 
4000 
5000 
Fe K Na N P S 
E
le
m
en
ta
l I
m
pu
rit
y 
(p
pm
) 
<1
 
<1
 1
86
 
19
1 
11
30
 
12
9 
Bio-Adipic Acid 
Bio-Muconic Cry/EtOH Dis 
Bio-Muconic Crystallized 
Commercial Muconic  
14
1 
10
8 
    
 
 
218 
 
Figure 5.5. XRD spectra of virgin catalysts used for batch reactor screening experiments. XRD 
spectra were collected after metal loading and catalyst reduction. Spectra were also provided for 
blank powdered silica and activated carbon supports for reference (A, B).  
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Figure 5.6. Muconic acid hydrogenation activity for platinum group metals (PGM) on powder 
activated carbon and silica supports in batch (A), and PGM leaching after 35 min exposure to 
reaction conditions (B). Reaction conditions were as follows: muconic acid 1 wt% in ethanol, 
temperature 24°C, H2 pressure 24 bar, catalyst loading 15 mg, stirring 1600 rpm. Reactions were 
performed in a minimum of duplicate reactors. Turn over frequencies (TOF) were calculated 
based on pseudo-first order rate constants fitted for duplicate reactions, with moles reacted after 
10% conversion and metal crystallite active surface area determined by chemisorption.  Error 
bars indicate TOF standard deviation. Metal leaching was based on a single leaching 
measurement from combined solutions of duplicate reactors.  
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Figure 5.7 Batch reactor catalyst activity screening for muconic acid hydrogenation. Reactions 
were performed in a minimum of duplicate batch reactors, with error bars indicating standard 
deviations. Typical mass closure was ±10%. Reaction conditions were as follows: temperature 
24°C, muconic acid 200 mg, catalyst loading 15 mg, H2 pressure 24 bar, EtOH solvent 19.8 g.   
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Figure 5.8. Reaction network for the hydrogenation of muconic acid via the intermediate 
hexenedioic acid (HDA) to produce adipic acid. For room temperature batch reactions, 2-HDA 
was the primary intermediate, while for higher temperature (≥50°C) 3-HDA was observed as the 
primary intermediate.  
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Figure 5.9. Product molar yields, catalyst bed temperature, and liquid feed rate during the 100-h 
time-on-stream stability test of 1%Rh/AC for muconic acid hydrogenation. Reaction conditions 
were as follows: muconic acid 1 wt% in ethanol, temperature and liquid flow rate as indicated, 
H2 200 sccm at 24 bar, catalyst loading 1100 mg. 
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Figure 5.10. XRD spectra of blank AC support and 1% Rh/AC catalyst granules used for the 
trickle bed hydrogenation of muconic acid. Major XRD peaks for rhodium occur at 2θ values of 
40.99°, 47.83°, 69.58°, and 84.10°. Spectra of the blank Norit activated carbon granule support 
provided for comparison (A). The virgin catalyst spectra was collected after metal loading and 
reduction (B), while the post reaction catalyst was collected after > 100 h time-on-stream testing 
(C). 
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Figure 5.11. Characterization by SEM-EDS of the virgin (A-C) and post-reaction (D-F) 1% 
Rh/AC granule catalyst used in the 100-h time-on-stream stability test for muconic acid 
hydrogenation.  
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Figure 5.12. Characterization by TEM of the virgin and post-reaction 1% Rh/AC granule 
catalyst used in the 100-h time-on-stream stability test for muconic acid hydrogenation. 
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Figure 5.13. Preliminary trickle bed reactor run with 1%Pd/AC granules, demonstrating ~12 h to 
reach stead-state activity. Reaction conditions were as follows: muconic acid 1 wt% in ethanol, 
liquid flow rate 0.5 mL/min, catalyst bed temperature 72°C, H2 200 sccm at 24 bar, and catalyst 
loading 200 mg 1%Pd/AC granules.  
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Figure 5.14. GC-MS TIC of methylated acids produced during the trickle bed hydrogenation of 
muconic acid at partial conversion conditions. Identified compounds are listed in Table S1. 
Reaction conditions were as follows: muconic acid 1 wt% in ethanol, liquid flow rate 0.5 
mL/min, temperature 50°C, H2 200 sccm at 24 bar, and catalyst loading 1100 mg 1% Rh/AC 
granules.  
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Figure 5.15. Influence of catalyst bed temperature during the trickle bed hydrogenation of 
muconic acid with 1% Rh/AC granules. Product distribution with varying reaction temperature 
(A). Apparent activation energy for the hydrogenation of muconic acid  based on the Arrhenius 
equation (B). Reaction conditions were as follows: muconic acid 1 wt% in ethanol, liquid flow 
rate 0.5 mL/min, temperature as indicated, H2 200 sccm at 24 bar, and catalyst loading 300 mg. 
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Figure 5.16. Polymerization scheme for reacting bio-adipic acid with 1,6-hexanediamine to 
produce Nylon-6,6 (A). Nylon “rope trick” using bio-adipic acid produced from the catalytic 
hydrogenation of muconic acid (B). Adipic acid was initially reacted with thionyl chloride and 
dissolved to cyclohexane, prior to adding the solution to a basic 1,6-hexanediamine aqueous 
solution. Nylon “rope” was then pulled from the biphasic solution interface for subsequent 
characterization. 
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Figure 5.17. DSC thermal analysis of nylon-6,6 produced from biologically derived adipic acid. 
The polymer was scanned from -60°C to 200 °C at a rate of 10 °C/minute. 
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Table 5.1. Purity requirements for polymer-grade 
adipic acid specified by Radici group.  
Polymer-Grade Adipic Acid  Specification 
Purity  99.8% min 
Total N  20 ppm max 
Iron 0.2 ppm max 
Crystallization 152 +/- 0.5 °C 
Moisture 0.2% max 
 
  
    
 
 
232 
Table 5.2. Purity of commercial muconic acid (chemical origin) and 
biologically derived muconic acid after sequential treatment.  
Sample  
Origin 
AC 
Treated 
pH 2 
Crystallized 
EtOH 
Dissolved Purity (%) 
Commercial 
Chemical N N N 97.83 ± 0.07% 
Biological 
Conversion Y Y N 97.86 ± 0.05% 
Biological 
Conversion Y Y Y 99.76 ± 0.04% 
aStandard deviation values reported for triplicate sample measurements. 
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Table 5.3. Elemental impurities screened by ICP-MS in muconic acid of chemical 
and biological origin, as well as in adipic acid produced from the catalytic 
hydrogenation of muconic acid.  
Elemental  
Impurity 
Commercial 
Muconic Acid 
(chemical 
origin) 
Crystallized 
Muconic Acid 
(biological 
origin) 
EtOH 
Dissolved 
Muconic Acid 
(biological 
origin) 
Bio- 
Adipic Acid 
(muconic 
derived) 
Al 11 10 5 8 
Ca 42 5 4 6 
Cl <10 34 <10 <10 
Cu 0.2 <0.1 <0.1 0.1 
Fe 141 1 <1 <1 
K 3 1030 186 85 
Mg 7 21 4 1 
Mn 0.1 <0.1 <0.1 0.1 
Na 16 16 191 168 
N 10 336 129 114 
P  2860 1130 1520 
S 21 3540 34 69 
Si 10 10 <10 <10 
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Table 5.4. Properties of virgin activated carbon (AC) and 
silica powdered catalysts used in batch screening reactions for 
muconic acid hydrogenation.  
Catalyst 
(nominal) 
SBET 
(m2 g-1) 
Pore vol. a 
(cm3 g-1) 
 Pore 
dia. a (Å) 
Dispersion b 
(%) 
1% Pd/AC 768 0.514 9.71 13 
1% Rh/AC 971 0.708 9.83 69 
5% Ru/AC 590 0.588 9.69 10 
5% Pt/AC 882 0.657 9.71 60 
1% Pd/SiO2 466 0.774 9.74 28 
1% Rh/SiO2 480 0.804 9.81 62 
5% Ru/SiO2 428 0.686 9.75 17 
5% Pt/SiO2 454 0.811 9.79 47 
aPore volume and average micropore diameter determined by 
BJH adsorption. bDispersion calculated based on 
chemisorption and ICP measured metal loading. 
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Table 5.5. Properties of virgin and post-reaction 1%Rh/AC granule catalyst 
used in the 100-h time-on-stream stability test for muconic acid hydrogenation. 
Catalyst 
(nominal) 
ICP 
(%) 
SBET 
(m2 g-1) 
Pore vol. a 
(cm3 g-1) 
 Pore dia. 
a (Å) 
Dispersion b 
(%) 
Virgin 
1% Rh/AC 0.8 1029 0.46 9.69 14% 
Post Reaction 
1% Rh/AC 0.9 1130 0.52 11.43 21% 
a Pore volume and pore diameter (average) determined by BJH desorption. b 
Dispersion calculated based on chemisorption and ICP measured metal loading. 
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Table 5.6. Volatile components identified by GC-MS for the trickle 
bed hydrogenation of muconic acid under partial conversion 
conditions.a Compounds were methylated prior to analysis. 
Peak 
No. 
Ret. Time 
(min) Compound Identified 
1 13.22 Dimethyl Adipate 
2 13.31 Dimethyl 2-Hexenedioate (Z) 
3 13.51 Dimethyl Muconate 
4 13.70 Dimethyl 3-Hexenedioate (Z) 
5 13.87 Dimethyl 3-Hexenedioate (E) 
6 14.09 Dimethyl 2-Hexenedioate (E) 
7 14.46 Dimethyl Hexanedioate, 3-Methoxy 
8 14.56 Dimethyl Muconate 
aReaction conditions were as follows: Muconic acid 1 wt% in ethanol, 
liquid flow rate 0.5 mL/min, 50°C, H2 flow 200 sccm, system pressure 
24 bar, 300 mg 1% Rh/AC granules. 
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Table 5.7. Time-on-stream results for the trickle bed hydrogenation 
of muconic acid.a Compounds were monitored by HPLC-RID.  
Time 
(h) 
Temp 
(°C) 
Liq. 
flow 
(mL/mi
n) 
Muconi
c (g/L) 
2-HDA 
(g/L) 
3-HDA 
(g/L) 
 Adipic 
(g/L) 
18 50 0.5 2.98 1.30 2.50 0.79 
20 50 0.5 3.12 1.26 2.48 0.77 
22 50 0.5 3.20 1.16 2.35 0.72 
24 50 0.5 3.44 1.78 2.60 0.83 
37 50 0.5 3.21 1.68 2.40 0.78 
39 50 0.5 3.36 1.64 2.34 0.74 
41 50 0.5 3.38 1.69 2.40 0.77 
43 50 0.5 3.31 1.67 2.34 0.79 
45 50 0.5 3.31 1.65 2.34 0.75 
67 78 0.2 0.00 0.00 0.00 8.78 
69 78 0.2 0.00 0.00 0.00 7.97 
71 78 0.2 0.00 0.00 0.00 8.14 
73 78 0.2 0.00 0.00 0.00 8.02 
88 78 0.2 0.00 0.00 0.00 7.92 
92 78 0.2 0.00 0.00 0.00 7.97 
96 78 0.2 0.00 0.00 0.00 8.14 
114 50 0.5 3.63 1.45 1.99 0.78 
116 50 0.5 3.70 1.80 1.91 1.00 
118 50 0.5 3.38 1.71 2.07 1.14 
120 50 0.5 3.10 1.63 2.03 0.89 
aReaction conditions were as follows: Muconic acid 1 wt% in 
ethanol, liquid flow rate and temperature as indicated, H2 flow 200 
sccm, system pressure 24 bar, 1100 mg 1% Rh/AC granules. 
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Table 5.8. Properties of nylon-6,6 produced using commercial adipic acid of 
chemical origin and bio-adipic acid generated in this work from the catalytic 
hydrogenation of muconic acid. 
Nylon-6,6 Properties Adipic Acid Chemical  
Adipic Acid 
Biological  
Literature for 
Nylon-6,6 
Melting Temp  
(°C) 258 264 262
55 
Glass Transition (°C)a 55 46 5055 
Heat of fusion 
(J/g) 37.8 50.2 51.3
56 
Crystallinity  
(%) 19.9 26.4 27.0
55 
Intrinsic Viscosity 
(mL/g)b 26.5 ± 0.9 24.1 ± 0.6 79-174
57 
Viscosity Avg. MW (g/mol)b  2,230 ± 40 1,920 ± 20 40,000-60,00057 
aTg determined from literature for 27% crystallinity and is known to vary. bStandard 
deviation values reported for four solutions tested in triplicate.  
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CHAPTER 6 
PRELIMINARY TECHNO-ECONOMIC ANALYSIS FOR THE DOWNSTREAM 
PROCESSING OF BIO-BASED MUCONIC ACID TO ADIPIC ACID  
 
6.1 Abstract 
Adipic acid is the most widely manufactured dicarboxylic acid derived from petroleum, 
with significant potential for renewable production from lignocellulosic biomass via integrated 
biological and chemo-catalytic processing. However, downstream processing of biologically 
derived acids can represent over half of the final product cost, requiring identification and 
reduction of key cost drivers. To that end, this study presents a techno-economic analysis for the 
downstream separation and catalytic hydrogenation of bio-based muconic acid to adipic acid. 
The technical basis for the model is as follows: For the base-case downstream plant design, an 
nth-generation plant was modeled to produce 75 million kg of adipic acid per year. Cell-free 
broth, containing 50 g/L muconate and 2 g/L non-target of aromatic compounds, was initially 
treated with activated carbon to achieve a muconate organic purity of >99%. Muconic acid was 
then separated by low temperature/pH crystallization, followed by rotary filtration and drying to 
recover 93% of muconic acid post-purification. Crystallized muconic acid was dissolved in 
ethanol to precipitate inorganic Na2SO4, and muconic acid was catalytically converted to adipic 
acid in trickle bed reactor packed with 2%Rh/C, operating at 350 psig and 75°C. The 
hydrogenation yield was assumed to be nearly quantitative, with a reactor weight hourly space 
velocity (WHSV) of 5 h-1. To recover adipic acid, a second train of evaporative crystallization 
with rotary filtration and drying was modeled, with an adipic acid recovery of 98%. For the base-
case design, discounted cash flow rate of return analysis predicts a minimum selling price (MSP) 
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of $1.90/kg (2014 USD) for bio-adipic acid, within the historical range for petro-derived adipic 
acid ($1.75-2.50/kg). Single point sensitivity analysis was then performed to determine the 
impact associated with inaccuracy in total equipment capital cost (± 50%), incoming muconate 
broth cost ($0.90-1.70/kg dissolved muconate), muconate titer (20-100 g/L muconic acid), level 
of non-target aromatics (0.5-10 g/L non-target aromatics), and hydrogenation reactor throughput 
(WHSV 0.6-10 h-1). In addition, bivariate analysis was performed to determine the joint impact 
of broth price and broth titer on the adipic acid MSP. Overall, multiple process scenarios were 
identified that result in an adipic acid MSP of < $2.50/kg, demonstrating the potential for 
economically competitive pathways for renewable adipic acid production. 
 
6.2 Introduction 
Integrated biological and chemo-catalytic processing of lignocellulosic biomass holds 
significant potential for displacing fuels and chemicals derived from petroleum.1–6 Recent 
analysis of next-generation biorefineries has shown that by targeting value-added chemicals, in 
addition to fuels, premiums can result that help offset the economic cost and environmental 
impact of renewable fuel production.7 Advances in biotechnology have greatly expanded the 
slate of molecules that can be produced by engineered microorganisms,8–10 with subsequent 
separation and catalytic processing steps under development to diversify applicable markets and 
product applications.11–13 cis,cis-Muconic acid is one such promising biologically-derived 
molecule that can be catalytically hydrogenated to adipic acid, the latter molecule being the most 
widely manufactured dicarboxylic acid derived from petroleum. 
Adipic acid currently has a global market of ~2.5 billion kg per year, with the primary 
application as a nylon-6,6 precursor, consuming 85% of production.14,15 The market price of 
  
 
241 
adipic acid has varied significantly, ranging from ~$1.75-2.50/kg, due to its dependence on 
petroleum. Applications for adipic acid are expected to grow, including use for polyesters and 
polyurethanes, and as an additive in pharmaceuticals, cosmetics, and agrochemicals.14,15 
However, conventional adipic acid production is conducted via nitric acid oxidation of 
cyclohexanone and cyclohexanol, which generates significant NOx emissions and depends on 
volatile petroleum markets. As a result, alternative “green” pathways are being examined for the 
production of adipic acid,14,16–19 including through the production of muconic acid as a bio-
derived precursor.15,20–23 
Muconic acid can be produced extracellularly with engineered organisms using multiple 
substrates, including glucose24 and lignin-derived aromatics,3 as shown in Figure 6.1. The 
potential to produce muconate from non-food feedstocks, particularly lignocellulosic biomass, 
has been proposed to have significant environmental and economic promise.25,26 Glucose is 
converted to muconic acid by rerouting aromatic amino acid synthesis pathways, with 
demonstrated molar yields of 22-30%,24,27 and theoretical yields, depending on the metabolic 
pathway, ranging from 69-86%.28 However, as noted above, the high price and societal impacts 
of utilizing glucose derived from food resources will likely necessitate utilization of cellulose-
derived sugars, which have been estimated at $0.39/kg.15 Based on this value and theoretical 
molar yields, the cost of glucose derived substrate could potentially range between $0.57-0.72 
per kg of muconic acid (Table 6.1). 
In comparison, small MW oxygenated aromatics derived from lignin depolymerization, 
such as p-coumarate, ferulate, catechol, and phenol, can also be used as starting substrates for 
muconic acid. These oxygenated aromatics can be routed through the β-ketoadipate pathway, 
with demonstrated muconate molar yields ranging from 14 to ≤100% that vary significantly 
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depending on the substrate and cultivation conditions. For aromatic catabolism, theoretical 
muconic acid molar yields are 100% from ring opened monomers.3,29,30 Furthermore, the cost of 
using lignin as a substrate for aromatic monomers has been estimated at $0.17/kg.15 Based on 
this value and theoretical molar yields, the cost of lignin derived substrate could potentially 
range between $0.11-0.20 per kg of muconic acid (Table 6.1). High broth titers with oxygenated 
aromatics have also been demonstrated during fed-batch biological conversion, including 13.5 
g/L from p-coumarate 3, 44.0 g/L from benzoate 29, and 59.0 g/L from catechol.30 Efforts to 
improve muconate yields, titers, and productivities are ongoing through both metabolic pathway 
optimization,31–35 bioreactor engineering,27,36,37 and co-optimization of the upstream lignin 
isolation/conditioning strategies and microbial host selection. 
Despite the significant potential for the producing muconic acid from sugars, aromatic 
compounds, and other renewable feedstocks, the downstream processing costs for biologically 
derived acids can account for over half of the final product cost.38,39 Recently, our group 
demonstrated bench-scale fed-batch biological conversion of p-coumarate to muconic acid, 
followed by activated carbon purification, low pH/temperature crystallization, and catalytic 
hydrogenation to adipic acid.3 Despite the technical feasibility of this approach, the downstream 
economic prospects remain speculative. Early-stage techno-economic analysis can potentially 
provide key insight into major cost drivers and energy consumptive processes, as well as 
identifying targets for future technology development.40 As such, this study presents a techno-
economic analysis focused on the downstream separation and catalytic hydrogenation of 
biologically derived muconic acid to adipic acid.  
 
6.3 Results and Discussion 
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6.3.1 Base case process model 
In order to evaluate the economic viability of renewable adipic acid production via 
muconic acid as an intermediate, an nth-generation plant was modeled to produce 75 million kg 
of adipic acid per year. For this work, boundary conditions excluded upstream biomass 
deconstruction and biological conversion processes due to the rapid and ongoing efforts with 
both sugar and lignin-derived feedstocks, as noted above. Cell free muconic acid culture media 
was assumed to contain 50 g/L muconate and 2 g/L non-target aromatic metabolites, requiring an 
incoming broth flow rate of 208,392 L/h. Cooling needs for downstream plant operations were 
supplied with freshwater (incoming 28°C, with 9°C rise) and chill water (incoming 7°C, with 
5°C rise), depending on the required final temperature. Heat loads were supplied with medium 
pressure steam (216°C, 300 psig). The process model was divided into two sections, Area 100 
and Area 200 (Figure 6.2), with their respective design bases and performance assumptions 
summarized in Table 6.2.  
Area 100 of the process model focused on purification and recovery of muconic acid 
from biological conversion broth. Muconate broth was purified over parallel activated carbon 
treatment beds to remove non-target aromatic impurities and achieve a final purity of 99% on a 
dissolved organics basis, with a safety factor of 1.2 (final purity >99%). Based on an assumed 
activated carbon adsorption capacity of 0.10 g/gAC for muconic acid and 0.15 g/gAC for 
aromatics, 7.2% of muconic acid was lost during treatment due to non-specific adsorption. Spent 
activated carbon from purification was thermally regenerated onsite by kiln combustion due to 
the high boiling point of adsorbed organics. During regeneration, it was assumed that 5% of 
activated carbon was lost per combustion cycle 41.  
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After purification, low pH and low temperature crystallization was employed to recover 
muconic acid based on a solubility of 3.5 g/L at pH 2 and 10°C. Concentrated sulfuric acid was 
used for pH adjustment, producing Na2SO4 (2 g of Na2SO4 per 1 g of muconic acid solid) that 
co-crystallized at a solubility limit of 82.8 g/L at 10°C.42 Rotary filtration and rotary drying was 
then employed to recover mixed solid crystals, with the filter broth effluent treated as 
wastewater. Mixed solid crystals were added to ethanol in a heated stirred tank at 70°C to 
dissolve muconic acid to a level of 100 g/L, while insoluble Na2SO4 was separated by rotary 
filtration and treated as solid waste. Following purification, the net recovery of muconic acid was 
92.8%.  
Area 200 of the model focused on the purification and catalytic conversion of muconic 
acid to adipic acid, with subsequent product recovery. Muconic acid in ethanol was initially 
pressurized to 350 psig using a positive-displacement pump for feeding to the reactor. On site 
hydrogen was supplied at ambient temperature and pressure, requiring a 3-stage compression 
train with inter-stage cooling to deliver hydrogen at 350 psig, with a 10:1 molar flow ratio to 
muconic acid. Muconic acid, ethanol, and hydrogen were mixed and introduced to a trickle bed 
reactor operating at 70°C with a weight hour space velocity (WHSV), defined as the weight of 
liquid solution processed per hour divided by the weight of catalyst material, of 5 h-1. 
Hydrogenation of muconic acid was assumed to be quantitative over a 2% Rh/C catalyst, with 
adipic acid as the only product. The catalyst was assumed to be stable during operation, requiring 
1/5th of the bed to be regenerated every year at a cost of $40/kg of catalyst, with an assumed 3% 
precious metal loss.  
Following hydrogenation, adipic acid was recovered from solution by ethanol 
evaporation and crystallization. The stream of adipic acid in ethanol exiting the reactor was 
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mixed with the crystallizer recycle stream and concentrated to 360 g/L at 82°C, below the adipic 
acid/ethanol solubility limit of 363 g/L at 60°C.43 The solution was then cooled to 10°C to 
partially crystallize adipic acid based on a solubility limit of ~67 g/L at 10°C,43 with the 
remaining solution recycled to the inlet of the evaporator. Rotary filtration and drying was then 
employed to dry crystals, with an assumed net adipic acid recovery of 98% post-hydrogenation.  
 
6.3.2 Installed equipment costs 
Based on the base-case model design scenario, capital equipment costs with installation 
were estimated, as shown in Figure 6.3A, with detailed equipment design bases, materials of 
construction, and installation factors described in the Supplementary Information. Installed 
equipment costs totaled to $57.4E6, with the largest contributors being the activated carbon 
regeneration kilns in Area 100 and the packed hydrogenation reactor in Area 200.  
In Area 100, the cost of onsite kilns to regenerate spent activated carbon ($14.6E6) was 
primarily a function of the concentration of non-target aromatics in the incoming broth media. 
Non-target aromatics can result from incomplete conversion of lignin-derived aromatic 
substrates, as well as from buildup of upstream metabolic intermediates prior to muconic acid, 
such as protocatechuate and 4-hydroxybenzoate.3 During fed-batch bioconversion, controlled 
substrate feeding based on broth pH or dissolved oxygen levels has been shown to effectively 
prevent buildup of model feed compounds,3,36,37 but significant work remains to demonstrate this 
approach with mixed hydrolyzate sugars and aromatic monomers obtained from biomass 
depolymerization. Likewise, engineered enhancement of metabolic bottlenecks holds promise for 
alleviating the buildup of upstream aromatic intermediates.  
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It should be emphasized that high purity muconic acid will likely be a key requirement 
for meeting the stringent specification of polymer-grade adipic acid (Table 6.3).44 As noted, 85% 
of adipic acid is used for nylon-6,6 production, making separation and purification a key 
consideration. Numerous alternative strategies to recover dicarboxylic acids are in varying stages 
of development and industrial readiness, including carboxylate absorption and adsorption, 
reactive extraction, electrochemical crystallization, electrodialysis, membrane filtration, ion 
exchange, chromatography, and reactive distillation to name a few;39,45–50 however, economic 
analysis of these technologies was beyond the scope of this study.  
In Area 200, the largest capital investment was the packed bed catalytic reactor 
($16.9E6), primarily due to the use of 2% Rh/C as the catalyst, which represented 76% of the 
installed cost. Bench-scale experimentation by our group has been shown the Rh/C is highly 
active and stable during continuous catalytic conversion of muconic acid. The high catalytic 
activity of Rh can allow for high process flow rates (WHSV of 5 h-1 assumed for this study), 
greatly reducing the size and capital requirements of reactor components. However, Rh is one of 
the most expensive platinum group metals, with an average price in 2014 of $37.78/g, compared 
to Ru at $2.09/g, Pd at $26.08/g, and Pt at $44.66/k).51 As such, this provides significant 
motivation for exploring non-platinum group metals that are highly active and stable under 
acidic liquid-phase conditions.52 Activated carbon was chosen as the metal support due its known 
stability and relatively low cost (~$0.50-3.00/kg) under liquid-phase catalytic conditions.  
Hydrogen compression also represented a significant capital cost ($4.2E6) due to the high 
pressure employed (375 psig) and need for gas recycle. High hydrogen pressures can be 
necessary at industrial process scales due to mass transfer limitations which result when 
dissolved hydrogen is depleted in the condensed phase,53 limiting the potential for significant 
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capital reduction with conventional packed bed reactor configurations. Alternative reactor 
configurations have been examined for catalytic hydrogenation, including inorganic membrane 
doped with catalytic sites to facilitate hydrogen mass transfer,54 immobilized enzyme transfer 
hydrogenation,55 and electrochemical reduction under mild reaction conditions,56 but similar to 
the alternative separation strategies listed above, their technological readiness and economic 
impacts were beyond the scope of this study.  
 Crystallization in Area 100 ($5.2E6) and Area 200 ($5.4E6) also contributed significantly 
to the capital cost. As noted, the solubility of muconic acid in water is highly sensitive to pH due 
to protonation/deprotonation, providing a facile option for recovery through pH-shift 
crystallization at low temperature; however, aromatic acids derived from lignin depolymerization 
(e.g., p-coumaric acid) are also highly susceptible to crystallization at low pH, necessitating 
upstream purification. Trace impurities can greatly impact crystallization performance of 
biologically derived compounds,57,58 requiring a stable stream composition for optimum 
continuous performance. Na2SO4 produced during pH adjustment of muconate was also assumed 
to partially co-precipitate due to its low solubility at 10°C (82.8 g/L),42 requiring dissolution in 
ethanol for selective removal. Insoluble Na2SO4 was removed and prepared for disposal by 
rotary filtration ($3.1E6) and drying ($1.0E6). Lastly, temperature-shift crystallization was 
employed for adipic acid recovery, similar to the approach with petrol-derived adipic acid.(54) 
Adipic acid displays a near exponential solubility in alcohols and water,43 providing a facile 
recovery method at low temperature. Lastly, a second train of rotary filtration ($0.6E6) and 
drying ($0.8E6) was incorporated to produce dry adipic acid as the final product.  
 
6.3.3 Variable operating costs 
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Annual operating expenses were estimated based on process requirements and demands 
from installed equipment, as shown in Figure 6.3B. Excluding labor and overhead (Table 6.4), 
operational expenses totaled to $118.6E6/y, with unit cost parameters and consumption rates 
summarized in Table 6.5. By far the most significant operational expense was the incoming 
muconate culture media, with an assumed unit cost of $1.00/kg of dissolved muconic acid. The 
cost of muconic acid broth is highly dependent on a number of factors, including initial substrate 
costs (e.g., glucose, lignin-derived aromatics), biological productivity, titer, bioreactor 
configuration, media sterilization, broth neutralization, and cell removal.7,47 As noted, cost 
estimates for consumables that impact broth cost include aromatic substrate, reported at $0.17/kg 
15 and NaOH at $0.21/kg ($0.18/kg 2013 USD).7 In comparison, costs for succinic acid in culture 
broth, a dicarboxylic acid derived from glucose, have been estimated at $0.69/kg ($0.66/kg 2013 
USD).46 To address the economic implications of broth cost uncertainty, a range of values 
($0.90-$1.70/kg) were evaluated, as described in the Model Sensitivity Analysis section below. 
In Area 100, several operational costs were of comparable magnitude, including sulfuric 
acid ($6.8E6) and chill water ($5.6E6) to lower the pH and temperature during muconic acid 
crystallization, waste treatment ($3.2E6) to dispose of post-crystallization broth and Na2SO4, and 
make-up ethanol ($4.3E6) due to losses during muconic acid dissolution and Na2SO4 drying 
(ethanol recovery assumed to be 98%). Ethanol was chosen as a solvent since it displays near-
exponential temperature solubility dependence with dicarboxylic acids,43,59 while being sparingly 
soluble with salts.60 Further, ethanol can be derived from renewable resources and it displays a 
greatly reduced specific heat capacity compared to water. In contrast, the production of Na2SO4 
as a waste product is a well-known problem for biological conversion processes that require pH 
control.61,62 Alternative neutralization agents, such as ammonia, have been evaluated due to the 
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potential recovery of labile ammonia.61,62 Alternatively, electrochemical methods can be used to 
regenerate free acid and base for recycle,48 but the associated energy costs and scalability require 
further evaluation. 
It should be noted that in Area 100, evaporative concentration of muconic acid prior to 
crystallization was also evaluated for the base-case model to improve muconic acid recovery 
yields; however, the high heat duty for the evaporator, subsequent increased cooling demand, 
and increase in Na2SO4 filtration and solid waste disposal costs made pre-concentration cost 
prohibitive.  
In Area 200, several operational costs were also of comparable magnitude, including 
hydrogen ($3.1E6), electricity ($2.4E6), freshwater ($3.3E6), steam ($2.6E6), and chill water 
($2.0E6). Hydrogen was consumed during the quantitative catalytic conversion of muconic acid 
to adipic, with stoichiometry of 2:1. The primary consumption of electricity was due to hydrogen 
recompression during recycle, which required 3.3 MW of electricity. Reductions in hydrogen 
pressure and fluid temperature were necessary to facilitate gas-liquid separation after exiting the 
reactor, resulting in significant freshwater demand for cooling (11.0 MW). Efforts to minimize 
excess hydrogen requirements during the reaction, while still facilitating high conversion and 
substrate flow rates, have the potential to greatly reduce associated operational costs. 
Evaporative concentration of adipic acid in ethanol at 82°C required significant steam demand 
(19.8 MW) that may be provided within an integrated biorefinery through the combustion of a 
portion of lignin stream.7 Lastly, crystallization of adipic acid at 10°C resulted in significant chill 
water demand (2.0 MW), in part due to the added volumetric throughput from recycle. 
 
6.3.4 Minimum selling price for adipic acid 
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For the base-case design scenario described above, discounted case flow analysis 
determined a minimum selling price (MSP) of $1.90/kg of adipic acid, after accounting for 
remaining financial expenditures (e.g., fixed operational costs, indirect capital costs, working 
capital), with details provided in the Supplementary Information. Compared to the incoming 
muconate broth price of $1.00/kg, downstream processing added $0.90/kg to the MSP, 
representing 47% of the product cost, inline with other bioprocess derived chemicals.38,39 
Although early stage techno-economic analysis only provides an order of magnitude estimate of 
process costs,63 the integrated biological and chemo-catalytic production of adipic acid shows 
potential for further development due to the parity with market prices for petroleum-derived 
adipic acid ($1.75-2.50/kg). Further research and development, as well as detailed evaluation of 
the environmental impact is warranted, with previous studies highlighting the potential for 
reductions in cumulative energy demand and greenhouse gas reductions compared to 
conventional adipic acid production.7,15,64 
 
6.3.5 Model single point sensitivity analysis 
To provide insight into the impact of base-case design assumptions on the MSP of adipic 
acid, single point sensitivity analysis of major process variables was performed, as shown in 
Figure 6.4 and Tables 6.6-6.7. Design variables for sensitivity analysis included: (1) equipment 
capital expenditures, (2) incoming broth cost, (3) muconate titer in the initial broth, (4) 
concentration of non-target aromatic acids, (5) hydrogenation reactor weight hourly space 
velocity (WHSV), (6) catalyst cost, and (7) catalyst replacement frequency. Parameter values 
were varied independently to determine the impact on equipment capital and variable operating 
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expenses, with subsequent discounted cash flow rate of return analysis to calculate the new MSP 
of adipic acid. 
For single point sensitivity analysis, errors in estimating the capital cost of equipment 
(±50%) had a minimal effect on the MSP of adipic acid. As noted, preliminary techno-economic 
analysis provides an order of magnitude estimate of equipment expenditures.63 Even with capital 
equipment costs evaluated at -50% of the base case value, the MSP of adipic acid only decreased 
by $0.09/kg. Similarly, a +50% increase only raised the MSP by $0.09/kg. The impact of 
equipment costs on the MSP was relatively minor, primarily due to financing capital 
expenditures over the 30-year lifetime of the plant.  
Varying the cost of incoming muconate broth resulted in a linear impact on the MSP of 
adipic acid, since it was assumed to be a fixed increase throughout the life of the plant. For each 
$0.10/kg increase in the incoming broth price, the MSP of adipic acid increased by $0.11/kg. As 
a noted, the initial substrate costs for biological conversion will likely account for a significant 
fraction of the broth cost, highlighting the potential for utilizing low-cost feedstocks, such as 
lignocellulosic biomass. In addition, significant environmental and societal benefits may be 
afforded through the use of next generation feedstocks that do not compete with food 
resources,65,66 particularly with regards to lignin.67 
Interestingly, varying the concentration of muconate in the incoming broth resulted in a 
nonlinear impact on the MSP of adipic acid. The nonlinearity was partially due to the assumed 
fixed concentration of non-target aromatics (2 g/L) during sensitivity analysis. Lower ratios of 
muconate-to-aromatics increased purification process demands, resulting in greater capital and 
operational expenses for activated carbon regeneration, as well as non-selective losses of 
muconate due to activated carbon adsorption. Increased incoming broth flow rates were also 
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necessary to maintain a fixed adipic acid output of 75 million kg per year, and muconic acid 
crystallization yields were reduced since recovery was a function of the broth titer compared to 
the solubility at 10°C and pH 2 (3.5 g/L). Likewise, muconate titers above the base-case design 
of 50 g/L resulted in decreasing improvements for the MSP. Even when the broth titer was 
doubled to 100 g/L, the MSP was only reduced by 5% from $1.90/kg to  $1.80/kg. Yield 
improvements during purification and crystallization at high titers were less impactful, 
suggesting that a target titer of ≥50 g/L is desirable. This is promising from a state-of-technology 
perspective since comparable titers have been demonstrated values with model aromatic 
monomers (e.g., 44.0 g/L from benzoate,29 59.0 g/L from catechol30).  
Varying the concentration of non-target aromatics in the incoming broth also had a 
significant impact on the MSP, and likely represents the most challenging technological hurdle 
for further development. Within the range of 1-10 g/L, each additional gram per liter of non-
target aromatic compound added an average of $0.09/kg to the MSP, increasing in magnitude at 
higher concentrations. At non-target aromatic concentrations >8 g/L, the MSP of adipic acid 
exceeded the upper limit for the 5-year historical price range of petroleum-derived adipic acid. 
As noted, biological engineering efforts will be key to reduce non-target upstream metabolites 
while maintaining low levels of residual biomass-derived substrates during fed-batch cultivation. 
Alternative separation strategies for selective recovery of muconic acid may needed if biological 
advancements cannot overcome this challenge with complex feedstocks.  
With regards to catalysis, varying the hydrogenation reactor throughput resulted in a 
nonlinear impact on the MSP. At reactor WHSVs less than 3 h-1 (weight of liquid solution 
processed per hour, divided by the weight of catalyst), the increase in MSP was increasingly 
pronounced, due to the inversely proportional change in reactor capital cost. As noted, the 
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hydrogenation reactor was the most costly piece of installed equipment ($16.7E6) due to the high 
cost of the 2% Rh/C catalyst. Lowering the WHSV by a factor of two effectively doubled the 
catalyst cost, which quickly impacted the MSP despite the offset of 30-year financing.  
Varying the initial catalyst cost and replacement frequency also significantly impacted 
the MSP, depending on the reactor WHSV, as shown in Table 6.6 and Table 6.7. For the base 
case reactor throughput (WHSV 5 h-1), reductions in the catalyst cost showed a minor 
improvement in the MSP, even at 1/100th of the initial catalyst price. Such a reduction would be 
expected if Rh was replaced with a low cost, earth abundant metal alternative. A similar trend 
was observed for catalyst replacement frequency. As noted, the short reactor residence time of 
the base case model masks potential MSP reductions due to the relatively low catalyst capital 
investment over the 30-year period. However, at slow reactor throughputs (e.g., WHSV 1 h-1), 
the impact of catalyst cost and replacement frequency quickly becomes dramatic, as shown in 
Table 6.6 and 6.7. As such, additional catalyst performance validation efforts are to accurately 
assign catalyst reactor throughput values and stability lifetimes for muconic acid hydrogenation.  
 
6.3.6 Bivariate sensitivity analysis for broth price and broth titer 
Due to the joint impact of broth titer and broth cost on the MSP of adipic acid, bivariate 
analysis was performed to generate an adipic acid MSP surface response plot for both 
parameters, as shown in Figure 6.5. The broth price was varied from $0.60-$1.50/kg of 
muconate, while the broth titer was varied between 10-100 g/L of muconate. With regards to the 
broth price, increasing the price above the base-case design of $1.00/kg of muconate quickly 
reduced the acceptable range of titers that would provide an adipic acid MSP of less than 
$2.50/kg, resulting in a minimum broth titer of 40 g/L at the maximum broth price of $1.50/kg of 
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muconate. In contrast, reducing the broth price below the base-case design of $1.00/kg showed a 
negligible impact on the necessary titer, allowing for a minimum broth titer of ~20 g/L to 
maintain the adipic acid MSP below $2.50/kg.   
With regards to broth titer, increasing the titer above 40 g/L for a given broth price 
showed a negligible impact on the adipic acid MSP. However, for titer values between 20-40 g/L 
of muconate, the codependence of broth titer and price was significant, requiring a narrower 
range of pair values to maintain the adipic acid MSP below $2.50/kg. Lastly, at broth titers 
below 18 g/L, the adipic acid MSP was above $2.50/kg for all broth price analyzed ($0.60-
$1.50/kg of muconate), identifying a minimum titer value within this parameter space.   
 
6.4 Conclusion 
The integrated biological and chemo-catalytic production of adipic acid from muconic 
acid shows potential for being economically competitive with conventional adipic acid. 
Discounted cash flow analysis determined that for the base-case downstream process model, an 
adipic acid MSP of $1.90/kg can be achieved, within the 5-year historical range for petroleum-
derived adipic acid of ~$1.75-2.50/kg. The two major equipment capital costs were: (1) activated 
carbon regeneration kilns ($14.6E6), whose cost was a function of the concentration of non-
target aromatic metabolites and residual aromatics, and (2) the hydrogenation catalyst reactor 
($16.7E6), due to the use of 2% Rh/C as the active material. Operationally, the annual expense of 
incoming muconate broth ($82.1E6) far outweighed all other variable expenses combined 
($36.4E6), pointing to the significant weight of initial substrate costs on the MSP of adipic acid. 
Single point sensitivity analysis of major design variables further revealed that the MSP of adipic 
acid was impacted in a linear fashion by the incoming muconate broth price, and nearly linear by 
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the concentration of broth non-target aromatics within that range of 1-10 g/L. In contrast, the 
broth muconate titer and hydrogenation reactor throughput impacted the adipic acid MSP in a 
nonlinear fashion, identifying technical targets for muconate titer ≥50 g/L and hydrogenation 
reactor WHSV >3 h-1. Bivariate analysis of the muconate broth price and broth titer determined 
that broth prices below $1.00/kg allowed for a minimum acceptable titer of ~20 g/L to maintain 
an adipic acid MSP below $2.50/kg, while higher broth prices quickly reduced the acceptable 
range of titers. In comparison, increasing the broth titer above 40 g/L showed a minimum impact 
on the adipic acid MSP for a given broth price. The codependence of both parameters was 
significant for broth titers ranging between 20-40 g/L, requiring a narrower range of acceptable 
broth price and titer values to maintain an adipic acid MSP below $2.50/kg. Overall, this 
preliminary techno-economic analysis determined that further research and development is 
warranted to reduce key cost bottlenecks and demonstrate technical targets for bio-derived 
muconic acid and adipic acid produced from complex, biomass-derived feedstocks. 
 
6.5 Methods 
6.5.1. Unit operation design and capital cost 
Unit operation design parameters and performance assumptions were based on reported 
values from literature, computational simulations, and assumed when specified. Detailed 
descriptions for each unit process are provided in the Supplementary Information. Aspen Plus 
modeling software was used to compute heat duty, mass balance, and power requirements for the 
hydrogen compression and recycle train, as well as for the ethanol-adipic acid evaporative 
crystallization unit operations. Quotes and installation factors were then tabulated to provide an 
order-of-magnitude cost estimate for equipment, and normalized to 2014USD based on chemical 
  
 
256 
engineering plant equipment indices (Table 6.8 and Table 6.9). Other capital costs (e.g. direct, 
indirect, working capital) were a function of the total cost for inside battery limits equipment 
(Table 6.9), following previous NREL techno-economic design studies.7,68 
 
6.5.2. Operating expense estimation 
Annual operating expenses were based on the desired plant throughput, consumption of 
chemicals and utilities, and production of waste. Unit consumption costs were based on values 
reported in literature and assumed when specified (Table 6.5). Variable operational costs were 
normalized to 2014 USD based on chemical indices (Table 6.8). Other operating costs (e.g. 
manpower, insurance, tax) were modeled after following previous NREL techno-economic 
design studies (Table 6.4).7,68   
 
6.5.3. Minimum selling price calculation 
The minimum selling price (MSP) of adipic acid was calculated by discounted cash flow 
analysis of a 30-year plant to result in a net present worth of zero dollars (Table 6.10), following 
previous NREL techno-economic design studies.7,68 The plant land requirement was assumed to 
be 32 acres, at a cost of $14k per acre. Equity for the plant was assumed to be 40% from a parent 
company, with a 10 year loan at 8% APR. Principal costs were taken out during the first 3 years 
of construction, but principal was not paid during this period due to the nth-plant assumption that 
the cash flow originates from the parent company until startup. The construction period was set 
to 3 years, with capital costs and start-up revenues varying accordingly.  Income taxes were 
levied at 35% with state taxes not accounted for due to variability between states (0-12% state 
income tax rates). Plant depreciation was based on the IRS Modified Accelerated Cost Recovery 
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System (MACRS), which allows for the shortest recovery period and largest tax deductions over 
a 7-year period under the Asset Class 49.5, “Waste Reduction and Resource Recovery Plants”. 
The discount rate, which was also the internal rate of return for this analysis, was assumed to be 
10% after tax based on recommendations for DOE renewable energy technologies.69 
 
6.5.4. Sensitivity analysis 
For single point sensitivity analysis, the base-case model parameters were varied 
independently to determine the impact on plant capital and operating expenses. Discounted cash 
flow analysis was then performed to calculate the new MSP of adipic acid. Plant values were 
restored to the base-case design before each new parameter was varied. A focus was place on the 
incoming broth composition due to the impact on downstream unit process performance, as well 
as the hydrogenation reactor due to its significant capital and operating cost with unknown 
performance at scale. Crystallization was not examined for sensitivity analysis since performance 
parameters were based on literature solubility parameters.3,43 Likewise, rotary filtration and 
drying were not evaluated since performance parameters were based on literature and technical 
handbook values.70,71 
For bivariate analysis, the impact of broth price and broth titer was evaluated to 
determine the impact on the MSP of adipic acid. Both parameters were varied jointly, with broth 
price ranging from $0.60-1.50/kg of muconate and broth titer ranging from 10-100 g/L of 
muconate. To generate a MSP surface response plot, each parameter was varied in 10% 
increments within the range boundaries to generate a 100-pair simulation space, with discounted 
cash flow analysis performed at each pair value to calculate the MSP of adipic acid.  
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6.6 Supplemental Information 
6.6.1. Heat transfer calculations 
Heat transfer calculations were performed to determine equipment heat transfer area 
sizing, heat transfer fluid mass flow rates, and natural gas consumption. Counter current fluid 
flow was assumed when calculating the log mean temperature difference, ΔTlm (°C), for heat 
transfer equipment, as shown in Eqn. 6.1. Equipment heat transfer areas, A (m2), were calculated 
based on the required heat duty, Q (kW), equipment heat transfer coefficient, U (kW/m2/°C), and 
log mean temperature difference, as shown in Eqn. 6.2. Cooling fluid mass flow rates, ṁcool 
(kg/s), for a given unit process were calculated based on the required heat duty, Q (kW), allowed 
temperature rise, ΔT (°C), and the specific heat capacity of the cooling fluid, c (kJ/kg/K), as 
shown in Eqn. 6.3. Medium pressure steam (300 psig, 216°C) mass flow rates, ṁstm (kg/s), were 
determined by enthalpy balance, using saturated steam enthalpy values for steam, hstm (2,799 
kJ/kg), and condensate, hcond (927 kJ/kg), under those conditions, as shown in Eqn. 6.4. For unit 
operations that utilized natural gas (e.g., rotary driers), a natural gas combustion efficiency of 
90% was assumed, with a natural gas energy density of 54 MJ/kg.  
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6.6.2 Process model design basis 
6.6.2.1 Activated carbon treatment & regeneration 
Activated carbon treatment was modeled for muconic acid purification. The mass of 
activated carbon required for treatment was based on an assumed carbon adsorption capacity of 
0.100 g/gAC for muconic acid, and 0.150 g/gAC for 4-hydroxybenzoic acid, a model non-target 
aromatic acid.72 A target purity of 99% for muconic acid was assumed, with a safety factor of 1.2 
to ensure high purity adipic acid as the final product. This resulted in an non-target muconic acid 
concentration of 48.8 g/L. Representative treatment bed parameters were modeled, with an 
empty bed contact time of 0.5 h using 3 reactor units in series, each containing 9,071 kg of 
activated carbon.41 Parallel operating lines were used ensure continuous output, and treatment 
trains were replicated in triplicate to provide redundancy and sufficient time for bed 
regeneration, resulting in 6 parallel treatment units, each containing 3 reactors in series.  
On site regeneration of activated carbon with fired kiln hearths was used to continuously 
produce fresh activated carbon. Combustion of adsorbed organics was chosen due to the high 
boiling point of muconic acid and non-target aromatic acids. Single hearth capacity was assumed 
to be 227 kg/h.41 Natural gas consumption for regenerating 1 kg of activated carbon was assumed 
to be 0.436 m3, with 5% of the activated carbon lost during combustion,41 resulting in a natural 
gas consumption rate of 729 kg/h and makeup activated carbon rate of 105 kg/h.  
 
6.6.2.2 Broth evaporative concentration 
As noted, evaporative concentration was initially evaluated to increase the recovery yield 
of muconic acid during crystallization, but determined to be cost prohibitive. The evaporator was 
modeled as a horizontal tube forced circulation evaporator made of 316SS, with evaporated 
  
 
260 
water sent to wastewater treatment. The evaporator heat duty was based on water’s latent heat of 
vaporization (2,257 kJ/kg), specific heat capacity (4.18 kJ/kg/°C), and incoming temperature of 
24°C. The evaporator tubes had an assumed heat transfer coefficient of 1.25 kW/m2/°C.47 
Medium pressure steam (216°C, 300 psig) was used as the heat transfer agent. Following 
evaporation, an external shell-and-tube heat exchanger made of 316SS was used to cool the broth 
to 50°C prior to entering the crystallizer due to the large heat duty. The external heat exchanger 
used fresh water as the heat transfer agent (28°C incoming with 9°C rise), with an assumed heat 
transfer coefficient of 1.30 kW/m2/°C.47. 
 
6.6.2.3 Muconic acid crystallization 
Crystallization at low pH/temperature was used to recover muconic acid from solution 
using an external, forced circulation crystallizer constructed of 304SS. Upon entering the 
crystallizer, sulfuric acid (93%) was added to the incoming broth at stoichiometric levels at an 
anhydrous rate of 7,023 kg/h. Internal jacketed cooling coils were used to remove the of heat 
generated during acid dissolution (766 kJ/kg)73 and cool the broth to a temperature of 10°C, with 
a net heat duty of 5.6 MW. Chill water used as the internal crystallizer cooling medium (7°C 
incoming with 5°C rise), resulting in a chill water consumption rate of 962,126 kg/h. It was 
assumed that Na2SO4 was formed stoichiometrically as a by-product, with a solubility limit of 
82.8 g/L at 10°C.42 This resulted in a Na2SO4 formation rate of 3,082 kg/h. The combined solid 
crystals were assumed to have 5% residual moisture content, resulting in 13,181 kg/h of moist 
crystal production, within the typical range of a single external forced circulation crystallizer unit 
(4,545-45,454 kg/h).71  
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6.6.2.4 Muconic acid rotary vacuum filtration and drying 
 Following crystallization, a rotary vacuum belt filter constructed of 316SS was 
incorporated to recover crystals from the broth solution. An average filter flux value of 400 
L/m2/h was assumed,47 which resulted in a filter design area of 521 m2, within the typical range 
of a single rotary filter (1-74 m2).71 A filter motor power consumption of 0.8 kw/m2 of filter area 
was assumed,74 resulting in an electricity consumption rate of 417 kWh/h.  
Following filtration, a rotary dryer, constructed of 304 SS and heated indirectly with 
combustion gas, was utilized to remove trace moisture from the recovered crystals.  The drier 
was assumed to have a removal flux capacity of 33 kg of water per m2 per h 70, resulting in a 
total drier area of 20 m2, within the typical range of a single drier (9-372 m2).71 The drier was 
modeled with a heat duty requirement of 5.8 MJ/kg of evaporate,70 resulting in a heat duty of 1.1 
MW. Natural gas combustion was used to supply the drier heat duty, resulting in a natural gas 
consumption rate of 79 kg/h. A blower fan was used to circulate hot air, with an assumed power 
requirement of 0.04 kWh per kg/h of evaporate,70 resulting in an electricity consumption rate of 
28 kWh/h.  
 
6.6.2.5 Muconic acid dissolution and Na2SO4 removal 
 To remove Na2SO4 and facilitate downstream catalytic processing, dried mixed crystals 
of muconic acid and Na2SO4 were dissolved in ethanol at 70°C using a heated mixing vessel 
constructed of 316 SS. The volume of the dissolution tank was specified to allow for a 10 min 
retention time and 20% vessel head volume. The vessel was designed to operate at 70°C with a 
10 wt% muconic acid loading,43 resulting in a heat duty of 2.6 MW. Medium pressure steam was 
used as the heat transfer agent, with a consumption rate of 4,303 kg/h. Stirring was constantly 
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applied using a head-mounted mounted agitator. The power consumption of the agitator was 
assumed to be 2 kW per 1000 L, resulting in an electricity consumption of 43 kWh/h.  
Due to the insolubility of Na2SO4 in ethanol, residual Na2SO4 crystals were removed 
from the tank effluent by a second pair of rotary filtration and dryer units. Identical filter and 
dryer performance parameters were assumed, as described above. This resulted in a filter area of 
236 m2, filter electricity consumption rate of 67 kWh/h, dryer area of 5 m2, dryer natural gas 
consumption rate of 28 kg/h, and dryer electricity consumption rate of 10 kWh/h. Recovered 
ethanol from drying Na2SO4 was recycled back to the dissolution tank, while solid Na2SO4 
crystals were sent for solid waste disposal. 
 
6.6.2.6 Packed bed flow hydrogenation reactor 
Hydrogen for downstream processing was assumed to be initially available at ambient 
pressure and temperature, and was pressurized prior to entering the reactor using a three-stage 
compressor system constructed from carbon steel. Hydrogen was delivered with a molar flow 
ratio to muconic acid of 10:1. Isentropic compressors were assumed, with each compressor 
operating at 72% efficiency and having a maximum compression ratio of 3.5. The compressor 
train power requirement of 633 kW was calculated using Aspen Plus.  
Muconic acid in ethanol was delivered to the reactor using a large head, positive 
displacement pump constructed of 316 SS. The pump operated with an efficiency of 68.7% and 
pumped 1,806 lpm, resulting in a power consumption of 266 kWh/h, calculated in Aspen Plus.  
Hydrogenation of muconic acid to adipic acid was modeled using a packed bed catalytic 
reactor constructed of 316 SS. The reactor itself was packed with a 2% Rh/C catalyst that had a 
density of 0.5 kg/L. For the base case model, the catalyst was assumed to be stable during 
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operation, requiring 1/5th of the bed to be regenerated every year at a cost of $40/kg of catalyst 
for processing and an assumed 3% precious metal loss. Regeneration was treated as a annual 
variable operating cost. For sensitivity analysis, catalyst bed replacement was assumed to recover 
35% of the initial catalyst cost due to reclaiming precious metal. 
The catalyst was packed inside of heat exchanger tubes (0.0508 m diameter, 6.096 m 
long)63 with cooling water flowing within the shell to remove heat released from hydrogenation 
(ΔH°rxn ~ 254 kJ/mol). The reactor was operated at 70°C and 350 psig, with an assumed liquid 
hourly space velocity (LHSV) of 5 h-1, requiring 16,515 kg of catalyst. Complete conversion of 
muconic acid resulted in a heat duty of 4.4 MW, requiring 234,944 kg/h of cooling water to 
maintain a constant temperature. The molar yield of adipic acid was assumed to be near 
quantitative, requiring 268 kg/h of makeup hydrogen. 
 
6.6.2.7 Hydrogen recovery and recycle  
Excess hydrogen was recovered from the reactor effluent after cooling the stream with an 
external heat exchanger. The heat exchanger cooled the reactor effluent to 40°C and reduced the 
pressure for efficient downstream gas-liquid separation. The exchanger cooling duty was 11.0 
MW was calculated in Aspen Plus. The heat exchanger used fresh water as the heat transfer 
agent (28°C incoming with 9°C rise), with an assumed heat transfer coefficient of 1.30 
kW/m2/°C.47 This resulted in a cooling heat transfer area of 425 m2 and fresh water demand of 
1,055,451 kg/h. 
Gas-liquid separation was then performed using two flash tanks operating in series and at 
pressure. The flash tanks were each modeled as a vertical, semi-elliptical head vessel, with a 
length-to-diameter ratio of 3:1, fill level-to-cylinder length ratio of 1:3, and a hold-up time of 
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0.08 h. These design parameters resulted in a tank inside diameter of 2.62 m and a cylinder 
length of 7.85 m. A wall thickness of 0.0127 m was assumed, resulting in a tank weight of 7,916 
kg of steel. Vapor-liquid separation performance was calculated in Aspen Plus. 
The vapor phase from both flash tanks was then routed to a pressure swing adsorption 
(PSA) unit to remove trace ethanol in the vapor phase. The incoming gas mass flow rate was 
6,337 kg/h, resulting in a power consumption of 22 kWh/h. Performance values were scaled 
based on previous NREL design reports.7 In order to scale PSA equipment costs from previously 
reported flow rates, scaling exponents were used per Eqn. 6.5 for adjusting equipment costs. 
Lastly, purified recycle hydrogen was recompressed to 350 psig using a single stage compressor. 
Recycle compressor design assumptions were identical to the hydrogen feed compressor train, 
resulting in a cooling duty of 3.2 MW, fresh water consumption of 1,055,451 kg/h, and power 
consumption of 3,292 kWh/h.  
 
 
 
6.6.2.8 Ethanol evaporative concentration 
Adipic acid in ethanol was then concentrated using a horizontal tube, forced circulation 
evaporator constructed of 316 SS. The incoming reactor effluent solution was mixed with 
recycled crystallizer effluent, and concentrated to 360 g/L at 80°C, below the solubility limit of 
adipic acid at 60°C (~363 g/L).43 This resulted in an ethanol evaporation rate of 74,476 kg/h and 
evaporator heat duty of 19.8 MW, calculated in Aspen Plus. The evaporator design incorporated 
horizontal tubes with an assumed heat transfer coefficient of 1.25 kW/m2/°C.47 Medium pressure 
steam (216°C, 300 psig) was used as the heat transfer agent, with a consumption rate of 37,996 
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kg/h. The evaporator required a heat transfer area of 103 m2, within the typical range of a single 
forced circulation evaporator (14-743 m2).71  
 
6.6.2.9 Adipic acid crystallization  
Following evaporation, adipic acid was recovered by temperature-shift crystallization 
using an external forced circulation crystallizer constructed of 304 SS. At 10°C, adipic acid has a 
solubility of 67.4 g/L in ethanol, requiring recycle back to the evaporator for efficient recovery. 
Internal jacketed cooling coils were used to reduce the temperature, with a net heat duty of 2.0 
MW. Chill water used as the cooling medium (7°C incoming with 5°C rise), resulting in a chill 
water consumption rate of 342,327 kg/h. Solid crystals were assumed to have 5% residual 
ethanol content, resulting in 9,251 kg/h of crystal production.  
 
6.6.2.10 Adipic acid rotary filtration and drying 
Lastly, dry adipic acid crystals were produced with third pair of rotary filtration and dryer 
units with identical parameters assumed, as described above. For the filter, this resulted in filter 
liquid flow rate of 33,416 L/h, area of 84 m2, and electricity consumption of 67 kWh/h. For the 
dryer, this resulted in an evaporate rate of 618 kg/h, dyer area of 19 m2, heat duty of 1.0 MW, 
natural gas consumption of 74 kg/h, and electricity consumption of 26 kWh/h.  
 
6.6.3 Economic modeling 
To account for costs reported for varying years, indices for equipment, chemicals, and 
labor were used to normalize prices to 2014USD using Eqn. 6.8, with index values listed in 
Table 6.8. All capital costs were normalized to 2014 USD based on the Chemical Engineering 
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Plant Cost Index. The total direct cost (TDC) for support facilities was estimated based on a 
percentage of installed equipment inside battery limits (ISBL).  The total indirect cost (TIC) for 
contingencies, field expenses, and other related items was estimated based on a percentage of 
total direct costs (TDC). Lastly, working capital was estimated based on a percentage of the 
fixed capital investment (FCI), the sum of total direct costs and indirect costs. 
Capital costs for equipment inside battery limits (ISBL) were based on unit process 
design and performance parameters, described above, with quotes scaled to the current year and 
total installed costs based on installation factors from literature (Table 6.9).71 Direct costs, 
indirect costs, land, and working capital were ultimately a function of the ISBL, with percentages 
based on previous NREL design reports (Table 6.9).7,68 The total direct cost (TDC) for support 
facilities was estimated based on a percentage of installed equipment inside battery limits 
(ISBL).  The total indirect cost (TIC) for contingencies, field expenses, and other related items 
was estimated based on a percentage of total direct costs (TDC). Lastly, working capital was 
estimated based on a percentage of the fixed capital investment (FCI), the sum of total direct 
costs and indirect costs. 
Variable expenses are described in the manuscript main text, with fixed operational costs 
for manpower salaries, labor burden, maintenance, property insurance, and taxes were based on 
previous NREL design reports (Table 6.4).7,68 Salaries were based on price estimates for labor, 
assuming a high degree of plant automation to determine the number of positions. 
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6.8 Figures and Tables  
 
Figure 6.1 Integrated biological and chemical conversion of lignocellulosic biomass to muconic 
and adipic acid utilizing glucose and aromatic monomer substrates. *Estimate of monomer 
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Figure 6.2 Process model diagram for muconic acid purification and separation (Area 100), with 
subsequent catalytic hydrogenation to produce and recover adipic acid (Area 200). 
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Figure 6.3 Installed equipment costs (A) and annual operating expenses (B) for the base-case 
process model.   
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Figure 6.4 Single point sensitivity analysis for the base case model process parameters (black 
marker) with regards to adipic acid minimum selling price (MSP) of $1.90. 
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Figure 6.5 Bivariate sensitivity analysis to determine the joint impact of broth price ($0.60-
$1.50/kg of muconate) and broth titer (10-100 g/L of muconate) on the minimum selling price 
(MSP) of adipic acid. Dashed arrows indicate the parameter space that provides an adipic acid 
MSP <$2.50/kg.  
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Table 6.2 Base-case model design summary. 
Parameter Model bases 
Overall plant Adipic acid 75E6 kg/y 
Operational time 7,884 h/y 
 
Clarified broth 
properties  
$1.00/kg muconate (in solution) 
Na-muconate (50 g/L muconic acid-basis) 
Non-target aromatics 2 g/L 
Flow rate 478,146 L/h 
 
AC 
purification & 
regeneration 
Post-AC muconic purity 99% 
Purity engineering factor 1.2 
Muconic loss during purification 7.2% 
AC loss during regen 5%  
 
Muconic acid 
crystallization 
Crystallization at pH 2/10°C 
Protonated muconic acid solubility 3.5 g/L 
Na2SO4 produced 2:1 during acidification 
Na2SO4 solubility 90 g/L at 10°C 
Solids removal by rotary filtration  
 
Muconic 
EtOH 
dissolution 
EtOH dissolution temp 70°C 
Muconic acid loading 100 g/L 
Na2SO4 negligible EtOH solubility  
Na2SO4 removal by rotary filtration/drying 
 
Catalytic 
hydrogenation  
Trickle bed HYD Rx using 2%Rh/C 
Temp 75°C, pressure 350 psig, WHSV 5 h-1 
Adipic acid 100% molar yield 
3-stage H2 compression with recycle 
 
Evaporative 
crystallization 
EtOH evaporation to 360 g/L adipic acid 
Crystallization at 10°C with recycle 
Adipic EtOH solubility 67.4 g/L at 10°C 
Crystallization adipic losses 2% 
 
Adipic acid 
recovery  
 
Rotary filtration w/drying 
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Table 6.3 Purity requirements for polymer-grade 
adipic acid specified by Radici group.  
Polymer-Grade Adipic Acid  Specification 
Purity  99.8% min 
Total N  20 ppm max 
Iron 0.2 ppm max 
Crystallization 152 +/- 0.5 °C 
Moisture 0.2% max 
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Table 6.4 Operating labor expense summary for base-case design. 
Position Salary Quote Year 2014 Salary # Required Annual Cost 
Plant Manager $147,000 2009 $161,917 1 $161,917 
Plant Engineer $70,000 2009 $77,103 2 $154,207 
Maintenance Supr $57,000 2009 $62,784 1 $62,784 
Maintenance Tech $40,000 2009 $44,059 12 $528,709 
Lab Manager $56,000 2009 $61,683 1 $61,683 
Lab Technician $40,000 2009 $44,059 2 $88,118 
Shift Supervisor $48,000 2009 $52,871 4 $211,484 
Shift Operators $40,000 2009 $44,059 20 $881,182 
Yard Employees $28,000 2009 $30,841 4 $123,366 
Clerks & Secretaries $36,000 2009 $39,653 3 $118,960 
Total Salaries     $2,392,410 
Labor Burden 90% of Salary    $2,153,169 
Maintenance 3.0% of ISBL    $1,732,006 
Property Ins. & Tax 0.7% of FCI    $810,698 
Plant Variable     $118,346,793 
Total Operating     $125,435,076 
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Table 6.5 Base case model variable operational unit costs. 
Area 100 Component Unit cost Ref Usage 
Muconic acid broth 
Activated carbon 
Sulfuric acid 
Ethanol 
Na2SO4 solid disposal 
Wastewater treatment 
$1.00/kg 
$1.00/kg  
$0.1140/kg 
$0.7309/kg 
$0.0693/kg 
$0.0014/kg 
Assumed 
40 
7 
46 
49 
49 
10,420 
105 
1,582 
745 
1,582 
208,392 
Area 200  
Component 
   
Catalyst regeneration 
Hydrogen 
Freshwater 
$62.99/kg 
$1.50/kg 
$0.14/ton 
Assumed 
7 
63 
0.21 
266 
1,653,014 
Common Utilities    
Electricity 
Steam 
Natural gas 
Chill water 
$0.0694/kWh 
$0.0078/kg 
$0.2460/kg 
$0.0007/kg 
78 
63 
79 
63 
4,757 
47,571 
900 
1,304,453 
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Table 6.6 Influence of the fractional change in catalyst cost on the minimum 
selling price of adipic acid. 
Catalyst Cost 
Change (1/X) 
WHSV 5 h-1 
Adipic MSP ($/kg)  
WHSV 1 h-1 
Adipic MSP ($/kg) 
1/100 $1.84 $1.99 
1/2 $1.87 $2.13 
1 $1.90 $2.26 
2 $1.95 $2.53 
10 $2.38 $4.68 
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Table 6.7 Influence of catalyst bed replacement frequency on the minimum 
selling price of adipic acid.* 
Replacement Freq.  
(years) 
WHSV 5 h-1 
Adipic MSP ($/kg)  
WHSV 1 h-1 
Adipic MSP ($/kg) 
Never $1.90 $2.26 
10 $1.91 $2.32 
5 $1.92 $2.37 
2 $1.95 $2.54 
1 $2.01 $2.81 
0.5 $2.12 $3.37 
0.2 $2.45 $5.03 
*Assumes 35% recovery of the catalyst cost due to precious metal reclamation. 
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Table 6.8 Cost indices for installed equipment, chemicals, and 
labor. 
Year 
Chemical 
Engineering 
Plant Index 80 
Inorganic 
Chemical 
Index 81 
Chemicals 
Labor  
Index 82 
2001 394.3 158.4 17.57 
2002 395.6 157.3 17.97 
2003 402.0 164.6 18.50 
2004 444.2 172.8 19.17 
2005 468.2 187.3 19.67 
2006 499.6 196.8 19.60 
2007 525.4 203.3 19.55 
2008 575.4 228.2 19.50 
2009 521.9 224.7 20.30 
2010 550.8 233.7 21.07 
2011 585.7 249.3 21.46 
2012 584.6 259.6 21.76 
2013 567.3 269.9 22.06 
2014 573.9 280.2 22.36 
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Table 6.10 Process model economic finance parameters. 
Cost year 2014 USD 
Profit analysis Discounted cash flow analysis 
Plant lifetime 30 y  
Land requirement  32 acres at $14k per acre 
Equity 40% 
Loan interest 8% 
Construction period 3 year construction period 
  ⋅ 8% spent in year -2 
  ⋅ 60% spent in year -1 
  ⋅ 32% spent in year 0 
Startup revenues 0.25 year start-up 
  ⋅ 50% production capacity 
  ⋅ 75% variable costs 
  ⋅ 100% fixed costs   
Working capital 5% fixed capital investment 
Loan term 10 y at 8% APR 
Internal rate of return 10% 
Net present worth  $0 
Income tax rate 35% 
Depreciation 7 y MACRS 
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CHAPTER 7 
SUMMARY AND CONCLUSIONS 
 
7.1 Summary and Conclusions 
This thesis examined the integrated catalytic conversion of microbial acids to both fuels 
and chemicals in order to achieve the following objectives: (1) investigate hydrothermal catalysis 
for deoxygenating monocarboxylic acids to diesel-grade hydrocarbons with in situ hydrogen 
production from renewable donors, (2) examine downstream separation and catalysis for 
converting cis,cis-muconic acid to adipic acid, the latter compound being a high-value polymer 
precursor for nylon-6,6 production, and (3) identify key economic drivers and technical targets 
the downstream processing of muconic acid to adipic acid using preliminary techno-economic 
analysis. Findings from these efforts are as follows: 
Hydrothermal catalysis was shown to rapidly convert saturated and unsaturated 
monocarboxylic acids to linear hydrocarbons using a Pt-Re catalyst supported on activated 
carbon (AC). The reaction produced hydrocarbons with chain lengths one carbon shorter than 
their parent fatty acid, suggesting decarboxylation/decarbonylation was the primary reaction 
pathway. The addition of Re to Pt/AC enhanced the rate of deoxygenation, and characterization 
of the catalyst by chemisorption showed that the bimetallic CO:H uptake ratio was greatly 
modified compared to the monometallic counterpart, suggesting alloy formation. The addition of 
hydrogen to the system maintained the bimetallic catalyst in a reduced oxidation state when 
exposed to hydrothermal media, while also increasing the rate of deoxygenation. Furthermore, 
glycerol was effective as an in situ hydrogen donor, meeting process hydrogen demands when 
converting unsaturated fatty acids.  
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The hydrothermal Pt-Re/AC catalytic system was then employed to convert complex 
alkenoic acids to hydrocarbons, the former substrate originating from depolymerized lignin. The 
microorganism Pseudomonas putida KT2440 provided a biological route to “funnel” complex 
model and corn stover lignin derived monomers to intracellular medium chain length 
polyhydroxyalkanoates (mcl-PHAs). Extraction and analysis of mcl-PHA polymers confirmed 
lignin monomers were assimilated in the presence of residual sugars and acetate resulting from 
biomass depolymerization. mcl-PHA polymers derived from lignin monomers also displayed 
comparable properties to those derived from clean sugar. Thermal depolymerization of mcl-
PHAs produced alkenoic acids reflective of their parent hydroxyacid, while hydrothermal 
catalytic deoxygenation with Pt-Re/AC produced hydrocarbons with chain lengths one carbon 
shorter than their parent alkenoic acid, as demonstrated with model saturated and unsaturated 
fatty acids described above. 
In order to target value-added chemicals in addition to fuels, downstream separation and 
catalysis was applied to the dicarboxylic acid cis,cis-muconic acid for producing adipic acid, the 
latter molecule being the most widely manufactured dicarboxylic acid from petroleum. 
Expanding on previous efforts, an engineered strain of P. putida KT2240 was used to 
biologically convert model and complex lignin derived monomers to extracellular muconic acid. 
Fed-batch biological conversion of p-coumaric acid produced muconic acid in sufficient titers for 
downstream processing. Activated carbon purification of cell-free broth readily removed residual 
aromatic and upstream non-target metabolites, while pH/temperature shift crystallization 
effectively recovered muconic acid from purified broth media. Screening of commercial Pd, Pt, 
and Ru catalysts supported on activated carbon determined that Pd was the most active by far, 
although leaching was observed from the acidic reaction conditions.  
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Follow-up efforts were conducted to improve the separation purity, evaluate continuous time-
on-stream catalyst stability, and polymerize bio-adipic acid to nylon-6,6. To improve the purity 
after crystallization, dissolution of muconic acid crystals in ethanol with filtration removed 
insoluble inorganic salts and produced muconic acid with a purity of 99.8%, on par with polymer 
precursor specifications. Catalyst activity and leaching stability screening of Pd, Pt, Ru, and Rh 
prepared on carbon and silica supports determined that Pd and Rh were both highly active, 
regardless of support; however, Pd leached significantly, more so on silica, under batch reaction 
conditions. Continuous time-on-stream catalytic testing with Rh supported on granular AC 
confirmed stable conversion after 100 h, with minor losses in catalyst active metal surface area. 
Lastly, polymerization of bio-adipic acid derived from muconic acid produced nylon-6,6 with 
comparable polymer properties to its petrochemical counterpart. 
Preliminary techno-economic modeling then assessed key cost drivers and technical targets 
for the downstream processing of muconic acid to adipic acid. An nth-generation downstream 
plant was modeled to produce 75 million kg of adipic acid per year, and the base-case process 
model estimated an adipic acid minimum selling price of $1.90/kg, within the 5-year range for 
petroleum derived adipic acid ($1.75-2.50/kg). The largest capital costs were activated carbon 
regeneration kilns and the packed bed hydrogenation reactor, while variable operating costs were 
comparable throughout, excluding the cost of incoming muconate broth which was the largest 
expense by far. High muconic acid-to-impurity broth ratios were deemed critical for economical 
activated carbon purification, while muconate broth titers above 50 g/L were shown to provide 
minor economic benefits. The high cost of Rh as a hydrogenation catalyst required high reactor 
space velocities in order to be economical, while the application of lower cost metal 
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combinations showed significant potential to reduce the minimum selling price of adipic acid if 
long residence times are required due to mass transfer limitations.  
 
7.2 Implications for Future Research  
Based on the work conducted in this thesis, implications for future research directions are 
described below:  
 
• Hydrothermal catalysis for converting mono-carboxylic acids to hydrocarbon fuels. The 
aqueous biological conversion environment and high boiling points of medium and long-
chain carboxylates presents a unique opportunity to utilize water as the reaction medium 
for catalysis. Although hydrothermal media facilitates mono-carboxylate deoxygenation 
and renewable hydrogen donor conversion, further work is needed to evaluate the long-
term catalyst stability during continuous processing due to the harsh conditions employed 
and potential for biogenic impurities. As noted, non-target inorganic and organic 
constituents can dramatically impact catalyst performance when transitioning to complex 
carboxylate streams, requiring tailored separation processes and robust catalysts. 
Likewise, alternatives to platinum group metals (PGM) may further improve the 
economic viability of carboxylate deoxygenation in hydrothermal media. The unique 
bimetallic performance observed in this work may also be possible with non-PGM 
materials active for hydrogen dissociation and C-C bond cleavage. For both material 
classes, further efforts are needed to understand the nature of bimetallic enhancement 
from a mechanistic, synthetic, and applied perspective. 
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• Downstream separation and catalysis for converting muconic acid to adipic acid for 
polymer applications. As shown in this work, cis,cis-muconic acid is a promising 
platform chemical for polymer precursor production due its ability to be produced 
biologically from both sugar and lignin derived monomers, facile separation through 
pH/temperature shift crystallization, and ready catalytic conversion to adipic acid at 
modest temperature and pressures. Moving forward, efforts are needed to transition fed-
batch muconic acid production at high titers from model aromatic compounds and clean 
sugar substrates to complex lignocellulose derived monomers. Engineered biological 
conversion pathways can be incorporated to expand the number of substrates that can be 
utilized, particularly for non-target compounds generated during biomass 
depolymerization, and reduce the gap between demonstrated and theoretical yields. With 
regards to broth purification, upstream biological optimization will play a key role in 
maximizing the substrate titers compared to the level of non-target impurities, ideally 
allowing the economical implementation of activated carbon treatment. With regards to 
separation, the unique solubility of muconic acid should continue to be leveraged with 
rigorous characterization of non-target complex broth constituents. Lastly, low-cost PGM 
alternatives should be explored for upgrading of muconic acid to acid, with a focus on 
leaching stability and potential deactivation mechanisms. The sustained performance of 
promising catalytic materials can then be tested at higher muconic acid and hydrogen 
concentrations to minimize the impact of mass transfer and provide relevant parameters 
for techno-economic process modeling. 
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• Preliminary techno-economic analysis for evaluating separation and catalytic unit 
process configurations with microbial acids. Understanding the scalability and 
limitations of technologies at the bench-scale will be key to designing economically 
viable unit process configurations for valorizing microbial acids. As shown with muconic 
acid, the use of complex lignocellulosic monomers will have dramatic economic 
implications, as well as the dictate the performance criteria for biological conversion and 
separation unit processes. Lignin derived aromatic monomers are a promising substrate 
due to their potential low cost and high demonstrated and theoretical biological 
conversion yields, although further research is needed to show comparable yields in fed- 
batch biological conversion experiments. Increased broth titers compared to impurity 
levels may also facilitate low-cost separation strategies, although further study is needed 
to evaluate the performance and stability under continuous process conditions, as well as 
develop comparative economic process models for alternative separation trains (e.g., 
membrane treatment, reactive extraction, biphasic esterification). Likewise, efforts to 
replace PGM for catalytic upgrading can greatly impact the final selling price of products 
derived from microbial acids, indicating a key area for further investigation, as echoed 
above. Lastly, close coupling of techno-economic modeling and experimental design can 
potentially improve the rigor of unit process performance and cost estimates, while 
identifying linear and nonlinear economic impact factors to facilitate the selection of 
future research objectives.  
 
 
